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The cause why these can never attain to their intentions is this: Because by this way,
Nature will not be extracted nor separated with human dis-junctions, as by terrene Glasses
and Instruments.

Paracelsus, Of the Transmutation of Metals
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ABSTRACT

As our understanding of multi-scale biological phenomena has improved, it has become
increasingly evident that much remains to be learned by examining the mechanical and
electrical characteristics of cells. This realization has occurred alongside technological de-
velopments enabling us to map out cell-level biological processes with unprecedented spatial
and temporal resolution, both in terms of our ability to detect such processes, and increasing
specificity of targeted perturbations. In this dissertation, I present the results of research I
have conducted to gain further insights into these areas. This research has been decisively
multidisciplinary, with inspiration coming from across the natural sciences. It is divided into
two broad categories based on the physical phenomena examined in relationship to cellular
behavior. One segment is devoted to how colonies of epithelial cells distribute mechanical
forces to their environments. In the other segment, I examine the impacts of highly localized
electrical stimulation on calcium signaling within colonies of airway smooth muscle cells.

The importance of mechanical considerations to cell biology, arising from both the cells
themselves as well as their environment, has long been recognized. In the last few decades,
however, mechanobiology has seen a resurgence in interest, owing to increased recognition
of the physiological impacts mechanical forces and material properties can induce, and the
introduction of new techniques to quantify these effects. Traction force microscopy serves as
an example of the latter, as it enables us to measure the location, magnitude, and direction
of stresses that cells exert on their environments, and it can do so with subcellular spatial
resolution and with good temporal resolution. I have employed traction force microscopy in
order to better understand how colonies of epithelial cells organize their traction stresses. In
the process of doing so, a previously unreported pattern of stress distribution emerged. In
collaboration with theorists who developed a new model of how cell shape emerges and is
connected with traction stress exertion, we clarified the origins of the new pattern as being
a consequence of fluidity within colonies. We further validated this model with a variety of

experimental scenarios.
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Electric fields have also been recognized as important aspects of cell physiology since the
1950s, yet the pace of research in bioelectronics is rapidly increasing. One contributor to this
rise in interest is the development of new, nanoscale devices that can interface with cells and
subcellular components. This has allowed us to rethink the fundamental science of electric
fields interacting with cells, as well as engineer new applications with therapeutic potential.
Silicon nanowires are one such type of device, which display many desirable properties such
as good biocompatibility, and a wide array of functionalities that can be encoded into their
structure during synthesis. I have employed doped silicon nanowires with a p-i-n core-shell
dopant profile, which have previously been demonstrated to produce electric currents in
response to light stimulation, in conjunction with human airway smooth muscle tissues. I
found that nanowire stimulation induced changes in calcium signaling for associated cells,

including directly stimulated cells and their neighbors.
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CHAPTER 1
INTRODUCTION

1.1 Mechanical forces and electric fields in cells and tissues

If there is a single guiding principle behind the research presented herein, it is the exploration
of how physical forces operate on systems at different levels of biological organization, namely
cells and tissues. A strictly reductionist-constructionist worldview|[1] holds that biological
molecules are governed by their chemistries, which determine their reactivity and conforma-
tion. This allows information that is durably encoded in the identities of nucleotides that
compose a strand of DNA to be transcribed to the more readily accessible format of RNA,
which can then be translated by the machinery of ribosomes into peptide sequences. Here
again, chemical interactions govern the form and function of proteins, which go on to pro-
vide the essential identities of individual cells, which interact to form tissues, which interact
to form organs, then biological systems, individuals, psychologies, societies, and economies.
If there is a singular defining moment for this perspective, it is likely in 1953, when the
structure of DNA was published[2]. For successive generations of biologists, DNA served as
a foundation of understanding. Just as molecules such as DNA are defined by the properties
of their component atoms, organisms are defined by their genes. Cells, then, are treated as
“bags of chemicals,” containers for an intricate network of biochemical reactions that carry
out the functions vital to life. It is difficult to overstate the successes of this way of thinking
- the contributions of molecular biology to disease management alone have saved countless
lives, and the utility of having a molecular foundation for constructing our knowledge of
biology gives it a structure that is organized and comprehensible.

Despite the tremendous advances achieved with a DNA and molecule-oriented approach to
cell biology, research in recent decades has exposed some of its limitations. For instance, in
the picture described above, mechanical forces originate from sliding between actin filaments

and myosin molecular motors, but they only become physiologically relevant at relatively
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large length scales, where specialized organs for locomotion and fluid and gas transport are
necessary. Conversely, electric fields are mostly considered at the molecular scale, where they
are among the dominant factors in governing the conformation and interactions of specific
molecules such as enzyme reactivity, as well as factors such as solubility and phase-phase
separation. In this perspective, the largest scale of electrical relevance is probably at ion
channels, where the cell membrane potential can tune the transport of ions into and out
of cells and generating action potentials, which the brain uses as signals. While it is true
that cell mechanics are important for transporting fluids and moving muscles, and electric
fields are important for molecular interactions, they are also each important to biology at
scales beyond their “prescribed limits.” Mechanical and electrical considerations are actually
relevant throughout all the various levels of biological organization[3][4][5][6]. The intricacy
of cellular signaling and responses thus extends beyond the realm of chemical reactions -
the “bags of chemicals” are in fact influenced by and exert mechanical forces and electric
fields. The core tenet of my research, then, has been to use new experimental and theoretical
developments to characterize these mechanical and electrical behaviors, in order to integrate

them with the foundation of molecular understanding.

1.2 Model of a cell as a mechanical and electric entity

In order to situate the methods and results of this research within the context of the broader
literature, I will construct here a brief overview of a cell, with the essential components

relevant to the processes I have examined.



1.2.1 The mechanical cell picture

The mechanical picture of a cell begins with the cytoskeleton. Actin monomers, known as
G-actin, are globular proteins that can polymerize to form double helical filaments, known
as F-actin[7]. As the filamentous components providing shape and structural integrity to
cells, the general cellular network of F-actin is referred to as the actin cytoskeleton. These
F-actin filaments can, in turn, assemble into a wide variety of architectures, depending on
the cell environment. Broad, flat protrusions on the leading edge of migrating cells known
as lamellipodia tend to contain highly branched F-actin structures[8]|. Stress fibers repre-
sent another possible arrangement of F-actin, where the individual filaments are bundled
and crosslinked with one another to form long fibers[9][10]. F-actin is polar, in that it has
distinct ends referred to as “barbed” and “pointed,” where actin polymerization and depoly-
merization respectively occur[7]. Myosin motors also decorate F-actin. The myosin family
of motor proteins consists of a number of different varieties that all share some common fea-
tures. They have binding heads that attach to F-actin and allow them to act as crosslinkers
between different filaments. Most importantly, they undergo a cyclical power stroke process
that results in them pulling on actin filaments. Combined with the crosslinking ability of
myosin, this means that myosin can cause F-actin filaments to slide relative to each other[11].
This action, coupled with the forces generated from actin polymerization and depolymeriza-
tion[12], are the primary contributors to force generation within the cytoskeleton.

While the totality of the different pathways involved in regulating actomyosin contractility
is beyond the scope of this picture, the RhoA signaling pathway is of particular importance
in influencing contractility[13][14]. RhoA is a small GTPase, and as such can cycle through
GTP with Rho GTPase activating proteins (RhoGAPs) aiding in GTP hydrolysis and Rho
guanine nucleotide exchange factors (RhoGEFs) aiding in exchanging hydrolyzed GDP for
fresh GTP[15]. One of the functions of RhoA is to phosphorylate the cytoskeletal regulatory
protein ROCK, which itself can serve to phosphorylate myosin light chain kinase (MLCK).
The function of MLCK is to promote myosin contractility by phosphorylating the regulatory

3



myosin light chain on myosin-II, the dominant form of myosin in muscle and non-muscle
animal tissues[16].

Focal adhesions (FAs) are protein complexes found predominantly at cell edges[17]. They
form the anchoring ends of stress fibers, and they contain integrin proteins that anchor
to the local cellular environment[9]. As such, FAs are the interface between the substrate
and the cytoskeleton, and they are the locations where forces generated in the cytoskeleton
are exerted on the environment (Figure 1.1)[18]. Besides integrins, FA complexes possess a
number of proteins serving various structural and functional means, including paxillin, which
links integrins to the rest of the FA structure; talin, which binds to paxillin and connects
it to stress fibers; vinculin, which also plays a linking and signaling role and is recruited
during the FA “maturation” process; as well as many others[19]. As part of the dynamic
cell conditions, FAs first form in a nascent state, then mature to form large plaques, before
eventually being disassembled and reforming elsewhere in a general lifecycle known as focal
adhesion turnover[20]. This process is most notably essential for cell motion, where FAs
must be assembled at the leading edge to anchor the cell as it moves forward, and disassem-
bled at the trailing edge as it retracts[21]. Furthermore, as sites of important mechanical
transmission, a number of other molecular actors relevant to cell mechanics are present or
enriched at focal adhesions[22]|. This namely includes the components of the RhoA pathway,
including ROCK and Rac.

A number of junction complexes exist for both mechanical communication and structural
integrity between cells. Adherens junctions (AJs) are the most similar to focal adhesions,
in that they form at the ends of stress fibers and contain proteins that allow for interface
(Figure 1.1) formation[23][24]. In AJs, catenins link the cytoskeleton to other junctional
components. Another type of AJ-associated protein comes in the form of cadherins, which
are transmembrane proteins with extracellular domains that can ligate to calcium ions[25].
When two cadherins of different cells interact with the same calcium ion, they form a ho-

modimer complex that serves as the nascent site of the eventual AJ, once the intracellular



domains form connections to the cytoskeleton via catenins|26].

Tight junctions are also an important class of cell-cell junction in epithelial and endothelial

# Contractile cell-substrate forces (traction forces) 0 Focal adhesions
<GP Cell-cellforces @ Adherens junctions

Figure 1.1: Schematic of force transmission from cells. Cells generated in the actomyosin cy-
toskeleton can be transmitted from cells to their local substrates through focal adhesions. Forces
may also be transmitted from the cytoskeleton of one cell to another, which occurs at the cell-cell
interface complexes known as adherens junctions.

cells. They are primarily found in the apical region along cell interfaces, and are responsible
for maintaining cell polarity, preventing leakage from the intercellular space, and transmit-
ting extracellular signals to the intracellular space[27][28]. Previous work has established the
importance of two particular tight junction proteins, zonula occludens 1 and 2 (ZO-1/2) in
defining the mechanical characteristics of cells, as well. Specifically, Fanning, et al.[29], and
Choi et. al.[30], found that Madin-Darby canine kidney cells expressing a ZO-1/2 double
knockdown genotype (ZO-1/2 dKD) display cell-cell junctions that more closely resemble
straight lines when viewed from above, and their shapes bear a closer resemblance to regular
hexagons when compared with the wild type. This is suggestive of increased tension along
the junctions, a proposition which is further supported by the molecular signaling that takes
place at tight junctions. Choi et al. observed that ZO-1 and 2 act as inhibitors to Shroom3,
a cell shape regulator that aids in recruiting ROCK. ZO-1/2 dKD, then, increases the pres-
ence of Shroom3 at apical junctions, which leads to ROCK recruitment and therefore higher

contractility.



1.2.2 The Bioelectronic Cell Picture

Our understanding of the subcellular actors relevant to electrical processes in cells tends to
center on only a few key components, relative to the numerous pathways that have been
elucidated in cell mechanics. There are a number of likely reasons for this. One is the
difficulty in applying patch clamp methods, the most widespread electrophysiological tech-
nique, to subcellular questions - an issue this work hopes to partially address through the
use of nanowires as vehicles for stimulation. Another key difficulty is the apparent greater
variability in cellular responses to electrical stimulation. The question of how a given cell
type responds to electrical fields can have a dramatically different answer, depending on the
cell under question. Neurons, myocytes, and pancreatic (3 cells, for instance, are capable
of transmitting electrical signals in the form of ionic flows, and are thus considered to be
electrically excitable cells. Other cells may not interact so directly with electric fields, but
may still be responsive through, e.g., electrophoresis of membrane components or mechanical
response to electro-osmotic flows in the surrounding medium|31][32][33]. This manifests in
a variety of different electrically induced processes in excitable and non-excitable cell types,
including preferential motion towards either cathodes or anodes depending on cell type[34],
the expression of pre-angiogenic factors[35], or hormone release[36]. Nevertheless, there are
a number of recurring components that are involved in many electrical responses, which I
will describe here.

First, it is important to note that most biological molecules are in an aqueous environment
and are charged to some degree. As noted in Section 1.1, electromagnetic interactions are
an essential aspect to biological behaviors on the molecular scale, with manifestations ap-
parent in contexts such backbone hydrogen bonding in proteins, or in charged binding sites
for enzymes. Certain key biomolecules, namely DNA, are highly negatively charged such
that close packaging in nucleoli requires the presence of positive counter-ions to mitigate
Coulombic repulsion. The most physiologically relevant aspect of charge regulation in cells,
however, is the maintenance of the cell membrane potential. The predominance of negatively
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charged species in the intracellular space results in a negative resting potential, measured
relative to the exterior. Changes in the relative concentration of positively and negatively
charged ions, whether they originate from internal mechanisms or exogenous stimulation,
may change this potential, yielding either depolarization - a positive potential - or hyper-
polarization - an even more negative one. When discussing cell-level electrical processes,
this membrane potential is frequently the dominant consideration, as changes to it can have
strong physiological impacts. Most notably, the membrane potential is the primary factor
governing the operation of voltage-gated ion channels.

The most direct way that excitable (and certain non-excitable) cells respond to electric fields
is with ion fluxes mediated by voltage-gated ion channels. Such channels exist for calcium,
potassium, sodium, and chloride ions, and they may respond to either depolarized or hy-
perpolarized membrane conditions. Voltage-gated calcium channels have drawn particular
interest as representatives of this class of channels, in large part due to the well-known bio-
logical importance of Ca®* ions[37]. These channels are structured with six transmembrane
a-helix domains (S1-S6) organized to form a pore unit, with a membrane-associated loop
between S5 and S6[38]. The voltage-mediated operation of these channels arises from S4,
which is enriched in positively charged domains, usually arginine[37]. This charge makes
the structure electrically responsive, and in the presence of sufficient electric fields, the helix
pivots outwards and induces a conformational change that opens the channel and allows
Ca?t to move down the concentration gradient from extracellular fluid to cytosol.

Calcium ions, Ca2t, are particularly relevant for bioelectronics. Voltage-gated calcium
channels are present in all excitable cell types, and potentially in certain non-excitable cell
types t0o[39], meaning the connection between calcium signaling and electric fields can be
direct. Moreover, Ca2t is singularly important to cell physiology. Calcium is a canonical
example of a second messenger, a small molecule that is readily transmitted to different cells
and can signal for other biochemical pathways to be induced or inhibited. As such, it is

the primary transducer for electrical signals to become biochemical information. Calcium
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Figure 1.2: Electrical regulation of Ca?* signaling in mammalian cells. Voltage-gated calcium
channels (Cays) open in response to transient membrane depolarization, allowing calcium ions to
flow into the cytoplasm. This then enables ryanodine receptor channels (RyRs) in the endoplas-
mic reticulum membrane to open and allow additional Ca?* to enter the cytoplasm and bind to
calmodulin (CaM). Sufficient levels of CaM deactivate the RyR, ending the calcium flux, and CaM
then participates in numerous additional biochemical pathways.

ion primarily - although not exclusively - functions in concert with calmodulin (CaM), a
protein that changes configuration and becomes active upon binding to calcium. Calmod-
ulin itself is very highly conserved for the last 1.5 billion years[37], and its expression is
implicated in biological functions as diverse as maintaining smooth muscle tone[40][41] and
laying the foundation for the beak shapes of Darwin’s finches[42]. Calcium regulation varies
substantially between cell types, but in human cells the basic anatomy is consistent (Figure
1.2). The cytosolic concentration of calcium is maintained at a low level, around 100 nm|37].
This is partially accomplished by cation pumps, which continuously move calcium from the
cytosol to the extracellular space, where the concentration is around 20,000-fold higher. The
largest amounts of calcium, however, are retained in the endoplasmic reticulum (ER). Large
calcium fluxes thus arise with concerted action between membrane channels and ER chan-
nels, releasing calcium ion at high rates down the concentration gradient to the cytosol, until
it is pumped back out to the extracellular space or re-sequestered in the ER. Cells possess
the components to follow this basic template in many different ways. A particularly notable

mechanism represents the intersection of calcium and G-protein coupled receptor (GPCR)
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signaling, in which G-protein stimulates the release of inositol triphosphate, which in turn
opens inositol triphosphate receptor channels in the ER membrane[37]. For the purposes
of bioelectronic investigations, the most likely source of calcium ion release from the ER is
the opening of voltage-gated calcium channels. In this scenario, Ca®t entering the cells can
bind to ryanodine receptors (RyRs), which are also ER membrane-spanning channels. RyRs
have an indirect biphasic response to calcium, such that the calcium entering from extra-
cellular fluid is sufficient to trigger the channels to open, until increasing concentrations of
activated CaM, which inhibits RyRs and causes them to close[43]. In this fashion, transient

stimulations may be amplified into larger responses.

1.3 Techniques for Mechanical and Bioelectronic Recording and

Modulation

1.3.1 Traction Force Microscopy

Traction force microscopy (TFM) is amongst the most widely used methods for measur-
ing cell mechanical outputs. This is due to its good spatial and temporal precision, its
compatibility with other biological techniques, and its relative accessibility. The necessary
components are a confocal microscope, fluorescent micro-beads or similar fiducial markers,
and a biocompatible elastic substrate, with extracellular matrix-coated polyacrylamide hy-
drogels being particularly popular choices for the latter.

Figure 1.3 shows the experimental workflow for a basic TFM experiment of the sort em-
ployed throughout this thesis. The basic premise of TFM is to take confocal snapshots of
fiducial markers at the same position on the substrate surface, both with cells on and cells
off. If the markers are sufficiently dense, the displacement of the substrate can be accurately

measured, and the forces required to cause such displacements can be inferred. This is done
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Figure 1.3: Diagram of experimental workflow for traction force microscopy. Using particle imag-
ing velocimetry, strain fields are extracted from pairs of images showing displacements of fiducial
markers within the elastic substrate. Fourier transform traction cytometry allows for the rapid and
facile computation of the traction stress field. An example of the regularly spaced traction vectors
is displayed in the bottom right corner of this diagram. From this field, a number of mechanical
properties may be inferred or directly measured.

through the stress-strain relation derived from elasticity theory:
u;(x) = /ZGU(X—X/)T(X) dx’ (1.1)
J

In this equation, u is the measured strain field, o is the stress field that induces the observed
strain, and G is the situation-specific Green’s function that relates the two. A more compact
form of the same equation is u = G*T, with * denoting convolution. The first step to solving
for the stress field is to determine the relevant Green’s function. As TFM experiments use
mechanically well-characterized substrates that are wide and thick compared to cells, the
geometry can be taken to be a linearly elastic isotropic half-space. The relevant Green’s

function is then the Boussinesq solution, which exists in closed tensor form:

Gij(x) = — |(L=v) £ +v=3,
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for 7,5 € {1,2} and where v is the Poisson ratio, F is the Young’s modulus, and r = |x].
The solution for T is then found by inverting the equation to infer the stresses. This process
introduces its own complexities, however, as it can be very computationally expensive, and
as an inverse problem it can suffer from high noise and vary substantially based on small
perturbations to initial conditions.

Fourier transform traction cytometry (FTTC) as developed in Butler, et al., 2002 [44] and
Sabass et. al., 2008 [45], helps to mitigate both of these problems and is the methodology
used for TFM analysis throughout my research. It works by first discretizing the continuous

strain field onto a regular grid, and applying the Fourier transform to both sides of equation

1.1:

Fu)=F(G=T)
F(u) =3F(G)F(T)

(F(G)) 1 F () = F(T),

where J denotes the Fourier transform. The second line follows from the Fourier convolu-
tion theorem, and serves to transform the original problem from a difficult convolution to a
matter of matrix multiplication in Fourier space. The original traction stress can then be
recovered by applying the inverse Fourier transform to both sides of the equation.

For practical applications, there are several additional steps between acquiring fiducial
marker images and producing maps of the cell-induced stresses. The most important of
these are image analysis to measure the marker displacements, and separating the signal
from low magnitude, high frequency noise. Particle imaging velocimetry methods are a com-
mon solution for displacement measuring, because they output a regularly spaced grid by
construction, and there are many implementations available for different platforms, including
MATLAB and Python. There are many options available for handling noise, including basic

frequency cutoff filters and more complex regularization schemes. A standard method is to
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employ Tikhonov regularization, with the regularization parameter empirically obtained by
minimizing the term |G_1T — U‘ + A2 |T\2 for regularization parameter . An appropri-
ately selected value for X\ optimizes the tradeoff between the spatial resolution offered by the

traction map and the visibility of the signal.

1.3.2  Silicon Nanowires for Bioelectronic Modulation

The following section is adapted from Schaumann and Tian, 2020 [46].

We are amidst a period of growth for bioelectronics — given the toolkit afforded to us from
molecular biology, we can now seek to ascertain the roles of each component in response
to electrical stimuli. A substantial amount of bioelectronic work has been conducted using
macroscopic devices,[34][35][6] but new developments allow us to modulate bioelectronic re-
sponses with high spatial resolution, from the scale of tens of nanometers[47][48] to the size
of organs [47][49]. In this way it is similar to the advancements being made using optogenetic
techniques that have high spatiotemporal resolution relative to systemic genetic manipula-
tions.

We can split modulatory devices into two broad categories, based on whether or not they are
freestanding (leadless). In a therapeutic context, freestanding devices offer the advantage of
being significantly less invasive to deliver, and their inherently smaller scale means they can
be more precisely targeted to specific structures[50]. Substrate-bound or wired devices, on
the other hand, can be easily connected to devices that allow for the precise control over the
strength and timing of stimulating pulses, as well as recording capabilities.

Among freestanding devices, optically responsive materials are especially appealing be-
cause of their fast response time, the ubiquity of light sources that are usable for stimula-
tion, the wide variety of available form factors, and the ability to tune the contributions of
different photoresponses. The nature of these responses can be to generate heat (photother-

mal) [47][51][52], generate a capacitive current (photocapacitive) [47], induce redox reactions
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Figure 1.4: Photostimulated electron-hole pair production in a Si p-i-n junction. Sufficiently ener-
getic light can promote an electron from the valence band to the conduction band, leaving behind
a hole. The electron and hole then drift away from the intrinsic region - the depletion zone - in
accordance with their charge. This charge separation gives rise to the photostimulated electrical
phenomena that can be observed in such systems.
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(photofaradaic) [53], or to re-emit photons, which can proceed through fluorescence [54] or
upconversion [55] mechanisms. Semiconductor nanomaterials, like their macroscopic counter-
parts, are particularly useful for photocapacitive and photofaradaic applications [56]. Both
cases rely on the same fundamental process, wherein photons generate electron—hole pairs
in the depletion zone of p-i-n junctions, and the resultant charge separation compels some
sort of electrical response (Figure 1.4). Because biological media are rich in electrolytes,
the unstimulated state of these materials is defined by the presence of an electrical double
layer around the surface. The photo-induced perturbation first disrupts the double layer in
what is termed the capacitive response, a large and rapid change in the electrical potential
(Figure 1.5, center top). Continued optical stimulation further results in an increased con-
centration of charge carriers on the device surface, depending on whether the outer material
is n-type (electrons) or p-type (holes). The presence of these carriers can induce redox reac-
tions for the duration of the optical stimulation — the photofaradaic response (Figure 1.5,
left and bottom). Finally, amid any photoresponse there is the possibility of electron—hole
pairs undergoing nonradiative recombination, which produces phonons that ultimately drive
the photothermal response. Defect-laden structures can display an enhanced photothermal
response (Figure 1.5, top right), owing to defect-induced conical intersections within the
range of the band gap that facilitate nonradiative recombination [57]. In a biological set-
ting, the photocapacitive, photofaradaic, and photothermal responses may all be able to
alter the membrane potential of cells (Figure 1.5). Because the first two processes directly
relate to the manipulation of local electric fields, it is reasonable to expect that they can
actuate voltage-gated channels that are responsible for regulating the overall cell membrane
potential [58][59]. In the case of photothermal modulation, the change in potential is postu-
lated to arise from the temperature-dependent electrostatic characteristics of cell membranes
[60][61]. In particular, the double-layer capacitance increases with increasing temperature
[61][62], while the impedivity decreases [60], such that the localized heating yields a depo-

larizing current, that is, an inward flux of positive ions.
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Figure 1.5: Schematic of silicon nanowire (SINW) responses to photostimulation, using a p-i-
n core-shell architecture. Upon charge separation, the electrical double layer of electrolytes at
the NW surface (green and brown circles, top edge) can undergo a capacitive discharge. This
large, transient spike in current is the photocapacitive current. Additionally, the enrichment of
electrons and holes in region of p and n type Si exposed to solution can facilitate redox reactions,
which generates a small, photofaradaic current for the duration of illumination (“Red” and “Ox”
boxes, left and bottom). Finally, photothermal heating of the environment occurs in the case of
nonradiative recombination (wavy red arrows, top right).

Photocapacitive and photofaradaic materials are strong candidates for applications in lo-
calized Ca2t stimulation. Silicon p-i-n diode junctions and coaxial p-i-n silicon nanowires
(SiNWs) have both been used to induce Ca®*t fluxes in response to illumination in dorsal
root ganglia (DRG) [47][53]. The simplest, presumed mechanism for this Ca?t response is
that it is actuated directly, by a change in local membrane potential that operates voltage-
gated calcium channels (Figure 1.2)[37]. That being stated, there are certainly other possible
means by which electrical stimulation can have physiological effects, in calcium-dependent
and independent ways [32][34][35]. These tend to be most applicable for long term exposures
on the scale of tissues [34][35], which renders the putative benefits of optical stimulation with
nanoscale devices irrelevant when coupled to these mechanisms. As such, we will focus our
attention on Ca2t stimulation and directly related processes in the context of standalone

devices.

SiNWs are capable of eliciting Ca2t responses through a primary photofaradaic stimulation
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[53], but other related materials may also act through photocapacitive [62] and photother-
mal [51] mechanisms. They have a low but noticeable capacitive response, a strong faradaic
response, and a low but nonzero photothermal response [62]. The photothermal response
can be tuned by adjusting the porosity of the NWs by way of metal-assisted chemical etching
[51]. A few recent works have used p-i-n SiNWs with the specific aim of modulating Ca?*
signaling in cardiomyocytes (CMs), which is, functionally, equivalent to modulating the pace
of beating in those cells [63][49]. Because CMs do not readily internalize whole NWs, the
approaches presented in each work differ based on their method for forming NW-CM in-
terfaces. The first method sought to program CMs to adopt a target beating frequency
through repeated training sessions, per-formed on a polymer mesh-SiNW substrate. The
SU-8 mesh-based approach relies on the interfaces formed between cells and NWs embed-
ded in the polymer substrate [49]. While the device is macroscopic, the stimulation relies
only upon the photofaradaic response of the NWs;, so the overall technique remains leadless.
By using a scanning confocal microscope for illumination, stimulation times and locations
may be precisely defined by taking into account the scan rate of the system, the size of the
relevant airy disk, and the position of the stimulated NWs. The authors defined training
periods subject to stimulation at the desired beating frequency as well as rest periods, and
monitored the fluorescence of a Cat-sensitive dye to find the post-stimulation beating rate.
CMs cultured on the mesh substrate could be trained to beat in a target range between 500
and 1200 mHz within four training periods. Furthermore, the flexible mesh could be applied
around whole ex vivo hearts, which spontaneously formed interfaces without the need for
additional surgical procedures. The target beating rates were set to 1 and 2 Hz, and each
rate could be achieved within 400 s of stimulation. This demonstrated the effectiveness of
mesh-based photofaradaic devices for cardiac pacing in cell culture as well as entire hearts.
An alternate, recently presented, method for accessing CMs with SiNWs involved taking
advantage of supporting cell types that spontaneously internalize the NWs, and relying on

coupling between those cells and CMs [63]. For putative therapeutic applications, this tech-
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nique presents the benefit of being minimally invasive, as it requires only an injection of
NW-containing cells, provided the given cells interface with the CMs. In the report, myofi-
broblasts (MFs) were selected as candidates because they fulfill the criterion of internaliza-
tion, and because they are the subject of a debate regarding their competency for electrical
coupling with CMs [64][65]. Optical stimulation of NWs in cultures of MFs produced clear
Ca2t responses in the cells, which appeared to then transmit the Ca2* signal intracellularly.
Moreover, in co-cultures of CMs and MFs, stimulation in MFs was recognized by adjacent
CMs very rapidly, and much like stimulation using the mesh-based devices, CMs could be
trained over the course of about 400 s to beat at a desired frequency. Interestingly, this
same level of communication was not evident in whole hearts, where Ca2t responses were
typically limited to the specific cells being stimulated.

Within the in vitro context, Parameswaran and co-authors have used coaxial p-i-n SINWs
to elicit action potentials in cultured neurons [53]. In the system studied, gold nanoparticles
were used as a catalyst in the chemical vapor deposition-based synthesis, and remain on
the final product as metallic gold centers along the NW surface. These gold centers were
posited to alter the surface states of the silicon, which facilitated a photofaradaic response to
optical stimulation at 532 nm. Cathodic reactions dominated this response, since the shell
was composed of n-type silicon, whereas the exposed surface of p-type silicon was compar-
atively lower. When these NWs were added to a culture of dorsal root ganglion cells, they
interfaced with the cells, and the photofaradaic reaction could induce action potentials using
laser power as low as 6.75 mW for 1 ms. This included single action potentials, as well as
trains at up to 20 Hz. An alternate type of device can be formed from SiNWs crosslinked
by Si nanobridges, which yields a material that is chemically heterogeneous and mesoporous
[62]. Electrical modulation from these devices is achieved indirectly, through the photother-
mal effect, rather than through photo-capacitive or photofaradaic means. The induced local
heating around membranes reduces impedance across the membrane and facilitates a depo-

larizing current. Micron-scale segments of this material have been added to DRG cultures,
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where they form extracellular interfaces with the component cells. Photothermal stimulation
of these interfaces yields the expected depolarization, which triggers action potentials. As
such, these materials offer another method for neural modulation, which does not rely on
internalizing the relevant structures, as is required with nanowires, but can also be deployed

on a subcellular scale.

1.4 The Impact of Geometry on Cellular Behavior

Cell geometry is mutually informative with other aspects of physiology, in that it can act as
both an input and an output to various cell behaviors. As discussed in the minimal model
for cell mechanics, for instance, double knockdown of the tight junction proteins ZO-1/2
influences the shape of cell-cell junctions making them straight, rather than wavy. In the
other direction, some types of muscle cells have evolved to demonstrate two remarkable mor-
phological characteristics: they fuse to form multinucleate syncitia, and they are distinctly
elongated along one axis[66]. Their common long axis thus serves as the axis along which
the muscles can contract, by the cooperative action of the syncitia.

Geometric considerations are particularly important in how cells distribute traction stresses
to their environments. An important model for understanding this was first described in
2011 by Banerjee, et al.[67], and experimentally validated in 2012 by Mertz, et al[68]. It is
a continuum model that considers cells as homogeneous and isotropic gels that are elastic,
contractile, and coupled to an elastic substrate via focal adhesions. The essential charac-
teristics of the traction forces that are exerted in this model are that they are exerted only
at the cell edge — as the homogeneous and isotropic character ensures they are balanced
elsewhere in the material — and that they are uniformly directed inward and perpendicu-
lar to the cell membrane. A further prediction of this model is that the total mechanical
work, i.e., the strain energy, ought to scale linearly with the area footprint of the gel. The
experimental observations of Mertz in 2012, which examined traction stress distributions in

keratinocytes, validated this model, demonstrating that its predictions of stress localization
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and strain energy scaling held, not only for individual cells but for larger colonies as well.
An interesting elaboration on this was reported in 2013[24], again by Mertz, Banerjee, and
co-authors, where strong cell-cell coupling through cadherin-based adherens junctions was
found to be crucial to this functioning. In calcium-depleted growth medium, keratinocytes
detached from one another, and colonies whose mechanical output resembled single cells of
an equivalent geometry, began displaying stresses as individual, disconnected cells.

Geometry was soon revealed to be a key factor of the good agreement between the continuum
model and experimental results. Oakes, et al.[69], found that stresses were not just localized
along the cell edge, but that they were restricted to areas of curvature, as well. This effect
was not apparent in approximately circular colonies of keratinocytes, but any degree of sym-
metry breaking revealed the curvature dependence. Such non-circular morphologies could be
obtained by forcing cells to adopt stadium-shaped morphologies through micropatterning.
Even as changes in shape altered the distribution of stresses, however, the strain energy de-
pendence was still essentially linear with respect to cell area. The total mechanical output,
then, was found to arise primarily from the total area, while the localization of the output
was related to the shape, such that highly elongated cells exerted large traction forces at
their comparatively small curved ends. The original implementation of the continuum model
was incompatible with this observation, as it predicted stresses to be distributed uniformly
along the cell periphery, without respect to curvature. This conflict was resolved by adding
an additional component, a line tension term along the periphery, analogous to an elastic
band wrapped around the cell edge. With the addition of this line tension term, the pre-
dicted stress distributions were once again in excellent agreement with the observations, at
least with respect to single cells. The question of whether this model could be generalized
to colonies of epithelial cells formed the motivation for a substantial portion of my research.
A further discussion of this, including the observation of novel force distribution patterns
and the development of a new model to capture both the continuum and non-continuum

behaviors, constitutes Chapter 2.
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1.4.1 Enforcing Cell Geometry With Micropatterning

There are a number of methods available for enforcing geometric constraints on colonies. For
certain applications, this may be as simple as forming a liquid-tight seal between the cultur-
ing substrate and a stencil in the desired shape. In many cases, however, this may interfere
with measurements, or introduce undesired mechanical artifacts at the boundaries. Another
approach, then, is to limit the adhesive area available to cells; since cells cannot form stable
protrusions without focal adhesions to connect to the substrate, the boundaries of the cell
or colony will conform to the adhesive region. Protocols for this class of technique, called
micropatterning, are available for glass as well as flexible substrates, and for various means
of promoting adhesion, including non-specific coatings such as poly-L-lysine and biomimetic
options such as extracellular matrix proteins. The remainder of this section is devoted to
detailing the method used to micropattern colonies that was employed throughout the course
of the research described here. A more compact step-by-step protocol is also included in the
Appendix.

This method is adapted from Tseng, et. al, 2011[70], and is ideally suited for patterning
extracellular matrix onto polyacrylamide (PAA) hydrogel substrates. Because it can be
used with any stiffness of gel and any matrix protein, it is broadly suited for a range of
applications, including mechanical measurements such as traction force microscopy. To my
knowledge, the chemical modifications that take place at each step have yet to be elucidated
and reported in the literature. A partial analysis that I conducted to this end is presented
here to both aid in troubleshooting and as a foundation for a potential further characteriza-
tion of the method.

This method requires the following reagents: Glutaraldehyde-activated coverslips (see Ap-
pendix), a quartz-chrome photomask with the desired patterns etched in the chrome, iso-

propanol and hexane for cleaning, PAA hydrogel reagents, 1-Ethyl-3-(3-dimethylaminopropyl)
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carbodiimide (EDC), Sulfo-N-hydroxysuccinimide (Sulfo-NHS), a stable solution of ECM
protein, and a solution of buffer corresponding to the desired ECM. For the ECM buffer,
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) represents a good choice for fi-
bronectin, while 2-(N-morpholino)ethanesulfonic acid (MES) or piperazine-N,N’-bis(2-ethane-
sulfonic acid) (PIPES) are better options for collagen, owing to the propensity of collagen
to bundle at high pH, a consideration which is discussed in more detail below.
Quartz-chrome photomasks with micron or sub-micron feature sizes are commercially avail-
able. Custom-designed masks, with user-specified patterns, are most desirable to suit the
relevant research questions; software for doing so includes AutoCAD and Adobe Illustrator.
The most important practical considerations are the spacing between individual patterns,
and the spacing between clusters of patterns. Individual patterns should be sufficiently sepa-
rated so that colonies cannot protrude out to merge with one another, unless that is a desired
feature. This specific distance varies based on the type of cells being used, but an interpat-
tern distance of about twice the size of the pattern itself is usually sufficient. Following this
rule, individual patterns can be varied upon and repeated to form a cluster that fills an area
corresponding to the type of coverslip to be used. For instance, applications using round
coverslips with 25 mm diameter are best organized to fit within the concyclic square that is
circumscribed by the edge of the coverslip. This allows for all of the patterns to be used,
while also allowing some margin for handling the gels with forceps without disturbing the
patterns. The spacing between clusters, then, can be determined by establishing the min-
imum distance necessary so that two adjacent coverslips, each centered on their respective
cluster, will not overlap one another.

For the first step of the process, the chrome surface of the photomask must be cleaned,
first with water and then with isopropanol. After this is completed, the surface is more
hydrophilic, so it must be treated with hexane to restore hydrophobicity. This can be ac-
complished by simply rubbing 600 pL of hexane into the surface using a Kimwipe, and is

necessary to prevent the PAA hydrogel from adhering to the mask, rather than the coverslip.
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Once the mask is treated, the PAA gel of desired stiffness can be prepared, and 11 pL of
solution pipetted directly onto each mask position, at which point the activated coverslips
are placed on top, such that the PAA solution is sandwiched between mask and coverslip.

After polymerization, the patterned regions are activated by placing the photomask in a UV-
ozone cleaner with 185 and 254 nm illumination for about two minutes. The specific trans-
formation this induces on the gel surface remains unclear. The EDC and NHS crosslinking
chemistry employed in subsequent steps depends on the presence of carboxylates and pri-
mary amines, and is most commonly used to link the N-termini of peptides with carboxylate
targets. This leads to the supposition that the deep UV illumination somehow effects the
transformation of the surface functional groups from amide to carboxylate, but there is little
evidence of such amide hydrolysis being catalyzed by UV light or ozonolysis alone, without
the presence of strong acids or bases. The use of UV-ozone treatments on polymer surfaces
is not without precedent, however. Polyisoprene-based rubber crumb, for instance, has been
oxidized with ozone to form carbonyls[71], and more saliently, poly(methyl methacrylate)[72]
and polycarbonate[73] have also been observed to form peroxides and hydroxyls under UV-
ozone treatment. It is possible that such oxidized species may be similarly generated on
the PAA surface in the UV-ozone furnace, which then go on to participate in crosslinking

chemistry as if they were carboxylates.

Figure 1.6: Fluorescence of fluorescein-5-semithiocarbazide, a dye that can be used to verify the
success of the patterning protocol up to the crosslinking stage.

Whatever the identity of the surface functional groups after illumination, the illumi-

nated regions — and only the illuminated regions — are responsive to EDC/NHS crosslinking
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chemistry. Such methods for crosslinking are commercially available and comparatively well-
characterized. In the canonical scheme, EDC reacts with carboxylates to form an unstable
o-Acylisourea ester intermediate. NHS or its water-soluble analog, Sulfo-NHS, may then
substitute with that ester to form a more stable NHS ester. The NHS ester itself is reactive
with primary amines, and so may be displaced to yield the final product, where the moieties
attached to both the original carboxylate and amine are linked by an amide bond. In the
context of this patterning method, the presumptive link is between the activated surface
of the gel and the N-terminus of the ECM protein. The effectiveness of the method up to
this step can be verified using fluorescein-5-semithiocarbazide instead of NHS, which can be
visualized using standard FITC filter settings on a fluorescence microscope. The resulting

images should display excellent localization to patterned regions (Figure 1.6).

pH=5.5 6.9

Figure 1.7: Images of AlexaFluor-560 labeled collagen on patterns. The pH of the buffer used
to dilute the collagen during deposition was varied, which demonstrated the importance of acidic
pH in successful patterning. While low pH did not completely eliminate collagen bundling, the
incidence was drastically reduced between pH = 6.9 and pH = 7.4. The buffers used, in order of
lowest pH to highest, were MES, PIPES, DPBS, and HEPES.

To prepare the patterned surface for cell adhesion, the desired ECM is added to the
EDC/NHS treated gels. The concentration of ECM to use is best left to empirical deter-
mination, but the amounts tend to be comparatively high, between 100-500 pg/mL, and
frequently on the higher end of that range. Additionally, the pH of the buffer solution dur-
ing ECM attachment can have a significant impact on the final results. This is most notably

evident when working with collagen, as at basic pH, collagen fibrils tend to aggregate and
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form bundles, which then do not react with the NHS esters and yield a surface that is not ad-
hesive. This is demonstrated in Figure 1.7, where collagen incubation using different buffers

showed the best results with the lowest pH.
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CHAPTER 2
CELL MOTILITY CONTRIBUTES TO EPITHELIAL
TRACTION STRESS DISTRIBUTION

2.1 Preface

This chapter is adapted from Schaumann et. al, 2018[74]. The experiments described in this
chapter were designed and performed by the author. The continuum model described herein
was developed by Shiladitya Banerjee[69]. The active vertex model (AVM) was developed
by Michael F. Staddon and Shiladitya Banerjee, and all AVM simulations were performed
and analyzed by Michael F. Staddon. Margaret L. Gardel and Shiladitya Banerjee provided

invaluable guidance and input at all stages of this project.

2.2 Introduction

Mechanical interactions at cell-cell interfaces and between cells and the extracellular ma-
trix (ECM) play pivotal roles in tissue organization [75], developmental morphogenesis [76],
wound repair [77], and cancer invasion [78]. These collective cell behaviors rely on long-range
transmission of mechanical forces, tightly coordinated by mechanical cell-cell coupling and
biochemical signaling [79]. The maintenance of the balance between cell—cell and cel-ECM
mechanical forces is essential for tissue cohesiveness and for cooperative cell movement in
swirls, packs, and clusters during many developmental processes. However, little is known
about the relative roles of cell motility and intercellular mechanical coupling in coordinating
mechanical stress transmission and relaxation across tissue scales.

Forces generated by molecular motors are transmitted by the actin cytoskeleton and
to neighboring cells via cadherin-based adhesions or to the ECM via integrin-based focal
adhesions. The predominant mechanism of cell force generation occurs via the activity of

myosin I on actin filaments, collectively known as the actomyosin cytoskeleton, to generate
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contractile forces. The actomyosin cytoskeleton, in turn, applies active contractile forces
at the sites of integrin-based cell-ECM adhesions. Several studies have implicated that the
mechanical cross-talk between actomyosin contractility and cell-cell and cell-ECM adhesions
[80][81][82] can regulate cell traction forces, cell shape changes, and cellular motile behavior.
We and others have shown how epithelial colonies with strong cell-cell coupling can propagate
traction stresses across multicellular length scales [24][68][83]. In the absence of strong
intercellular adhesions, cell traction stresses are primarily localized to cell—cell interfaces [24].
While cadherin-based cell-cell forces have been shown to modify traction stress organization
and contractility of static epithelial monolayers, we lack a quantitative predictive model
for how intercellular tension is propagated to the ECM in highly motile cell colonies with
diverse geometries. Progress is limited by the lack of a robust model system that allows
precise determination of mechanical forces under controlled environmental conditions, which
can be used to build quantitatively accurate cross-scale physical models. Here we address
this challenge using an in vitro experimental system together with a computational model
that enables multiscale analysis of epithelial mechanics with precise control over cell density,
cellular adhesive and motile properties, ECM mechanics, and geometry.

Using a combination of traction force microscopy (TFM) [45] and micropatterning on
Madin-Darby canine kidney (MDCK) cell colonies, we show that cellular traction forces can
vary widely in magnitude and spatial organization for the same geometry and composition
of the colony. For MDCK colonies with peripheral localization of traction stresses, we reca-
pitulate results previously reported for single adherent cells [69] and strongly adherent cell
colonies [68]. In this case, the colony behaves like a macroscopic contractile medium, and its
overall mechanical output can be accurately described using a previously developed contin-
uum model [67]. However, this model is inadequate to describe traction stress organization
in colonies with highly motile cells, where cell traction forces are distributed throughout the
colony interior. To this end, we develop an active vertex model for motile epithelial cell

colonies adherent to a soft elastic substrate. In contrast to purely mechanical vertex models
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[84], our approach accounts for the changes in cell shape and adhesion that occur during
cell motion. In quantitative agreement with experiments, our cell-based model predicts a
relationship between individual cell motility and traction stress localization in large colonies.
Furthermore, our model successfully predicts how colony traction patterns can be modulated
by internal cell events such as division, polarized motility, and collective rotations. Thus,
we propose a robust quantitative framework for multiscale analysis that allows us to predict

the regulation of mechanical stress transmission from the single-cell to tissue level.

2.3 DMaterials and Methods

2.8.1 C(Cell Culture

MDCK cells were cultured in high-glucose DMEM and supplemented with 10% fetal bovine
serum (Mediatech; Corning, Corning, NY), 2 mM l-glutamine (Corning), and penicillin-
streptomycin (Corning). To visualize cell shapes, wild-type MDCK cells were transfected
with plasmid DNA constructs encoding for Stargazin green fluorescent protein (Stargazin-
GFP) (courtesy of M. Glotzer, University of Chicago, Chicago, IL). These cells were sorted
and found to stably express Stargazin-GFP, with no noticeable loss in marker expression
after >20 passages. Z0-1/2 KD MDCK (dKD) cells were provided courtesy of M. Peifer,
University of North Carolina, Chapel Hill, NC.

2.83.2 Traction Force Substrates

PAA substrates were prepared as previously described[69]. Gels with a Young’s modulus
of 8.4 kPa were prepared by first making a mixture of 3.125 ml 40% acrylamide (Bio-Rad
Laboratories, Hercules, CA), 0.833 ml 2% bis-acrylamide (Bio-Rad), and 1.042 ml water. To
this were added 5 ul 110-nm sulfate-modified fluorescent microspheres (Invitrogen, Carlsbad,

CA).
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2.3.8 Collagen micropatterning

Micropatterned substrates were prepared using the same ultraviolet illumination-mediated
procedure described[69]. Briefly, a chrome-plated quartz photomask (Applied Image, Rochester,
NY) was cleaned with water and wiped with 0.3 ml hexane (Sigma-Aldrich, St. Louis,
MO) to induce hydrophobicity on the photomask surface. Polyacrylamide gel mixtures were
polymerized for 40 min between the photomask and prepared glass coverslips with 2.5 pl
ammonium persulfate and 0.75 pl tetramethylethylenediamine as radical initiator and coini-
tiator, respectively. Once the gel was polymerized, the photomask was placed in a UVO-
Cleaner 342 (Jelight, Irvine, CA) and illuminated with a combination of 185- and 254-nm
ultraviolet light for 90 s. The coverslip and gel were then removed from the photomask
by submerging the entire complex in water and gently detaching a corner with a razor
blade. Gels were incubated for 10-15 min in a solution containing 5 mg/ml 1-ethyl-3-(3-
dimethylaminopropyl)carbodiimide hydrochloride (EDC) (Thermo Fisher Scientific, Hamp-
ton, NH) and 10 mg/ml N-hydroxysuccinimide (NHS) (Thermo Fisher Scientific) kept at
acidic pH with 2-(4-morpholino)-ethane sulfonic acid (MES) buffer. The EDC-NHS solu-
tion was aspirated and replaced with a solution containing 0.5 mg/ml collagen-I in an MES
buffer for 40 min. Through this procedure, collagen cross-links only to regions exposed to
UV light as defined by the photomask. Gels were washed three times for 5 min in phosphate-

buffered saline solution before cells were plated.

2.3.4  Microscopy and live cell imaging

Cells were imaged on an inverted microscope (Ti-E; Nikon, Melville, NY) with a confocal
scanhead (CSU-X; Yokogawa Electric, Musashino, Tokyo, Japan); laser merge module con-
taining 491, 561, and 642 laser lines (Spectral Applied Research, Richmond Hill, Ontario,
Canada); and an Andor Zyla scientific complementary metal-oxidesemiconductor camera
(Belfast, Northern Ireland, UK). METAMORPH acquisition software (Molecular Devices,

Eugene, OR) was used to control the microscope hardware. Images were acquired using
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a 40x 1 NA Plan Apo oil-immersion objective. Samples were mounted on a live imaging
chamber (Chamlide, Seoul, Korea) and maintained at 37°C. For live cell imaging, DMEM

was supplemented with 10 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid.

2.3.5 Traction force microscopy

We measured the mechanical outputs of colonies using TFM, a technique for obtaining the
stress field exerted by adherent cells on their environment [45]. In a TFM experiment, cells
adhere to a thick, flexible substrate with embedded fiducial markers. For our experiments,
we used PAA gels for their ease of preparation and versatility in stiffness, prepared with
0.11 pm fluorescent microspheres as markers. While cells are attached, they contract inward
and deform the gel. By imaging the beads underneath cells while they are attached and
subsequent to removal via SDS, we can obtain the displacement of the gel due to cell traction
stresses. On the basis of the substrate displacement, we use Fourier transform traction
cytometry [44][45] to ascertain both the magnitude and location of traction stresses, as well
as derive bulk quantities such as the total mechanical output of a colony. TFM thus provides
an effective means for measuring the mechanical characteristics of colonies and tissues, which
makes it an attractive technique for experimentally testing predictions made by mechanical
models of cells and colonies. As TFM is compatible with other imaging techniques, it also

allows us to directly compare morphological changes and mechanical outputs.

2.3.6  Annular analysis for TFM

To obtain strain energy as a function of distance from the colony periphery, we adopted an
approach similar to that used in Mertz et al. (2013). Starting from a mask of the colony
outline, we eroded each outline by a distance = defined in pixels; for our purposes, we used
an erosion factor of 15, which corresponded to 2.42 pym. We generated a new mask consisting
of the eroded region and used this as the area over which we computed the strain energy,

which is given by W = % [ dA T (r) - us (r), where T (r) is the traction stress at point r and
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ug (r) is the substrate surface displacement at the same point. Because the TFM routine has
a finite resolution and our settings generate traction footprints with radii of 5 um or more,
we commonly observe stresses exterior to the colony. We therefore included negative A,
obtained by dilating the original outline mask, to incorporate these stresses. As A increases,
the regions being analyzed have progressively smaller areas, so we divided strain energies
by the area of each corresponding region to find the strain energy density, which decreases
solely due to peripheral localization of stresses. As previously mentioned, this normalization
to area meant that the strain energy density of regions close to the colony center can diverge,
so we ignored any region with an area below um?. Finally, to facilitate comparison between
different colonies, we normalized all values to A = 0, such that a colony with good localization
to the colony periphery should have values near 1 at the edge, and 0 elsewhere. We diverge
from this process when computing the decay constant for strain energy with respect to A,
because this quantity tends to increase in colonies with the least peripheral localization,
making them unamenable to exponential fitting. We therefore used the strain energy with
no normalization to area to extract these values. The strain energy profiles generated this
way uniformly decrease with A, ensuring that they follow an exponential form. We found
that the contribution from the inherent decay in stresses can still be compared with other

colonies.

2.3.7 Continuum mechanical model for epithelial colonies

The continuum mechanical model used here is based on our earlier work on stationary ad-
herent cells and cohesive cell clusters [67][68][69]. The model describes adherent cell clusters
as a homogeneous and isotropic elastic medium, ignoring all fine-grained details regarding of
individual cell mechanics and subcellular cytoskeletal architectures. The mechanical energy
of the cell colony is given by £ = % [dA oijuij + % [dA u?. The first term in the equation

characterizes the energy arising from the elastic stress tensor of the cell, which is decomposed

el

ij> an active contractile stress and an elastic stress,

as the sum of two parts: 0;; = 040;5 + 0
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respectively. In this model, o, represents the bulk contractility acting per unit area of the
cell and o® represents the elastic contribution of colony stress tensor, whose constitutive

relation is governed by

Y v
el cell .. ..

In this equation, Y,..; is the colony Young’s modulus and v is the Poisson ratio. The
second term in the energy describes the energetic cost due to adhesions with the elastic
substrate, where Y is an effective substrate rigidity related to the substrate stiffness and focal

adhesion strength, given by ¥V = for adhesion stiffness Y, and substrate stiffness

Y. This model successfully characterized the traction stress magnitude and localization in
approximately circular colonies of keratinocytes and of circular single cells[68][24][69]. In the
case of noncircular geometries, traction stresses are observed to localize further to regions of
curvature. The model, on the other hand, smeared stresses all along the colony periphery[69],
necessitating the addition of a uniform contractile line tension, proportional to the colony
perimeter, f,, P. This yields the energy functional: £ = % [ dA ojjuij + %dA u? + f, P2,
which includes the three tunable parameters of Y,.;;, 04 and fi,, with inputs of colony shape
(with area A and perimeter P), colony height h, Poisson ratio v, and substrate rigidity Y.
The resultant colony shape in steady state is determined by minimizing the total mechanical
energy of the adherent colony. The traction stresses T can then be obtained by T = Yu,
where Y is the effective substrate rigidity defined above and u is the cell displacement field.
The values for Y., 04, and f, were obtained by sweeping a range of values around the
values that were previously reported for single cells [69]. The resulting traction stresses were
compared with experimental results on the basis of strain energy, maximum traction stress,

and the spatial extent of traction stress localization to curved regions for each geometry.

The reported values were the closest to the experimental results in all three categories.
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2.3.8 Active adherent vertex model for dynamic epithelial colonies
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Figure 2.1: Schematic illustrating the computational pipeline in AAVM.

We model the cell colony as a two-dimensional monolayer. Each cell is represented by a
two-dimensional polygon with mechanical energy given by F = K (A; — A0)2 + FPZ.2 + P
[84], where A; is the cell area, Ag is the preferred cell area, and P; the cell perimeter.
The first term represents the monolayer volume incompressibility and resistance to changes
in height, resulting in an area elasticity; the second term represents active contractility
in the actomyosin cortex; the third term represents interfacial energy due to cell-cell ad-
hesion and cortical tension. The mechanical energy a cell can be rearranged as FE; =
K (4; — A% +T (P; — P0)2[85], where Py = —g is the preferred perimeter of the cells.
This gives rise to a dimensionless preferred shape index, py = P,/+/Ag, that describes the
shape anisotropy of the cell. The lowest possible shape index is that of a circle, P/ VA =3.54.
At lower values of the shape index the cells are under stress, and energy is minimized by
a tissue composed of isotropic, hexagonal cells. For a cell rearrangement to occur, cells
must be deformed and energy temporarily increased, resulting in an energy barrier to re-
arrangements. As the preferred shape index increases, the energy barrier lowers until a

critical shape index, pjj =~ 3.81, where cells can rearrange with no energy cost [85]. Thus, for

low preferred shape index, pg < 3.81 [85], cortical tension dominates, the cells are hexag-
32



onal, and the tissue acts like a solid. At high preferred shape index, py > 3.81, cell-cell
adhesion dominates, and the tissue acts like a fluid with cells able to rearrange without

energy cost. The substrate is modeled as a dynamic triangular mesh of linear springs,

v=1/4 v=1/3 v=1/2

3.4

V,=2.0 um/min v = 1.0 pm/min

Figure 2.2: : Time averaged traction stress maps for static and motile cell colonies on substrates
with varying Poisson’s ratio. Using equations of linear elasticity and a square substrate grid,
arbitrary Poisson’s ratio may be used. Regardless of the Poisson’s ratio, traction stresses localize
around the colony periphery for low motility (top) and internalize at high motility (bottom). Scale
bar represents 50 um.

with total strain energy F,;, = Zj %k;s (lj — l?)z, where kg is the substrate spring stiff-
ness, [; is the length of the mesh edges, and l? is the rest length. Choice of the triangular
mesh fixes the Poisson’s ratio of the substrate to 1/3, which can be varied by implementing
different topologies for the spring mesh (Figure 2.2). Focal adhesion complexes are mod-
eled as stiff springs connecting cell vertices to substrate nodes. The total adhesion energy,
summed over all cell-substrate adhesions, joining cell vertex x® to substrate node yﬁ , is
given by Euqn = > 5> %kf <‘xo‘ — yﬂ) — ‘x(‘} — ygDz, where k¢ is the adhesion stiffness,
and ‘xg‘ — yg ‘ is the initial length of the adhesion spring upon binding. The cell-substrate
adhesions bind and unbind stochastically. During a binding event, the adhesion springs con-
nect the cell vertices to the nearest node of the substrate mesh, and the rest length of the
adhesion bond is set to its initial length on binding. We mimic the effects of the micropattern

by disabling binding outside a chosen region of the substrate representing the micropattern
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geometry. Cells in the bulk move by self-propulsion with speed v along their polarity vector.

Cells on the boundary of the colony are able to protrude their external edges, such that cell

vertices are pushed forward with a force fﬁ;“ot

before binding to the substrate. In addition,
external edges have an increased line tension, 7e,¢, to describe the preference for cell-cell
adhesion over free edges. The equation of motion for each cell vertex « is given by
dz® OFot aEadh o 1 .
= - - + + pu— VoP;
a dt ox® ozr® fpmt Mna Z 0Pi

QEl

n
where p is the viscous drag coefficient, Fyor = > E; is the total mechanical energy of the
i=1
cells, /L% > vop; is the average self-propulsion velocity from the neighbors of vertex «, and
oct
p; is the polarity vector of cell ¢ which fluctuates over time. The polarity vector for cells

protruding out of the micropattern is reversed at a rate 7, L

The above equation implies
that friction forces balance the mechanical, active, and adhesive forces. The equation of

motion for each substrate node 3 is given by

dY'B _aEsub . aEadh

M? N 8y5 8y5

By virtue of force balance, cellular forces, including friction, and mechanical and active forces
(due to protrusions or internal motility) are transferred to the substrate via adhesion springs
that deform owing to cell movements. From displacements in the substrate we can calculate
traction forces. At each time step, we apply the equation of motion to evolve the cell and
substrate vertices and update adhesions. We allow cell-cell neighbor exchanges to occur
once intercellular junctions shrink beyond a critical length, which would reduce the total

mechanical energy of the system.
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2.4 Results

2.4.1 Colonies with same geometry vary widely in the spatial organization

of traction stresses

We used MDCK cells as a model system for tissue mechanics. Seeding MDCK cells on
collagen-coated TFM substrates yields isolated colonies of 10-100 cells. While colonies tend
to be circular, they can achieve a variety of shapes due to spontaneous motions and stresses
within the colony. Previously, we recognized the roles of geometry in controlling traction
stresses in isolated cells [69]. To control colony shape, we employed identical micropattern-
ing techniques for collagen deposition on TFM substrates. As MDCK cells do not adhere to
polyacrylamide (PAA) gels, this constrained cell attachment only to areas defined by the col-
lagen micropatterns. Surveying a large number of model colonies, we observed that colonies
tended to distribute traction stresses in one of two ways. In some cases, traction stress peaks
that are confined to the colony periphery and are oriented inward and perpendicular to the
colony edge (Figure 2.3A, left and middle). The second mode of distribution has significant
stress peaks in the colony interiors as well as on the periphery (Figure 2.3B, left and mid-
dle). Traction vectors associated with this pattern also display a greater variation in their
orientation relative to the colony border (Figure 2.3B, middle). In both cases the vector
sum of all forces throughout the colony is small, less than 10% of the total strain energy,
indicating that the traction forces are balanced across the cell island. To quantify the extent
of peripheral localization of stresses, we employed the same procedure used in Mertz et al.
(2012) to plot strain energy density as a function of distance from the colony edge. We di-
vided each colony into a series of concentric contours with width x, which followed the shape
of the colony outline such that the ring associated with distance A covers every point with
a distance between A and A + z. Because the TFM analysis yields traction footprints with
widths on the order of several microns, we included negative A values to capture stresses
that are exerted outside of the border. We calculated the strain energy of each region by
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Figure 2.3: (A) A colony with traction stresses localized at the colony periphery. Left, the shapes
of cells and the overall pattern shape visualized with the membrane marker Stargazin-GFP, scale
bar = 25 pm. Middle, traction stress heatmap for the colony at left — the colony shape is outlined
in white. Right, strain energy density as a function of A, the distance from the colony border,
normalized to the value at A = 0. The peak at or near A = 0 is the defining feature of colonies with
peripheral stress localization. Right, inset, schematic of the procedure used to generate strain energy
density profiles. (B) A colony with a higher proportion of internal traction stresses. Left-right:
cell and colony shapes visualized with Stargazin-GFP, traction heatmap showing stresses localized
to hot spots distributed throughout the colony interior, strain energy density profile that increases
with A.

taking the dot product of the traction force with the displacement, and obtained the strain
energy density by dividing this quantity by the area of the region. To better compare results
from several colonies, we normalized each strain energy density to its value at A = 0. The
resulting plots provide a quantitative profile of traction stress localization relative to the
colony edge. Peripherally localized colonies have a maximum value at or near A = 0, with
the strain energy density rapidly decaying further into the interior (Figure 2.3A, right). For
colonies with sizable tractions throughout the interior, strain energy density at A = 0 is

not necessarily the maximum, and the profile does not decay near the center of the colony

(Figure 2.3B, right).
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2.4.2  Mechanical output of colonies with peripheral localization of traction

stresses are identical to single cells

MDCK colonies with peripherally localized traction stresses bore striking resemblance with
previously reported traction stress patterns for adherent single cells [69] and strongly cohesive
keratinocyte colonies [68] that are well described by a continuum model[67][86]. Briefly, the
continuum model describes the cell colony as an isotropic and homogeneous elastic medium,
subject to a uniform contractile stress (force per unit area) due to actomyosin contractility
(Materials and Methods). The contractile medium is coupled to a soft elastic substrate via
stiff springs that represent adhesion bonds (Figure 2.4A). This isotropic homogeneous model
was sufficient to capture traction stress localization in circularly shaped cells and colonies,
where traction stresses spread out evenly along the periphery[68][69]. When individual cells
are constrained to noncircular adhesive geometries, traction stresses are constrained to re-
gions of high curvature, and an edge contractility parameter was needed for the model to
capture the experimental results [69]. The extent to which similar traction stress localization

would also occur in noncircular model epithelial colonies remained unknown.
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Figure 2.4: For colonies with peripheral localization of traction stress, a continuum mechanical
model quantitatively captures traction stress distribution. (A) Schematic of the continuum me-
chanical model. (B-D) Peripheral localization of traction stresses in ZO-1/2 dKD MDCK colonies
is quantitatively captured by a homogeneous continuum model for cohesive cell colonies. (B) Phase
contrast images of ZO-1/2 dKD MDCK cells in stadium-shaped micropatterns of constant area
and varying radii of curvature. (C) Traction stress heatmaps for constant area colonies, averaged
over n = 4-9 different colonies. (D) Continuum model results for given colony geometries with
model parameters: E = 6.8 kPa, o, = 780 Pa, and f,,, = 0.3 nN/um. (E) Colony strain energy is
independent of colony shape. Each data point represents the average over n = 4-9 colonies. (F)
Strain energy does not depend on the number density of cells within a colony. (G) Traction stress
organization in unconstrained MDCK colonies can also be described by the continuum model. Left
to right, phase contrast, experimental traction map, and continuum model traction map images for
an adherent colony on an unpatterned substrate. Model parameters are the same as in D. All scale
bars = 25 um.
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To test whether predictions of this continuum mechanical model (Materials and Methods)
were consistent with cell colonies of arbitrary geometries, we used micropatterning to create
8000 um2 stadium-shaped patterns, with radii of curvature of the ends that span from 17.5
to 47.5 pm. For these experiments, we used zonula occludens-1/2 double knockdown (ZO-
1/2 dKD) MDCK cells [29][30], which display stronger peripheral localization than their
wild-type counterparts. For each adhesion geometry, we acquired phase-contrast images
of the cells (Figure 2.4B) and measure traction stresses transmitted to the substrate. For
each geometry, we measured the traction stresses of multiple colonies and calculated the
time-averaged stress field (Figure 2.4C). This revealed that traction stresses are localized to
regions of curvature for the model colonies, with the traction vectors oriented inward and
perpendicular to the colony edge, similarly to what we observed for single cells [69]. Using
the continuum model, we parametrized the elastic modulus for the colony (6.8 kPa), the
colony edge line tension (0.3 nN/um), and active contractile stress (780 Pa) required to
recapitulate the traction stress distribution (Figure 2.4D) and strain energy (Figure 2.4E) of
colonies with varied geometry. Consistent with our previous findings for single cells, we found
that the total mechanical work (strain energy) of the colony is independent of the colony
geometry for a constant area (Figure 2.4E). Further, we established that the mechanical work
is independent of the cell number density (Figure 2.4F). This indicates that the tissue-scale
mechanical properties that can be described with the continuum model are determined by
the global tissue shape and mechanical properties and are independent of cell-scale properties
such as their shapes and density.

To demonstrate the applicability of this continuum model to epithelial colonies of arbi-
trary geometries, we tested its utility in predicting force localization of an unconstrained
colony. In Figure 2G, phase contrast (left) and traction force (middle) measurement of a
small colony containing four MDCK cells are shown, chosen for its highly extended shape.
Traction stresses are localized at the periphery, and are further concentrated in small, high-

curvature regions. Using the parameter values benchmarked from the micropattern and
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TFM experiments, the continuum mechanical model successfully predicts the spatial local-
ization and magnitude of the traction stresses for this colony shape (Figure 2.4G, right).
Thus, colonies with peripheral localization of traction stresses with varying geometries are
well characterized by a continuum model that has a bulk contractility and an edge tension,
similarly to what we observed previously for single cells [69]. Taken together, these results
suggest a regime in which adherent cell colonies exhibit identical mechanical behavior as sin-

gle cells, such that its global mechanical output is independent of individual cell properties.

2.4.3 Active adherent vertex model for traction stress prediction in

dynamic epithelial colonies

Our experimental data suggest another regime for mechanical force transmission in colonies,
where traction stresses are distributed throughout the colony interior (Figure 2.3B). One un-
derlying mechanism of interior stresses arises from reduced cell-cell coupling [24]. However,
we sought to explore the extent to which cell motion within a confluent tissue could underlie
interior traction localization. To predict traction stress localization in dynamic colonies, we
developed the active adherent vertex model (AAVM) for predicting mechanical stresses in
adherent cell colonies. This approach allows explicit control over the dynamic mechanical
properties of individual cells, which are not accessible by a continuum description of colony
mechanics. In contrast to purely mechanical cell-resolution vertex models [84][85][87][88][89]
or cellular potts models [90][91], AAVM explicitly accounts for the coupling between mechan-
ical forces that drive cell motion and the kinetics of cell-matrix adhesion binding/unbinding,
active cell motility from cell protrusions, retractions, and cell polarity fluctuations (Figure
2.5A and Figure 2.1). We model the cell colony as a confluent two-dimensional monolayer,
where the geometry of each cell is described by a polygon (Figure 2.5A; Materials and Meth-
ods). To allow the formation of curved cell shapes, we subdivide the cell contour into several
linear segments. Physical interactions between cells are modeled following the vertex model

for epithelial tissues, whose mechanical energy arises from cellular elasticity, cortical tension,
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cell-cell adhesion, and actomyosin contractility [84].
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Figure 2.5: Active adherent vertex model for epithelial cell colonies can be benchmarked to exper-
iments to capture spatial variations in traction stress. (A) Simulation image for a cell colony on
a micropattern (top) and a zoomed-in region illustrating the mechanical forces acting on adherent
cells (bottom). (B) Time-averaged traction stress maps for varying curvature radii of the micropat-
tern: r = 22 pm (top), r = 34 um (middle), and r = 46 pm (bottom). (C) Strain energy as a
function of radius of curvature for a fixed area of the pattern. (D) Strain energy as a function of
cell density for fixed pattern shape.

The soft elastic substrate is modeled by a triangular mesh of harmonic springs, which
are anchored to cell vertices via stiff springs (Figure 2.5A), representing focal adhesion com-

plexes. The cell-substrate adhesions bind and unbind stochastically at fixed rate constants.
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We model the confining effect of the micropattern by disallowing adhesions outside a pre-
defined geometry of the substrate. Cells in the interior of the colony move with a speed
v0 in the direction of its polarity (Materials and Methods). Cells on the boundary of the
colony assemble protrusions at their external edges, which push the cell vertices forward
that subsequently bind and pull on the substrate. Each cell vertex evolves in time following
an overdamped equation of motion, where the cell vertex velocity is proportional to forces
resulting from total mechanical energy of the colony, cell-substrate adhesions and active
cellular motility (Materials and Methods).

r=10 um r=38.5pum r=7.0 um
500 Pa

I I I 0 Pa

Figure 2.6: Time averaged traction stress maps for single cells in micropatterns with varying
curvature. Traction stresses are localized around the curved borders, and increase in magnitude as
the curvature increases. Scale bar represents 10 pm.

By benchmarking the physical parameters of AAVM we successfully captured the exper-
imental behavior for cohesive cell colonies in Figure 2.5, as well as single cells (Figure 2.6).
To this end, we set the internal motility speed, v0, of the cells to be comparable to the low
motility speed for ZO-1/2 dKD MDCK cells. In quantitative agreement with TFM exper-
iments and the continuum model, we find that traction stresses localize around the curved
periphery of the cell colony. Furthermore, as the radius of curvature decreases, the local
traction stresses increase in magnitude as they are concentrated in a smaller region (Figure
2.5B). By measuring the strain energy density as a function of distance from the colony edge,
we find that most strain energy is applied around the periphery of the micropattern, which

decays with distance from the edge of the colony (Figure 2.5C and Figure 2.7). While the
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magnitude of local traction stresses changes with curvature, the model captures the experi-
mental result that the total strain energy is independent of pattern curvature (Figure 2.5C).
With this same set of parameters, our model accurately predicts the linear dependence of the
total strain energy on the colony area (Figure 2.8), as observed for single cells and cohesive
colonies [68][69]. By altering the preferred cell area for a fixed area of the micropattern, we
can control the number density of cells in a given colony. As a result, we found that the
colony strain energy is independent of cell number density (Figure 2.5D), in quantitative

agreement with our experimental data (Figure 2.4F).
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Figure 2.7: Strain energy profiles for simulated colonies with equal areas and varying radii of
curvature. Colonies of both geometries exert stresses primarily at the colony periphery, at the
elongated special case, (A) r = 22 pm, as well as the nearly circular case, (B) r = 46 um.

2.4.4 Enhanced cell motility promotes traction stress localization in the

colony wntertor

Since AAVM explicitly accounts for individual cell properties, including tension, adhesion,
and motility, we sought to investigate how the interplay between active cell motility and
intercellular mechanical coupling regulates stress transmission in the colony. Motile behavior
of cells can be induced by increasing the magnitude of the self-propulsion speed, v, or by

inducing fluid behavior of the colony. Fluidity can be induced by lowering the effective
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Figure 2.8: The vertex model predicts that the strain energy produced by a colony scales linearly
with colony area. This is in agreement with published experimental results for colonies [24][68] and

single cells [69].

mechanical tension at cell interfaces by either decreasing cortical tension or by increasing
cell-cell adhesion energy. It was recently shown that increase in cell shape anisotropy can
reduce the effective tension at cell interfaces, leading to fluidization of a jammed tissue [85].
Cell shape anisotropy can be characterized by the dimensionless preferred shape index, py =
Py/v/Ag, where Py is the preferred cell perimeter and Ay is the preferred cell area (Materials
and Methods). While the molecular mechanisms regulating changes in py remain to be
characterized, here we treat pg as a control parameter that tunes tissue fluidity by promoting
local cell movement and mechanical stress relaxation by cellular neighbor exchanges. Tissue
fluidity can be further increased by increasing cell self-propulsion velocity, which increases

the propensity of cell-cell rearrangements [92].
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Figure 2.9: Increased cell motility promotes strain energy localization throughout the cell colony.
(A) Time-averaged traction stress maps, (B) averaged strain energy density normalized by the
boundary value, (C) and cell trajectory plots for low motility cells, vg = 60um/hr, pp=3.4 (top),
medium motility cells, vg = 90um /hr, py = 3.8 (middle), and high motility cells, vy = 120mum/hr,
po = 4.2 (bottom). A is the distance from the boundary and is defined as negative outside of the
cell colony, and positive inside the cell colony. Scale bar represents 50 um. (D) Traction stress
decay length A and (E) rate of cell neighbor exchanges (intercalations) for varying cell motility
speed and cell shape index. The decay length X is measured by fitting SE = Ae(=2)/Y to the
relevant strain energy density profiles.

As we increase cell motility (by increasing vg) and tissue fluidity (by increasing pg),
we observe that higher traction stresses are generated in the colony interior (Figure 2.9A).
This leads to delocalization of strain energy away from the colony periphery (Figure 2.9B)
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and appears in correlation with enhanced cell movement (Figure 2.9C). To quantify the
dependence of traction stress distribution on cell motility, we systematically varied the self-
propulsion speed, vg, and the cell shape index, pg. Over all simulations, we find that the
decay length X\ of traction stresses from the periphery in relation to cell motility increases
monotonically as the mean instantaneous velocity of the cells increases (Figure 2.9D). This
quantity is obtained by fitting an exponential function to strain energy density profiles
obtained from the earlier annular analysis: SE = Ae (Materials and Methods). The
resulting decay constant provides a length scale over which the strain energy decreases with
distance from the colony border, such that a higher value corresponds to a higher proportion
of interior stresses. Increasing either the self-propulsion speed or the cell shape index also
leads to an increase in the frequency of cellular neighbor exchanges or intercalation rates
(Figure 2.9E and Figure 2.10). This increased rate of cell intercalations exhibits a positive
correlation with higher internal motility and lower strain energy localization at the colony

periphery.
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Figure 2.10: Traction stresses associated with cell neighbor exchanges. (A) Stargazin-GFP images
of a portion of the colony from a movie over the course of a neighbor exchange. The four participant
cells are outlined in white. (B) Traction maps corresponding to (A), showing traction stresses in
the vicinity of the exchange event. (C) Cell shapes during a simulated neighbor exchange for a
comparable colony. (D) Traction maps corresponding to the event simulated in (C). All scale bars
= 25 pm.
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Figure 2.11: Colonies with interior traction stresses exhibit high degree of individual cell motility.
(A,B) Colonies with peripheral localization of traction stresses have cells that appear jammed and
do not reorganize traction stresses rapidly. By contrast, colonies with interior traction stresses have
highly motile cells and exhibit dynamic peaks in traction stresses. From left to right: Phase contrast
images and nuclear tracks over 4 h for two colonies of ZO-1/2 dKD MDCK cells, representative
traction maps from each colony, and the strain energy density profiles corresponding to the traction
maps. Scale bar = 25 pm. (A) A colony with low motility (mean cell speed = 0.079 pm/min)
and traction stresses localized to the colony periphery. (B) A colony with higher motility (mean
cell speed = 0.236 pm/min) and a higher proportion of internal stresses. (C) Colonies with higher
motility have a longer decay length for strain energy as a function of distance from border. This
relationship holds in experiments (left) and is predicted by the vertex model (right) to be robust
over a wide range of motilities, using each simulation used in Figure 2.9D. The red line in the left
panel of (C) shows the linear fit of the data shown with slope = 69.53 and y-intercept = 5.313.
The radii of curvature for the colonies shown in (A) and (B) are 65 um and 70 pm, respectively.

Our experimental results confirmed the model predictions regarding the relationship be-
tween individual cell motility and peripheral traction stress localization. Working under the

hypothesis that more motile, fluidized colonies may feature more spatially disperse traction
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stresses, we considered two representative micropatterned colonies of comparable geometries,
which we selected based on differences in mean cell speed over the course of 3.5 h (Figure
2.11, A and B). Figure 2.11A shows representative phase contrast and traction heatmap im-
ages from a colony where cells have an average instantaneous velocity of 7.92 x 10™2um /min
and travel an average of 16.1 pum over 3.25 h. Cell movement is indicated by the nuclear
tracks overlaid on the phase contrast (Figure 2.11A, left panel). In this colony, the traction
stresses are visibly confined to the colony periphery (Figure 2.11A, middle panel), an ob-
servation that is confirmed by the strain energy profile for that time point (Figure 2.11A,
right panel). The same analysis for a colony with considerably higher cell motility, with in-
stantaneous velocity of 0.197 pm/min and mean path length of 48.3 um over 3.25 h (Figure
2.11B, left panel), yields different results. In this case, traction stress peaks are found on
both the colony periphery and interior (Figure 2.11B, middle panel), and the strain energy
profile reveals a slow decay in strain energy density from the colony border (Figure 2.11B,
right panel). These differences in traction stress distribution were concordant with the vertex
model predictions (Figure 2.9A)—as the average cell motility in a colony increases, traction
stresses reorganize to the colony interior.

We further quantified the relationship between cell motility speed and traction stress
organization using the traction stress decay length, A. We found the average decay length
for movies of several colonies, ranging in size from 8000 to 20,000 ,um2, and found that an
increase in cell speed was correlated with a higher decay length (Figure 2.11C, left panel).
We thus experimentally validated the theoretical prediction that traction stress dispersion

should accompany enhanced cell motility (Figure 2.11C, right panel).

2.4.5 Active cell behaviors coordinate localized stress production modes

Our bottom-up computational model and experiments enable us to bridge the gap between
single cell dynamics and multicellular mechanical output in adhesive micropatterns. Using

this integrative approach, we related the collective modes of traction stress generation in ep-
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ithelial colonies with the motile and adhesive behaviors of individual cells (Figures 2.4-2.11).
To further apply the predictive power of the AAVM in understanding heterogeneous force
transmission in epithelial colonies, we examined two frequently occurring active processes:
cell division within a monolayer (Figure 2.12), and spontaneous rotational motion of a colony
(Figure 2.13). In a typical mitosis event occurring within a colony, there is significant lateral
constriction that occurs prior to a cell division (Figure 2.12A). We further observed that
traction stresses gradually reorganize to the region around the mitotic cell (Figure 2.12B,
left three panels) and dissipate after cytokinesis (Figure 2.12B, right two panels). This re-
sult, while limited spatially by the finite resolution of the TFM analysis, is concordant with
published results for single cells [93]. This provides an active mechanism of stress relaxation
and movement that locally fluidizes the colony.

To capture this behavior in AAVM, we implemented the mechanics of cell division in four
steps (Figure 2.14): 1) a growth phase, where the preferred area of the dividing cell is doubled
(highlighted in red in Figure 2.12C); 2) a cell rounding phase, where an increased line tension
on the cell periphery enable cells to adopt a circular shape (Figure 2.14B); 3) a constriction
phase, where an increased tension at the cell equator results in ingression of the cleavage
furrow, around which large traction stresses localize (Figure 2.14B and Figure 2.12D); and
2.9) a splitting phase, where the constricting cell separates into two daughter cells (Figure
2.12C). Following cell division, the two daughter cells relax their mechanical energies, which
results in traction stress dissipation as the cell shapes reach their equilibrium configurations
(Figure 2.12D and Figure 2.14A). This example illustrates how the active vertex model
can be used to capture active stress generation and relaxation due to localized cell shape
changes (Supplemental Movie S6). In particular, local increases in contractility required to
change cell shape prior to division are balanced by localized traction stresses generated by
neighboring cells.

Next, we examined the dynamic reorganization of traction stresses in colonies under-

going spontaneous rotational motions. The ability of epithelial cells to undergo collective
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Figure 2.12: Traction stress localization during cell rounding and division. (A) Stargazin-GFP
images showing a cell (outlined in white) contracting and dividing. Scale bar = 10 um. (B) Traction
maps corresponding to (A). As the cell contracts, traction stresses are exerted just exterior to the
mitotic cell, directed inward towards the plane of division. Once the cell finishes dividing, the
stresses begin to dissipate. (C) Cell shapes during a simulated mitotic event in the vertex model,
for a low motility cell colony, vg = 30um/hr, pg = 3.6. The dividing cell is highlighted in red. Full
details of the cell division implementation are given in the Supplementary Material. (D) Traction
maps corresponding to (C).

rotations has been proposed to play an important role in acinus formation, tissue polarity,
and embryogenesis [94]. As reported previously [95][96][97], small colonies of epithelial cells
can often show spontaneous collective rotational motion, with few internal rearrangements
(Figure 2.13A). The limited number of internal rearrangements corresponds to high cohe-
siveness (low pg), which is essential for efficient transmission of contact guidance cues from
peripheral to interior cells. Based on our findings in Figure 2.9E, lower fluidity (low pg)

would promote a higher degree of peripheral stress localization. Instead, our traction force

measurements show abundant internal traction stresses (Figure 2.13B).
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Figure 2.13: Internal traction stresses form during colony rotation. (A) Stargazin-GFP images of
a colony on a circular pattern (radius of curvature = 47.5 pm) rotating counter-clockwise about
the pattern center. Scale bar = 25 pum, curved arrow indicates direction of motion. (B) Traction
maps corresponding to (A). (C) Cell shapes during rotation simulated by the vertex model, for high
motility, vg = 90um/hr, po = 3.8. Blue arrows show the direction of cell motion. Cell polarities
align with cell velocity with timescale 7, = 30 mins, and turn away from the micropattern boundary
with timescale 7, = 6 mins. Full details can be found in the Supplementary Material. (D) Traction
maps corresponding to (C).

To recapitulate coordinated cell motion, we simulated a cohesive cell colony with low
internal motility (vo =60 um h1, Py = 3.6), where the cell polarity vectors now align with
cell center velocities and are repelled by the pattern boundary (see Supplemental Material).
The interplay between polarity alignment with local motion and confinement within the
pattern results in a coordinated spontaneous rotational motion of the colony (Figure 2.13C).
In the simulations, we find large internal traction stresses localize as the colony coherently
rotates (Figure 2.13D). These stresses are subsequently dissipated as the cell polarity vectors

change in direction during synchronized rotation. This underscores that internal traction

stresses can result from coordinated movement due to long-range transmission of mechanical
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Figure 2.14: (A) Strain energy increases during the simulated cell division process, and dissipates
after the division is over. The initial rounding phase produces only a modest elevation in stresses,
but increased tension along the periphery of the mitotic cell leads to a dramatic increase in strain
energy. After the splitting phase, the daughter cells relax their tension and the strain energy is
concomitantly reduced. (B) Additional line tensions during the different phases of cell division.
The actomyosin ring is an edge that connects vertices on opposite sides of the side. As its tension
increases the cell pinches in two. After the cell divides, this edge becomes the interface between
the two daughter cells.

cues by adhesive epithelial cells.

2.5 Discussion

Our work established the relative roles of cell motility and cell-cell interactions on force
transmission in multicellular colonies. Through integration of experiments, bottom-up and
top-down modeling approaches, we have shown that colony geometry, contractility, cell shape
changes, and active motion of constituent cells can profoundly alter the spatial organization
of mechanical stresses transmitted to the extracellular matrix. These results provide a robust
framework to characterize the role of cell density, motility, geometrical, and mechanical cues
on collective cell behavior in adhesive environments.

Our results indicate that epithelial colonies organize traction stresses either peripherally
or internally (Figure 2.3) depending on the motile and adhesive behaviors of individual cells.
First, we consider the case of cohesive cell colonies exhibiting strong peripheral localization
of traction stresses. Consistent with previous results in keratinocytes [68], we find that

internal stresses counterbalance in strongly coherent and immobile colonies of cells such that
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traction stresses become localized to the periphery (Figure 2.4). The resultant mechanical
work performed by the colony on the substrate is independent of the colony shape or cell
density but is proportional to changes in the colony spread area. These findings are consistent
with the physical model of a colony described by a characteristic contractility (Figure 2, A
and D).

Continuum models that treat the multicellular colony as a uniform contractile medium
[68] capture this peripheral localization for circular shaped colonies. In previous work on
single adherent cells [69], we found that an additional edge contractility was required to cap-
ture the traction localization to regions of high curvatures for cells of arbitrary shapes. Here,
we find that peripheral contractility is also needed to describe the distribution of traction
stresses in multicellular colonies of arbitrary shapes. This edge contractility, characterized by
a line tension, naturally arises due to the absence of cell—cell adhesion at free edges, resulting
in traction stress localization to regions of curvature. However, this model was insufficient
to describe the mechanics of cohesive colonies with sizeable tractions in the interior that
fluctuated in space and time (Figures 2.3B and 2.11B). This necessitated a cell-based model,
AAVM, that accounts for individual cell activity, motility, shape, and mechanics (Figure
2.5A).

While previous work showed that traction stress localization within the colony interior
could be explained by loss of cell cohesion [24], here instead the cells remained cohesive
over time, exhibiting local dynamic behaviors. We observed that cells within colonies tend
to move, exchange neighbors, and change their individual shapes. We therefore developed
a new active adherent vertex model that allowed us to capture the dynamic properties
of these adherent colonies. By coupling the AAVM to an elastic substrate, we predicted
that internal cell motility leading to effective tissue fluidization resulted in a high degree
of internal localization of traction stresses (Figure 2.9). This result was confirmed by our
experimental data that showed that the length scale for traction stress penetration increased

with increasing cell motility (Figure 2.11). Our model also captures the traction stress field
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around a motile cell traversing the colony, which likely arises from weakening of cell—cell

adhesions (Figure 2.15).

Figure 2.15: Traction stresses associated with high single-cell motility within a colony. (A) Phase
contrast images of a cell moving through the bulk of a colony of MDCK cells. The motile cell is
outlined in white. (B) Traction stress heatmaps corresponding to the images in (A), showing a
small peak in the stresses that appears to follow one of the cell vertices along the trailing edge,
although the specific location is limited by the size resolution of stress peaks. (C) Vertex model
simulation of a cell deforming and moving through the colony bulk. The motile cell is outlined in
red. (D) Traction stress heatmaps corresponding to the simulated cell shapes in (D), demonstrating
the accumulation of stresses along vertices on both the leading and trailing edges of the motile cell.

Aside from motility driven fluidization, traction stress fluctuations in the bulk of cohesive
colonies also occurred due to cell division and rotations. Contractility-driven shape changes
in dividing cells can locally accumulate traction stresses. These stresses are subsequently
dissipated following daughter cell separation once cell—cell cohesion is established (Figure

6). We also found traction stress dispersion in colonies with low internal motility but where

there was highly correlated rotational motion (Figure 2.13). These persistent rotations have
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been previously observed in small cohesive colonies in adhesive micropatterns [95][96][97].
Consistent with previous findings, we find that traction stresses periodically accumulate
and dissipate at cell-cell junctions of rotating colonies, arising from coherent transmission
of polarity cues by contact guidance. Thus, colonies with the same geometry and adhesive
properties can exhibit a rich variety of dynamic properties due to active mechanical behaviors
of constituent cells.

In conclusion, we have shown that an interplay between cell motility and cell-cell adhesive
interactions can tune the dynamic mechanical properties of cohesive colonies in confined
adhesive environments. In doing so, we have developed a quantitatively accurate bottom-up
model for dynamic epithelial colonies that allows us to predict patterns of collective motion
and traction stress generation in diverse conditions. In particular, we show that local active
cell behaviors (motility, intercalations, division) in cohesive tissues can induce heterogeneous
properties that cannot be captured by simple continuum models. In the absence of active
cell dynamics, however, immobile colonies transmit forces like a continuum medium, akin to
single adherent cells. These results provide a quantitative framework to predict collective
dynamic and mechanical states of epithelial tissues from their emergent patterns of force

transmission.
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CHAPTER 3
PHOTOELECTRIC SILICON NANOSTRUCTURES FOR
CALCIUM MODULATION IN SMOOTH MUSCLE TISSUES

3.1 Preface

This chapter comprises present work on a forthcoming manuscript to be submitted for pub-
lication. The author conducted all experiments and performed all analysis with guidance
and suggestions from Margaret L. Gardel and Bozhi Tian. Except where noted, all com-
putational routines were developed by the author. Menahem Y. Rotenberg helped with
the optical mapping routines and was very helpful in troubleshooting nanowire stimulation.

Kelliann Koehler synthesized the nanowires used in this work.

3.2 Introduction

In recent years, bioelectronic devices in general, and nanoscale bioelectronics in particular,
have garnered large amounts of interest for therapeutic applications. In order to validate
these uses and identify promising future areas, it is important to examine interface formation
as well as modulatory effects across many length scales. The development of bioelectron-
ics has historically been inextricably linked with miniaturization, beginning with Galvani’s
investigations using frog legs[98], through Hodgkin and Huxley’s giant axon electrode stud-
ies[99][100], and up to current research using nanoscale devices to examine interactions at
the single-cell and even subcellular level[101][102][103]. Recent multi-scale innovations have
included a closed-loop system for neural control over bionic arms based on microelectrode ar-
rays[104], nanowire arrays integrated with flexible substrates to modulate pacing in cardiac
cells using optical stimulation[49], and the use of upconversion nanoparticles to facilitate
infrared vision in mice[105]. From these results and others, it is evident that nanomaterials

possess considerable potential for translation up to tissue and organism level effects. In this
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work, we investigate the use of silicon nanowires as devices to modulate behavior at the
single cell and colony level, and develop a set of analytic tools to discern effects at multiple
length scales.

Silicon nanowires (SiNWs) have been deployed in the last 20 years to a great number of bio-
logical contexts, ranging from intracellular electrical sensing[103]|[106], to three-dimensional
electronic cell scaffolding[107], to providing photoelectric[53][108] and photothermal[47][51]
stimulation in a wide variety of cell and tissue types. The most common means of engi-
neering functionality in them is to synthesize core-shell nanowires with varying levels of
dopant in the respective layers using a chemical vapor deposition apparatus[109][110]. The
resulting structures can contain coaxial p-n or p-i-n junctions, and display photoinduced
charge separation the same as other similar semiconductor junctions[111]. These SiINWs
possess a number of characteristics that make them highly desirable and complementary
to existing techniques for biological modulation. They can possess similar functionality to
microelectrodes, but may be completely leadless and therefore less invasive[46]. Like chemi-
cal perturbations, they can be easily administered to biological samples and can act at the
subcellular level, but they may also be selectively activated, allowing for spatial resolution
in stimulation[53]. This subcellular activity and selective activation is thus similar to opto-
genetic techniques, but since they are nongenetic they require far less intensive preparation
and the ethical considerations are more straightforward in, e.g., primate or human subjects.
Human airway smooth muscle (HASM) cells are present in the trachea and surrounding the
bronchial lumen in the bronchial tree[40]. In their function as smooth muscle cells, they are
pivotal in maintaining brochomotor tone[40][112], but they have also been suggested to be
involved in immune system response and inflammation in the airway|[113][114]. Notably, in-
flammatory responses in HASM tissues are a major component of asthmatic phenotypes[115],
and have been implicated in asthma attacks as well as the immune response to rhinovirus
in asthmatic patients[116]. HASM contractility is regulated largely in accordance with the

canonical picture of vascular smooth muscle excitation-contraction coupling, with certain
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key differences arising in the coordination of ionic currents in membrane depolarization and
repolarization[117]. Namely, cholinergic agonists, e.g., acetylcholine, can interact with G-
protein coupled receptors to induce the release of secondary messengers. These, in turn,
activate the Rho/ROCK signaling pathway, while inositol triphosphate (IP3) additionally
opens IP3 receptor channels in the sarcoplasmic reticulum to release calcium ions into the
cytosol. Intracellular Cat can then interact with myosin light chain kinase to facilitate con-
tractility, which is aided by the activity of ROCK. Throughout this process, the membrane
potential and intracellular Ca?>* concentration are carefully regulated[117][118].

The central role of calcium in regulating contractility has made it an important topic of
inquiry for smooth muscle tissues, including HASM tissues[119]. A particularly notable phe-
nomenon is the presence of asynchronous oscillations[120]. The first report of asynchronous
oscillations of intracellular Ca?T levels in smooth muscle cells emerged in 1994[121], when
they were visualized in rat tail arteries. Since then, they have been reported in other smooth
muscle contexts, including in human lung slices, i.e., HASM tissues[122]. Such asynchronous
oscillations are thought to regulate tonic contraction[123], as opposed to synchronized os-
cillations, which induce oscillatory contractions. Therefore, in HASM tissues, asynchronous
oscillations are the means for the maintenance of brochomotor tone. Compared to oscil-
lations in other excitable cell types, the asynchronous oscillations of smooth muscle cells
are slow, with frequencies on the order of 2 - 3 cycles/min[124]. Because of the functional
importance of these oscillations, a number of studies have considered means of altering the
frequency, mostly through pharmacological means[124][125].

Here, we report on the application of p-i-n SINWs to modulate Ca®t signaling in HASM
cells. Our rationale for this application was based on the electric excitability of HASM cells,
and the well-known ability of p-i-n SINWs to induce calcium fluxes in response to optical
stimulation in numerous cell types[49][53][63]. First, we characterize the NW-cell interface
with respect to key structural components, finding that NW association is non-perturbative

to the actin cytoskeleton, focal adhesions, or gap junctions. We then introduce an analytic
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framework for characterizing asynchronous oscillations in stimulated and unstimulated, geo-
metrically controlled colonies of HASM cells. Finally, we apply the optical control provided
to us by p-i-n SINWs with unprecedented cell-level specificity in modulating HASM Ca2t
activity with a nongenetic, drug-like delivery system. Further analysis of the stimulation
reveals that optical stimulation induces large spikes in Ca2™ concentration at stimulation

sites, and can lower the frequency of oscillations in adjacent cells.

3.3 Materials and Methods

3.3.1 Cell Culture

Human airway smooth muscle (HASM) cells were provided courtesy of Julian Solway. The
cells were cultured in DMEM /Hams F-12 50/50 Mix with L-glutamine (Corning, Corning,
NY) and supplemented with 10% fetal bovine serum (Mediatech; Corning), additional L-
glutamine to 2 mM (Corning), penicillin-strepomycin (Corning), and antibiotic-antimycotic
solution (Corning). Cells were thawed from liquid nitrogen storage at second passage and

only imaged at passage numbers 3-5.

3.3.2  Polyacrylamide (PAA) Gels

PAA gel substrates were prepared as previously reported in Oakes et al., 2014[69] and Schau-
mann et al., 2018[74]. A stock solution for making gels of Young modulus 16 kPA consisted
of a mixture of 3.125 mL 40% acrylamide (Bio-Rad Laboratories, Hercules, CA), 1.67 mL
2% bis-acrylamide (Bio-Rad), and 0.21 mL water. To prepare the gels, 150 L of standard
solution were mixed with 347 mL of water, 0.75 uL tetramethylethylenediamine (Sigma-

Aldrich), and 2.5 pL of ammonium persulfate (Sigma-Aldrich).
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3.3.8  Unpatterned Substrates

For experiments with no collagen patterning, PAA gels were mixed as described above and
polymerized while sandwiched between activated coverslips and glass slides treated with
Rain-X (ITW Global Brands, Houston, TX). For each 25 mm round coverslip, 800 pL of 2.5
mg/mL Sulfo-SANPAH (Pierce; Thermo-Fisher, Waltham, MA) were added to the surface
of each gel. To form crosslinks amenable to ECM protein deposition, the gels were then
exposed to UV light for 5 minutes. Afterwards, the gels were washed in DI water, spin dried,

and inverted onto 50 pL drops of 100 pg/mL collagen in MES buffer overnight at 4°C.

3.3.4 Micropatterned Substrates

Patterned gels were prepared as reported in Schaumann et al., 2018[74], based on a proto-
col developed in Tseng et al., 2011[70]. Briefly, PAA gells were mixed as described above
and polymerized while sandwiched between activated coverslips and a quartz/chrome pho-
tomask. The gels were then illuminated through the photomask with 185 nm and 254 nm
light in a UVO-Cleaner 342 (Jelight, Irvine, CA) for 110 seconds, which activated only the
regions exposed to light. The coverslip and gel were then removed from the photomask
by submerging the entire complex in water and gently detaching a corner with a razor
blade. Gels were incubated for 10-15 min in a solution containing 5 mg/ml 1-ethyl-3-(3-
dimethylaminopropyl)carbodiimide hydrochloride (EDC) (Thermo-Fisher) and 10 mg/ml
N-hydroxysuccinimide (NHS) (Thermo-Fisher) in water. The EDC/NHS solution was aspi-
rated and replaced with a solution containing 0.5 mg/ml collagen-I in an MES buffer for 40

min.

3.3.5 Microscopy and Calcium Imaging

Cells were imaged on an inverted scanning confocal/airydisk microscope (LSM 980; Zeiss,

Oberkochen, Germany) with a GaAsP PMT detector. Image acquisition and microscope
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control was done using Zen 3.1 Blue management software (Zeiss). To monitor changes in
cytosolic calcium concentration, fluo-8 AM (AAT BioQuest, Sunnyvale, CA) was added to
samples to be imaged at a final concentration of 3.75 puM. Fluo-8 treated cells were placed
back in the incubator for 25 minutes, at which point the medium was replaced with fresh cul-
ture medium supplemented with 10 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid

(HEPES). The samples were then transferred immediately to the microscope and imaged.

3.3.6  Silicon Nanowires for Photostimulation

Coaxial p-i-n silicon nanowires (SiNWs) were provided courtesy of Kelliann Koehler and
prepared as reported in Parameswaran, et al., 2018[53]. This method uses gold nanoclusters
as catalysts to form nanowires in a chemical vapor deposition apparatus. First, 50 nm
diameter citrate-stabilized Au nanoparticles (Ted Pella, Redding, CA) were added to Si (100)
substrates (Nova Electronic Materials, n-type, 0.001-0.005 Qem). Silane (SiHy), diboron
(BaHg, 100 ppm in Hg), and phosphine (PH3, 1000 ppm in Hs) were used as Si reactant,
p-type dopant, and n-type dopant, respectively during the synthesis. Hg was the carrier gas.
The synthesis process occurred in four phases: p-type NW formation, a pause for temperature
equilibration, intrinsic shell deposition, and n-type shell deposition. The relevant parameters

- temperature, pressure, time, and flow rate of each reagent - were in accordance with Table

3.1
Phase Time (min) | Temp °C | Pressure (torr) | SiHys (sccm) | BoHg (sccm) | PHs (scem) | Ha (scem)
p-type NW 30 170 10 2 10 0 60
Pause 20 750 0 0 0 0 0
Intrinsic shell 15 750 20 0.6 0 0 60
n-type shell 15 750 20 0.3 0 1.5 60

Table 3.1: Growth parameters for coaxial p-i-n SINW synthesis.

3.3.7 Immunofluorescence

Immunofluorescence investigations followed standard fixation and staining protocols. Cells

were added to 25 mm round coverglass and left to grow for 24 h. Then, SINWs were
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added to each sample. In lieu of a quantitative method for dosing the number of SINWs
added, different volumes from the same SiNW-containing mixture functioned to alter the
dosage. The samples were then placed back in the incubator and left for another 24 h to
allow for possible SINW-cell interactions. At the end of this period, cells were fixed using
a solution of 4% paraformaldehyde, 0.5% Triton-X100, and 2.5% bovine serum albumin in
PBS for 15 minutes. The staining solution was composed of DPBS with 0.5% Triton-X100
and 2.5% bovine serum albumin. Primary antibodies were rabbit anti-Cx43 (clone number
EPR22955-101; Abcam, Cambridge, United Kingdom) at a 1:50 dilution, mouse anti-vinculin
(catalog number V9131, Sigma-Aldrich) at a 1:100 dilution, and phalloidin-AlexaFluor488
at a 1:800 dilution. Secondary antibodies were anti-rabbit-AlexaFluor647 and anti-mouse-

AlexaFluor568, both at a dilution factor of 1:800.

3.3.8 Calcium oscillation characterization

Movies showing fluo-8 fluorescence in cells and colonies were segmented by hand in ImagelJ,
using the built-in ROI manager to generate a binary mask that was true for every pixel that
was within an oscillatory cell. Normalized change in fluorescence (dF/Fy) movies were pro-
duced using a freely available ImageJ plugin. The remainder of the analysis was conducted
using a home-built routine written in Python 3.7. For a given cell at a given time point, the
signal was calculated as the average dF'/ Fyy pixel intensity within the cell. Correlation matri-
ces showing the value of Pearson’s correlation coefficient for all combinations of cells within
a movie were produced using the built-in corrmat function available in the pandas package.
Changes in oscillation frequency for individual cells and groups thereof were characterized
by plotting the magnitude of the Fourier transform of each time series and observing the

frequency with the highest power.
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3.4 Results

3.4.1 Silicon nanowires form non-invasive interfaces with HASM

cytoskeletons

The development of SINWs as tools for biological modulation and sensing is comparatively
recent, and as such, there are only a few cell types for which there are reports in the literature
characterizing the cell-NW interfaces. To understand the nature of NW interactions with
HASMs, we employed immunofluorescence to visualize key cytoskeletal targets alongside NW
location. The NWs themselves are hydrogen-terminated after washing in HF, and as such
do not interact with antibodies. Rather, they are visualized by monitoring the reflected light
from 491 nm illumination, similar to procedures that have been described elsewhere.
We found the presence of NWs to be largely non-invasive, with minimal impacts on actin ar-
chitecture, focal adhesion maturation, or gap junction formation (Fig ??). In two-dimensional
culture without the presence of nanowires, the organization of actin in HASMs is defined
by thick, prominent bundles of crosslinked actin called stress fibers, which are aligned along
the long axis of each cell. Within isotropic cells, which are more abundant shortly after cell
division or when cells are freshly plated, the orientation of the stress fibers remains strongly
preferential towards a particular axis. The addition of NWs does not appear to affect this in
any meaningful way, as cells with associated NWs display the same essential characteristics.
To examine focal adhesion (FA) activity, we stained for vinculin, a focal adhesion protein
that is associated with mature FA plaques, i.e., FAs that have increased in size and recruited
a suite of associated proteins in response to cytoskeletal signaling. FAs are the subcellular
structures that represent the interface of the cytoskeleton and the extracellular environment,
namely the substrate, and in this capacity act as the sites of force transmission between cells
and their substrates. After 48 h of culturing, HASMs display large, mature FA plaques at
the terminal ends of stress fibers, consistent with most other cell types. Interactions with
NWs do not appear to alter this, with NW-associated cells displaying a similar incidence and
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Figure 3.1: SiNWs associate with cells without significant alterations to cytoskeletal structure.
(A) (B) (C) All scale bars = 25 um

size of FAs as compared to the control. Interestingly, we also found no evidence of FA-NW
colocalization, suggesting that there is no coordination between NW interface formation and
force transmission at the individual cell level.

Finally, we stained for connexin-43 (Cx43), a gap junction marker, to see whether NWs
altered electrical connectivity in cells. Broadly speaking, gap junctions are the sites of inter-
cellular electrical communication, as they allow for ionic fluxes to pass through from one cell
to another. Cx43 is a transmembrane gap junction protein that is present in most cell types

and is thus a good candidate for monitoring the expression of gap junctions. In HASMs
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without NWs, Cx43 is visible as small, highly concentrated circular plaques that punctuate
the ends of long actin protrusions around cell-cell interfaces. Again, the addition of NWs
changes neither the morphology of such plaques, nor the incidence thereof (Figure 3.1C).

From these results, we concluded that SiNWs do not perturb the cytoskeletal architecture
of HASMs, irrespective of the number or size of NWs present per cell. This raised the pos-
sibility that the NWs, in fact, were not interface-forming in the first place, and the lack of
noticeable cytoskeletal impact was simply because there were no interactions. To examine
this question further, we visualized the position of NWs in the z-direction, relative to the
actin channel (Figure 3.1B). These results suggested different degrees of interaction with the
actin cytoskeleton. In the case of certain NWs, actin is visible above and below the reflected
light from the NWs. Because the resolution in the z-direction is considerably coarser than
in the xy-direction, this does not necessarily prove that the NWs are completely internalized
in the cell, however, it does suggest that there is a heavy degree of interaction between the
NW and cytoskeleton, with the NW potentially even being entangled within actin filaments

that compose the stress fibers.

3.4.2  Calcium signaling in HASM colonies is characterized by

asynchronous oscillations

To verify our model system of HASMs on patterned substrates, we characterized their calcium
signaling in the absence of NW-mediated stimulation. The colonies we imaged typically
contained between 150 and 250 cells, with a high proportion of them displaying oscillations.
To characterize calcium signaling within individual cells as well as the entirety of the colonies,
we produced maps of each movie, where the gray value of each pixel corresponded to the
cell that contained that pixel (see Materials and Methods). This allowed us to track changes
in fluo-8 fluorescence within each cell as a function of time, and to encode the complete
measurements for each cell in the form of an m x n matrix S, where m is the number of cells,

n is the number of time points, S;; is the average dF/F signal within the ith cell at the
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jth time point, and the ith row represents the time series for the ith cell (Figure 3.2). This
organizational scheme for monitoring the signal at multiple sites is fundamentally identical
to other multiplexed electrophysiological recordings[126][127], using change in fluorescence
as an input rather than, e.g., membrane potential.

Using this methodology, we can rapidly obtain and process data for entire colonies; the
limiting factor is typically the time required to segment the cells, although this process may
also be automated in the future using parcellation techniques. We used this to monitor
the calcium activity of micropatterned colonies to assess the development of signaling for
cells under geometric confinement. We selected large rectangular patterns for a number of
reasons. Firstly, the shape of the pattern imposes a degree of nematic ordering upon the
cells, as the long axis of the cells aligns with the long axis of the rectangle (Figure 3.3A and
Figure 3.5H). Because gap junctions were mostly observed at the protrusive ends of cells, this
means that controlling the colony geometry can impose a degree of control over the direction
of cell-cell transmission. Micropatterning also introduces a degree of crowding to the cells,
helping to ensure good cell-cell junction formation. Compared to the patterned samples,
unpatterned colonies tended to be sparser and display lower frequencies of oscillations.

To verify that our patterned samples displayed the same essential physiological characteristics
as HASM tissues, we observed intracellular calcium levels over time in colonies with no NWs
added, one of which is indicated in Figure 3.3A. As was expected, individual cells cycled
between high and low calcium levels at low frequencies, approximately 0.5 - 3 cycles/min
(Figure 3.3B,C). This was consistent with previously reported rates in tissue slices and other
smooth muscle types. A cursory inspection of the signaling patterns suggested that individual
cells were periodic in their oscillations, but that the phase and frequency of oscillation was not
synchronized with neighbors (Figure 3.3C). To verify this, we examined correlation matrices
for the signals from all cells within a given colony. The correlation matrix C is constructed
such that the value of Cj; is the Pearson’s correlation coefficient R of the signals from cells

1 and 7. For R to be close to unity, two signals must not only have similar frequencies,
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but they must be in phase with each other as well. As such, R is an effective measure of
how synchronized pairs of cells are. For colonies with no nanowires, the correlation matrices
showed correlations mostly limited to —0.2 < R < 0.4, suggesting that most cell pairs are
either out of phase or at different frequencies with each other, even when they are in close

proximity with one another.
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Figure 3.2: Schematic of analytic pipeline for calcium signaling in HASMs. Movies of fluo-8 (Ca?*
indicator) fluorescence are segmented by hand to yield maps identifying the location of each cell.
The average dF'/Fy signal within each cell can thus be measured and presented as charts of time
series. For convenience and ease of pattern identification, the charts for all cells can be compressed
down to m x n matrices where each row contains the time series for a single cell. When displayed as
images, the gray value indicates the change in fluorescence for a given cell at a given time point. By
examining such images row by row, changes in oscillation magnitude and frequency can be quickly
located and correlated to location using the labeled map.

3.4.8  Stimulation of NWs in HASMs produces calcium waves

We examined the impact of photostimulation using coaxial p-i-n SiNWs in large and small

colonies. Compared to other cell types that have been examined using similar methods,
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Figure 3.3: Ca?* oscillations in HASM colonies are periodic and uncorrelated. (A) Fluo-8 fluo-
rescence of a patterned colony of HASM cells. Red box indicates zoom-in for subsequent panels,
green arrows indicate cell locations for sampling in panel C. (B) Time course of dF/F} signal for
calcium levels in zoomed-in region of the colony depicted in A. (C) dF'/Fy signals for the five cells
indicated in panel A. Each cell displays a periodic oscillatory character, but there is no evident
synchronization between them, despite their close proximity to each other. (D) Correlation matrix
C for all cells in panel A, where Cj; is the Pearson’s correlation coefficient for cells i and j. The
overwhelming majority of pairs have low correlation values, suggesting that the overall calcium
signaling is asynchronous in the sample. All scale bars = 100 pm.

the dynamics of calcium signaling in HASMs are considerably slower, allowing for high-
resolution, large-area monitoring of the responses. In principle, stimulating entire fields of
view is possible, however, in order to effect a calcium response the z-position of a given
NW and the maximum intensity of the PSF of the illuminating beam must be coincident.
Because the micropatterned substrates are not always completely level along, and because the
vertical location of NWs can be variable (Figure 3.1B), large-area stimulations functionally
only impact a subset of the NWs within a given region. This can still lead to multiple
simultaneous stimulations, however (Figure 3.4B), allowing us to examine the development
of calcium responses from several originating locations.

Upon a large area stimulation, a sample containing many NWs associated with HASMs

displayed a noticeable calcium response (Figure 3.4B). To track the evolution of this response,
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Figure 3.4: Modes of NW-mediated calcium stimulation in large and small HASM colonies. (A)
Fluo-8 fluorescence in a large patterned colony. (B) Optical mapping of the colony shown in panel
A, of calcium response to NW stimulation separated into two phases. NW locations indicated in
red. Initially, NW-associated cells display a rapid calcium response (left). Then, the signal can
be transmitted to cells that are not associated with NWs (right). This process is considerably
slower than direct stimulation. (C) Fluo-8 fluorescence in a small patterned colony. (D) Average
dF/Fy calcium signal for each cell in the colony shown in panel C. Most cells were stimulated
immediately upon illumination, with calcium levels remaining elevated for several seconds before
gradually decaying. (E) Post-stimulation correlation matrix for the colony showed in panel C. High
levels of correlation suggest that decay patterns were largely similar between cells.

we employed an optical mapping routine that has previously used for monitoring similar
processes in cardiac cells [63]. These results indicated that cells with NWs were mostly
activated quickly, within the space of 5-10 s, with immediately adjacent cells exhibiting
calcium fluxes shortly thereafter (Figure 3.4B, left). This rapid response constitutes the
initial phase of cells that are directly stimulated or are immediately adjacent to stimulated
cells. Afterwards, in some samples, calcium responses may also transmit from cell to cell to
produce an indirect effect (Figure 3.4B, right). This process is significantly slower than the
initial response, suggesting that signal transmission occurs through indirect activation, e.g.,
calcium signaling through gap junctions, rather than the more direct, neurogenic-mimicking
stimulation from cells with NWs.

Smaller colonies differ from their larger counterparts in a few significant ways. One is their

70



evident decreased propensity to oscillate - relative to larger colonies, even densely packed
small colonies seldom exhibit calcium fluctuations, and when present the rate seems to be
significantly lower. They are, nevertheless, still responsive to NW-mediated stimulation
(Figure 3.4D). Since the entire colony can be directly stimulated, the overall response is a
rapid increase in calcium levels followed by a more gradual decay. Because calcium signaling
events are otherwise infrequent in small colonies, such a spike is a dramatic change in the
overall signaling within the colony. While it is tempting to view the decay pattern as an
exponential that could be fitted with a characteristic parameter, further investigated revealed
that the decay signal is actually more complicated than that, and therefore not amenable to
exponential fitting. To verify the uniformity of the decay, however, we were able to construct
a correlation matrix for each signal immediately following stimulation (Figure 3.4E). The
high correlation values for most cell pairs indicate that most cells followed very similar

patterns, with some exceptions for cells that showed a minimal or delayed calcium spike.

3.4.4 Systematic investigation of Ca** dynamics after NW-mediated

stimulation

Based on these results, we set out to determine the effects of NW stimulation on the base-
line asynchronous calcium oscillations in tissues. As was observed with small colonies, non-
oscillatory cells typically display a strong peak in fluorescence, a gradual decay, and then a
return to the steady base level. Some cells in larger colonies are also non-oscillatory, and for
these cells, the pattern remains largely the same - a flat line, a large increase, and a return
to the original flat line - even when the cell’s neighbors are oscillatory (Fig 3.2, lower-right
cell /bottommost trace). The presence of oscillations, however, introduces the possibility of
more nuanced responses, and so we set out to systematically consider colony-wide effects
on synchronization and oscillation frequency, as well as examining single-cell responses after
stimulation.

We first examined the possibility of changes in calcium signaling on the scale of entire
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colonies, which would imply that the effects of stimulation could transmit significantly fur-
ther than the comparatively few stimulation sites. Because the unstimulated state is char-
acterized by its asynchronicity, an increase in the overall level of synchronization between
cells would suggest that the simultaneous pulses exhibited in stimulated cells may act to
“reset” the timing of oscillations in neighboring cells. Such effects were elusive with larger
colonies, however (Figure 3.5A). In colonies with NWs; correlation matrices generated from
dF/Fy signals before and after stimulation did not suggest any large-scale coordination,
which was consistent with matrices that looked at signals in colonies that were exposed to
stimulating light but had no associated NWs (3.5C). Another possible colony-wide impact
might be a change in the frequency of oscillations. To measure this, we wrote a spectral
analysis routine that plotted the magnitude of the Fourier transforms of signals before and
after stimulation against frequency. The frequency corresponding to the highest power was
taken to be the predominant oscillation frequency of the cell. We then produced histograms
of the predominant frequency for all cells within a colony to visualize any potential changes
as a result of stimulation. Once more, there did not appear to be any major impacts on the
colony-wide signaling (Figure 3.5B,D). In the stimulated colony, a number of cells beating
at higher frequencies appeared to have been attenuated, while the histogram suggests that
some low-frequency cells also became slightly quicker (Figure 3.5B). Compared to the no-NW
control, however, these results are not dramatic enough to imply significance on the scale
of the colony, and in all cases, the histograms are heavily weighted towards low-frequency

trends.

72



A Pre-illumination Post-illumination B Pre-illumination Post-illumination
- w0

# Cells

w0

80
50
20
0 o
0 00l 00z 003 404 005 006 007 @00 001 082 063 004 005 006 007
140 140
120 120
100 100
80 80
60 60
« %
20 20
o o
000 001 002 003 004 005 006 007 000 001 002 003 004 005 006 007

Predominant Frequency (s™) Predominant Frequency (s")

# Cells

F G

1.25] 20.0)
1.00| 175 50
0.75] 15.0) 0

A 050 125
0.0 3 20
~0.25] >0 10

25

55 0.9 o
Time (s) 002 004 006 008 0.1 002 004 006008 0T
Frequency (s™) Frequency (s™)

< dFIFs

F>

dFiFs

5 L s 5 o o o
—

Power

P VR i S

o n nw w B B G 5B

5 &4 5 h 5 b 5 b o

4|

b

4= 200 300 500 800 1000
Time (s)

0.06 006

L 004 7 508
Frequency (s™) Frequency (s™!)

Figure 3.5: Correlation and frequency analyses of calcium signaling after NW-mediated stimulation.
(A-D) Localized NW stimulation does not induce large-scale changes. (A) Correlation matrices for
a stimulated colony, before (left) and after (right) stimulation. (B) Histograms of highest-power
calcium oscillation frequencies for cells within a stimulated colony, before (left) and after (right)
stimulation. (C) Correlation matrices for a non-stimulated colony, before (left) and after (right)
illumination. (D) Histograms of highest-power calcium oscillation frequencies for cells within a
stimulated colony, before (left) and after (right) illumination. (E) Optical mapping of calcium
signal after stimulation in an unpatterned colony. Red arrow indicates the location of the cell
that is analyzed in the next two panels. (F) Average dF/Fy signal within a cell adjacent to the
stimulated cell. Vertical line indicates the time of stimulation; oscillations remain periodic but
adopt a lower frequency after stimulation. (G) Spectral analysis of dF'/Fj signal shown in panel F
before (left) and after (right) stimulation. Higher-frequency components are suppressed, and the
predominant frequency is lower than before stimulation. (H) Fluo-8 fluorescence of a patterned
colony that underwent stimulation. Red arrow indicates a stimulated cell analyzed in the next
two panels. (I) Average dF/Fy signal within a stimulated cell. Vertical line indicates the time of
stimulation; oscillations persist largely unchanged after stimulation. (J) Spectral analysis of dF'/Fy
signal shown in panel I before (left) and after (right) stimulation, showing the minimal change in
frequency. Scale bars = 50 pum.



At the scale of single cells, impacts of stimulation were more evident, namely with respect
to cells at or near stimulation sites. Generally, the character of a simple periodic function
arises from its amplitude, frequency, and phase. While calcium levels in cells can be some-
what more complicated than this, at times adopting patterns that seem more reminiscent of
a superposition of waveforms (Figure 3.6), we observed that most cells could be reasonably
approximated with a single frequency and phase, although the amplitude is variable, likely
because of a combination of intrinsic variability and the non-ratiometric and therefore non-
quantitative nature of fluo-8 as a Ca®t indicator. As such, our investigation of single-cell
behavior consisted of the same spectral analysis routines employed at the colony scale, but
with particular attention to cells that were local to stimulated regions. At this scale, a recur-
ring motif becomes apparent, of oscillation frequencies decreasing after stimulation (Figure
3.5E-G, also Figure 3.2 traces 1 and 3). A typical dF'/Fy trace of this is presented in Figure
3.5F, where shortly after stimulation, the cell sees a large increase in CaZt levels, relative
to previous oscillations, and afterwards, peaks are spaced somewhat further apart than they
were before stimulation (Figure 3.5F). The defining feature of this pattern is a shift in spec-
tral density towards lower frequencies (Figure 3.5G), characterized by a redshift and increase
in magnitude of the highest peak, and lower values for higher frequency contributions. This
redshift is most frequently observed in cells that are adjacent to stimulated cells, suggesting
it is a feature of transmitted calcium signals. Whether it is a response to any large change
in calcium or is simply a facet of damage recognition in neighboring cells remains unclear,
however. The stimulated cells themselves typically exhibit one of two main patterns. Much
like the case for smaller colonies, stimulated cells in large colonies tend to display a large
increase in Ca2t and a corresponding decrease, whether the cells were initially oscillatory or
not (Figure 3.2, traces 2 and 4). Another observed outcome, however, may arise when the
stimulation is coincident with an existing peak in an oscillation (Figure 3.5H-J). In this case,
the stimulatory peak is considerably higher than its predecessors, but the overall pattern

remains unchanged.
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3.5 Discussion

This work presents what is, to our knowledge, the first report of freestanding devices for
bioelectronic modulation integrated with airway smooth muscle tissues. As such, we have
covered both the fundamental interface formation between SINWs and HASM cells, as well
as the photostimulation capabilities of coaxial p-i-n nanowires. In particular, we found that
SiNWs associate with cells without inducing noticeable changes in actin architecture, focal
adhesion formation and maturation, or gap junction connectivity. We then validated the use
of SINWs to induce calcium fluxes in small and large HASM colonies. Our key findings in this
area were that local stimulation resulted in minimal perturbations to overall colony calcium
dynamics and cell-to-cell synchronization thereof, but that cells in the vicinity of stimula-
tion sites had measurable changes in their oscillatory patterns. For cells that were directly
stimulated, this commonly took the form of large, transient spikes in Ca?t concentration
followed by a decay to the baseline. Cells adjacent to stimulation sites also frequently saw
significant spikes, with the additional characteristic of slower oscillations for several minutes
after stimulation.

In the course of this analysis, we applied several characterization methods that should prove
useful in other studies on bioelectronic modulation in oscillatory systems, such as cardiac
cells. The computational routines presented here are suitable for analysis at the scale of
single cells up to large colonies and cell monolayers and can help to quickly identify the
results of stimulation. Moreover, since SINWs can be delivered in a drug-like fashion and
the only other equipment requirements are a fluorescence microscope and a calcium (or other
relevant species) indicator, this routine is completely orthogonal with a wide variety of other
techniques of interest, such as FRET sensing, patch clamp microelectrode recording, or op-

togenetic methods.
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Figure 3.6: Spectral analysis of possible superpositions of wave patterns within the calcium signal
of a single cell. (Top) dF/Fy signal of a cell in an unstimulated colony over the course of 960 s.
(Bottom) Spectral analysis indicates contributions from multiple different frequencies.
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CHAPTER 4
CONCLUSION

4.1 Summary

My thesis work has primarily fallen into two categories of mechanobiology and bioelectron-
ics, linked by the common theme of treating cells as being more than just biochemical and
genetic in nature. By considering cells as physical entities, which can respond to and pro-
duce mechanical and electrical stimuli at the cell scale, new perspectives can emerge that
complement our present molecular understanding of biology. In Chapter 2, I presented an
investigation into how colonies of cells distribute traction stresses, based on an existing
hypothesis that the stress distribution patterns would resemble those of single cells. This
profile would be characterized by inward force vectors at the colony periphery, localized to
regions of curvature. Unexpectedly, it was found that the colonies only fit those patterns
under certain conditions - in other instances, the distribution was something in between a
collective single cell and a disconnected series of individual cells. Hotspots of stress exertion
could appear under the interior of the colony, and they were dynamic: appearing, moving,
and dissipating over time. A rationale for the transition between these two modes of distri-
bution arose from a new model. The adherent active vertex model was discussed as a new
type of vertex model, one which considered the usual vertex model force balance between
cortical contractility and cell-cell adhesion, and added modifications in the form of stochastic
motion, focal adhesion turnover, and protrusive dynamics. This model, which was among
the first vertex models to make measurable mechanical predictions beyond morphology, was
able to explain the different force distribution patterns as arising from differing fluidity of the
component cells. The mean velocity of cells was taken as a proxy to this fluidity parameter,
and shown to be associated with the presence of dynamic, interior traction stresses. Finally,
the model was compared to experimental results with traction stresses at sites of cell division

and rotation in circular colonies, and found to agree with the observations. The cell division
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results in particular were further validated by subsequent work relating cell divisions within
the same cell types to the speed of cells within monolayers, an observation that was itself
demonstrated through a vertex model[128].

In Chapter 3, my focus shifted to applications of p-i-n silicon nanowires (SiNWs) in human
airway smooth muscle (HASM) tissues. This study began with an examination of the cell-
NW interface, which found that there was minimal impacts on the cytoskeletal structure of
NW-associated cells. The main analytic machinery was introduced by way of quantifying the
asynchronous oscillations in colonies of HASM cells, and verifying that they would display
similar oscillatory patterns and frequencies as tissues, even under geometrically confined con-
ditions. The primary tools for showing this were correlation matrices, which indicated that
there is little correlation between cells, and spectral analysis to identify the peak frequencies
of individual cells within a given colony. The next topic considered was photostimulation of
NWs in HASM tissues, distinguishing between large and small colonies. In large colonies, a
subset of cells would be stimulated, with effects gradually transmitting outwards from stim-
ulation sites. By contrast, we found that oscillatory behavior in small colonies was initially
smaller, and stimulation did little to change that. Rather, it would induce large spikes in
intracellular Ca?t concentration, followed by a decay to the baseline. Finally, the effects
of stimulation were considered on a whole colony and cell by cell basis in large colonies.
Because the extent of stimulation was small relative to the size of the colonies, the impacts
on cell-cell correlation as well as average frequency within the whole colony were minor. On
the individual cell basis, however, different effects could be observed. Most notably, cells
adjacent to stimulation sites were prone to displaying a reduction in oscillation frequency
after stimulation.

Both of these projects represent novel contributions to the existing academic corpus. Taken
together, they each shed light on different facets of our understanding of how biological cells
respond to their environments. In the first case, a central result was the importance of

cell-cell interactions in determining the final force distribution to the local environment. If
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a cell’s neighbors were in motion, the cell itself was likely to also be in motion, resembling
a fluid rather than a jammed solid, and the forces that were exerted reflected that dynamic
nature. In the second case, the stimulation was external, provided selectively by way of pho-
tostimulation on nanowires that spontaneously formed interfaces with cultured cells. The
observation of lower frequency oscillations near stimulated cells provides clues as to future

applications and side effects of nanowire technology.

4.2 Future directions

Given that the research presented here draws heavily from mechanical and electrical consid-
erations in cell biology, a question very naturally emerges: What is the overlap between these
two areas of research? To date, much work has been conducted to link mechanical processes
with molecular signaling, and a robust body of literature also exists to link cell and tissue
level electrical processes with molecular biology. Surprisingly, these two areas of research
even have some elements in common, namely the RhoA signaling pathway, which is a ma-
jor regulator of myosin contractility, and which also plays a role in excitation-contraction
coupling. Based on this relationship, it may be hypothesized that there is indeed crosstalk
between cell mechanics and bioelectronics. Alas, research explicitly linking these two distinct
areas is comparatively sparse in the literature.

What explains this discrepancy? To be sure, the connection to RhoA is somewhat more
tenuous with electrical processes than with mechanical ones, as RhoA itself does not ap-
pear to be regulated by electrical stimuli, but other components of the pathway, namely
myosin light chain kinase (MLCK), are more directly related. MLCK is both downstream
of RhoA activity, and it is promoted by high intracellular calcium concentrations. Both
RhoA activity and elevated calcium act to increase MLCK[129], and given how closely that
is regulated, it is not entirely surprising that there is evidence of explicit links between the
two pathways[130][131]. MLCK is not the only direction to pursue in consideration of this

overlap, either. In the last ten years, the Piezo family of channel proteins has emerged as an
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increasingly important target of inquiry[132]. It is mechanically responsive - stretching acti-
vates it[133] - but it has also been recently announced to operate in a purely voltage-sensing
mode as well[134], in that its probability of being open increases at positive voltages. Some
recent reports have explicitly considered electromechanical coupling in cells through Piezo
channels[135][136], and have even connected Piezo-mediated calcium signaling to traction
forces[137]. Optogenetic methods, which were originally introduced in the context of ion
channel regulation, have been employed to help elucidate the nature of electrical signaling in
cells[39], and have recently also been successfully applied in mechanical contexts[138][139].
To rigorously explore the relationships between bioelectronics and cell mechanics, however,
the length scales of the two fields must converge, which implies that bioelectronic devices
need to be able to operate and interact at the subcellular level. Chapter 3 of this disserta-
tion comprises an early exploration of bioelectronics at this scale, but it is likely that future
developments in nanoscale devices and computational modeling will help to clarify this in-
tersection.

Another recurring theme in all of my areas of interest, and one which will no doubt be-
come increasingly important in the foreseeable future, is the role of computational routines
throughout the scientific process. The work presented here all relies on computers, whether
they are being applied to quickly handle discrete data in the form of images, or to acquire
those images in the first place. For instance, a major motivation for the research that forms
Chapter 2 was to examine the experimental relevance of active vertex models, a class of
models that had seen large amounts of interest, but which had been mostly confined to
the theoretical domain[140]. This sort of dialectic between experiment and theory is likely
to proceed with heavy input from the computational domain. One way this might hap-
pen is through the increasing relegation of pattern recognition duties to machine learning
algorithms, particularly convolutional neural networks, which are ideally suited to detect
subtle relationships that may not be immediately obvious to the human eye[141][142]. In-

creasing capabilities for modeling and simulation are likely to make major contributions, as
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well[143][144]. Vast libraries of simulations for pharmacological interactions and material
properties have both been applied to identify promising candidates for further investiga-
tion[145][146]. Our understanding of cell mechanics as well as bioelectronics are likely to

deepen as a result of similar developments in these spaces[147].
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APPENDIX A
STANDARD METHODS AND MATERIALS

A.1 Cleaning and activation of glass coverslips

Flexible or micropatterned substrates must use glass that has been silanized and treated
with glutaraldehyde in order for the gel to adhere to the glass. This is the standard protocol
used for this process, as well as the requisite cleaning beforehand, referred to elsewhere as

coverslip “activation.”

A.1.1 “Squeekie cleaning” for coverslips

Eliminate as many bubbles as possible in every step.
1. Place new coverslips into a beaker of tap water, sonicate for 30 minutes.
2. Exchange solution to dilute versa-clean in DI water, sonicate for 30 minutes.
3. Exchange solution to DI water, sonicate for 30 minutes.
4. Exchange solution for 30% ethanol, sonicate 30 minutes.
5. Exchange solution for 70% ethanol, sonicate 30 minutes.
6. Exchange solution for 100% ethanol, sonicate 30 minutes.
7. Exchange solution with fresh 100% ethanol, sonicate 30 minutes.

8. Pour out 100% ethanol and place coverslips in a jar with 100% ethanol for storage.

A.1.2 Activating coverslip surface

1. Place squeaky clean coverslips in stainless steel rack. Flame coverslips individually to
get rid of the ethanol.
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2. Immerse in 2% 3-(aminopropyl)trimethyoxysilane diluted in isopropanol for 10 minutes.

3-(aminopropyl)triethoxysilane should also function to serve the same purpose.

3. Dispose of the waste in a container dedicated to coverslip activation waste. Rinse

converslips in DI water 3-4 times.
4. Dry coverslips at low temperature in incubator.

5. Immerse in 1% gluteraldehyde solution in H20 for 30 minutes. Dispose of waste in

dedicated container.
6. Wash in DI water for 10 minutes, exchange solution and repeat 2 times.
7. Dry in incubator.

8. Store at room temperature in a petri dish or covered by aluminum foil to prevent dust

from adhering to the surface.

A.2 PAA Micropatterning

This is a condensed protocol of the micropatterning technique described in further detail in
Section 4.1 of Chapter 1. These steps are adapted from a protocol written by Patrick W.
Oakes in 2013.

1. Prepare PAA gel mixture with standard solution, water, beads (if using).

2. Clean Cr side of photomask with DI water (approx. 0.5 - 1 mL) first, then with approx.

0.5 - 1 mL hexane. Apply uniform pressure and avoid streaking.
3. Add TEMED and APS to gel solution and pipette up and down to mix.

4. Add a drop of the gel mixture to the center of the pattern on the chrome side of the
photomask. Heuristically, 11 - 15 pL is appropriate for a 25 mm round slide Volume

can be scaled appropriately to the size of the coverslip.
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10.

11.

12.

13.

14.

15.

16.

17.

Gently lower coverslip onto spot, avoiding touching the mask with tweezers.

Cover lightly with foil. Let polymerize 30 min. The gel should retract at the edges of

the coverslip and the leftover gel mixture should be fully polymerized in the tube.

Put mask with polymerized gels into UV oven, quartz side up, edges resting on spacers

(slides). Set oven for 90 s, then let rest an additional 5 min to let ozone clear.

Make 1 mL aqueous solutions of 1 aliquot EDC (8 - 12 mg, stored in a -20° freezer)

and NHS (approx. 15 - 20 mg, stored at room temp). Vortex.

. Mix EDC and NHS solutions 1:1.

Spot 250 p L EDC-NHS onto parafilm on cardboard for each coverslip.

Submerge mask inside a glass dish filled with DI water. Use a new razor blade to lift
edge of slide and tweezers to grab. Keep razor blade flat, avoid touching mask with

tweezers, and avoid getting anything close to the pattern.

Gently wick away extra moisture by touching the edge of the coverslip to a kimwipe
(avoid touching the gel to anything). Place gel-side down onto EDC-NHS. Let rest 10

min. You should see small bubbles forming indicating the reaction is taking place.

Carefully dry mask, making sure to remove any leftover gel and water before storing.

Any remnant gel stuck to the mask can be removed using just DI water.

Prepare a 10 pg/mL solution of your protein of interest in HEPES (pH 8.5). Spot 100

L per slide onto another piece of parafilm.

Remove coverslips from EDC-NHS and wick away excess liquid, then invert coverslip

gel-side down on protein solution. Let rest 15 - 30 min.
Set coverslip in a dish gel-side up. Wash 3x with PBS, with 5 min between washes.

Store in cold PBS.
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