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Abstract: 

 Our understanding of the mechanics of multi-scale cellular biology continues to improve 

as we study the complex balance of forces found in tissues from the subcellular to the tissue 

scale. Determining the links between how subcellular protein activity regulates cell shape and 

volume and how those changes to shape and volume affect tissue architecture as a whole is vital 

to our understanding of cellular processes from embryo development and organization to the 

uncontrolled growth of cancerous masses.  Here, we add to this body of work by examining how 

perturbations to subcellular forces, both internal and external, affect individual cell shape, 

motility, and overall homeostasis as well as how these forces propagate and affect tissue-scale 

change. Using model epithelial (and in one case endothelial) tissue, we examine various internal 

and external perturbations to cell force. This includes internal modifications to junctional tension 

from local ROCK inhibition and activation as well as modifying the presence and localization of 

the force sensitive LIM domain protein FHL2. It also includes the application of external forces 

through processes such as the addition of hyperosmotic media to create osmotic pressure 

changes, applying a DC electric field to induce transient calcium spikes implicated in 

electrotaxis, and applying shear stress through disturbances to apical fluid flow. Ultimately, we 

find that cell shape, volume, and cell motility is controlled through various underlying 

biophysical mechanisms from active membrane tension to cell-cell adhesion to local ion 

concentration. We also show that cell shape, volume, and motility regulation in response to force 

perturbations affect cells differently in small colonies compared to mature epithelial tissue, 

underscoring the importance of collective behavior in the regulation of tissue-scale dynamic 

processes.
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Chapter 1: Introduction 

 

1.1 Cellular force production 

1.1.1 The cytoskeleton 

 Understanding mechanical forces within living organisms begins with the 

cytoskeleton. Cellular force generation and transmission occurs through a complex network of 

self-assembled filaments in the cellular cytoplasm known as the cytoskeleton. The cytoskeleton 

is a dynamic viscoelastic system made up of biopolymer networks (Pullarkat et al., 2007). These 

networks act to resist cellular deformation and transmit internally generated stress through the 

cell at scales orders of magnitude longer than the individual proteins that make up the filaments 

(Fletcher and Mullins, 2010). Ultimately, they are responsible for a cell’s ability to maintain 

shape, exert forces on their external environment, move proteins through the cytoplasm, and 

provide basic elements for cell motility and division (Hohmann and Dehghani, 2019).  

There are three main filaments that make up the eukaryotic cytoskeleton: actin, 

microtubules, and intermediate filaments. These filaments are capable, along with a whole army 

of accessory proteins, of self-assembling, disassembling, and reassembling into complex network 

components (Blanchoin et al., 2014). Each individual cytoskeletal protein has the ability to 

polymerize into a filament and transmit short range interactions into the long-range transmission 

of forces(Fletcher and Mullins, 2010). In this work, we largely focus on the structure and effects 

of the actin cytoskeleton, but that does not discount the importance of the other two components 

of the cytoskeleton.  
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1.1.2 Actin and myosin assemblies 

Actin is one of the most abundant proteins in eukaryotic tissue (Dominguez and Holmes, 

2011), making up approximately 20% of total protein in muscle cells and 5-10% of total protein 

in other cell types (Cooper, 2000). Polar actin monomers, known as globular actin or G-actin, 

assemble into right handed helical filaments known as f-actin (Blanchoin et al., 2014). These 

filaments have a barbed end and a pointed end each with distinct properties. Both ends are 

capable of assembly, disassembly, and reassembly, but the barbed end goes through these 

processes 10 times faster than the pointed end and, assuming sufficient monomer concentration, 

can assemble to be 10μm in length in under 2 seconds (Blanchoin et al., 2014). These actin 

filaments with the ability to polymerize and depolymerize are the basic components of the 

complex self-assembled networks that make up the actin cytoskeleton.  

Myosin is a superfamily of molecular motor proteins which interacts cyclically with actin 

to create cellular contractility and generate motility (Sweeny and Houdusse, 2010).  Myosin 

proteins each consist of heads which bind to actin subunits and tails which attach to the myosin 

Figure 1.1: Diagrams of actin organization (a) Stacked myosin binding to actin filaments 

which make up a fundamental unit of contractility in the cell. (b) Actin filaments (shown in 

yellow) organized in a migrating cell. Including filopodia, lamellipodia, stress fibers, and the 

cortex surrounding the cell.  
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heads at a neck region and interact with loads or cargo (Craig and Woodhead, 2006). These 

individual molecular proteins commonly self-assemble into larger contractile bundles which 

undergo a power stroke cycle allowing them to pull on actin filament and generate contractile 

force in a cell (Hartman and Spudich, 2012). A power stroke consists of myosin moving through 

various mechanical conformations in which it first binds to actin, then changes conformation to 

create a pulling motion (the power stroke), and finally the myosin detaches and the shape of the 

myosin resets itself (Hartman and Spudich, 2012) (Figure 1.1a). This basic cycle allows 

members of the myosin family to perform tasks such as walking along actin filaments carrying 

cargo or sliding actin filaments across one another to generate tension in the contractile ring 

during cytokinesis (Warrick and Spudich, 1987). 

When it comes to cell motility and force generation in cells, myosin II is a crucial 

component of cellular movement and reshaping. Myosin II is a double headed and non-

processive member of the myosin motor family (Kovács et al., 2004). In muscular cells it 

assembles into large bundles of hundreds of individual motors (Grewe and Schwarz, 2020), 

while in non-muscle myosin II forms smaller minifilaments of under 30 motors (Dasbiswas et 

al., 2018). Non-muscle myosin II is critical for cell adhesion, migration, division, and polarity 

and its function is critical to our understanding of actin organization and function (Vicente-

Manzanares et al., 2009).  

Together, along with an army of accessory assembly and regulatory proteins, actin and 

myosin manage to make up the actomyosin cytoskeleton. These structures include the cellular 

cortex, which provides tension just inside of the cellular membrane and regulates external cell 

shape (Salbreux et al., 2012), stress fibers, filaments of actin crosslinked together to connect the 

cytoskeleton to focal adhesions and transmit stress to and from the external environment 
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(Tojkander et al., 2012), the lamellipodia, a sheet of branched and crosslinked actin which 

pushes on the front of the cell membrane as it polymerizes resulting in cell movement 

(Blanchoin et al., 2014), and filopodia, parallel actin bundles which protrude out of the front of 

migrating cells to probe the surrounding environment (Wood and Martin, 2002) (Figure 1.1b).   

 

1.1.3 Length scales of cellular force 

 The actin cytoskeleton has the remarkable ability to generate and transmit forces at length 

scales many orders of magnitude larger than the size of individual actin or myosin monomers. As 

discussed in the above section, actin and myosin subunits polymerize and bind together to form 

crosslinked filaments which can span the length of a cell (Burlacu et al., 1992; Blanchoin et al., 

2014). But the length scale of the forces generated by the actin cytoskeleton does not stop at the 

edge of the cell. Individual cells in a tissue generate forces that are transmitted collectively and 

affect tissue physiology on an even larger scale. 

 One example of this bridge between subcellular cytoskeletal dynamics and tissue scale 

effects is the process of convergent extension which occurs in many vertebrate and invertebrate 

embryo growth (Keller et al., 2003). During convergent extension the embryo undergoes 

narrowing and a lengthening along an axis of convergence (Wolpert et al., 2000). This complex 

process is dependent in part on the cortical actomyosin network within the cells in the tissue to 

polarize along the embryonic axis and coordinate cell-cell and cell-matrix adhesion as the tissue 

remodels (Bertet et al., 2004; Skoglund et al., 2008). This myosin polarization in the cortex 

allows for pairwise neighbor exchange of cells driving the lengthening and narrowing of the 

tissue.  
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 Another example of tissue scale process controlled by the subcellular actomyosin 

cytoskeleton is contractility of smooth muscle tissue in vesicles. In smooth muscle tissue, 

integrin signals transmitted at and around focal adhesion complexes allows for the muscle cell to 

receive external mechanical stimuli (Gerthoffer and Gunst, 2001). In response, dynamic 

redistribution of the actin cytoskeleton occurs to provide the contractile forces necessary for cell 

scale contraction. This contraction then pulls on neighboring smooth muscle cells through the 

cell-cell junctions connecting the cells and further propagates the mechanical signal through the 

well-organized muscle tissue that makes up a vesicle, allowing for a pulse of contraction in the 

blood vessel as a whole (Ye et al., 2014).  

 

1.2 Epithelial tissue and cell-cell junctions 

1.2.1 The epithelium 

 Epithelial tissue is a interface tissue which is found throughout an animal and lines body 

cavities, organs, and other surfaces (Marieb, 1995). It provides a diverse medley of functions 

including acting as a protective barrier, facilitating the absorption of nutrients, and aiding 

sensory reception (Tai et al., 2019). There are multiple different classifications of epithelial 

tissue including simple epithelia, which form a single monolayer of cells attached to a basement 

membrane, stratified epithelia, which form from two or more cell layers such as the skin, and 

transitional epithelia, which start as several layers of cells that are capable of becoming just one 

layer when stretched as occurs in the bladder (Marieb, 1995). Another common way to classify 

epithelial tissue is by overall cell shape, with squamous cells growing in flat sheet-like layers, 

columnar cells growing tall and column-like in shape, and cuboidal cells in the middle with an 

almost equal height and width (Marieb, 1995; Lommel, 2003) (Figure 1.2).   
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Figure 1.2: Epithelial cell shapes Epithelial cells in a simple epithelium range in shape from 

tall columnar cells found in the small intestine, to shorter cuboidal cells found in salivary 

glands and renal tubules, to very flat squamous cells found in the air sacs of lungs. This work 

is interested in the regulatory mechanisms which give and maintain these cellular shapes.   

 The function of epithelial tissue varies greatly depending on type of tissue. In the skin, 

the epithelium grows in many stratified squamous layers with a final layer of dead keratinized 

tissue on top. Here the epithelial tissue is responsible for establishing a protective barrier to 

prevent pathogens from entering the body, growing and healing when wounded, and protecting 

more internal tissue types from damage from the sun and other external objects (Bozzone and 

Light, 2021). In contrast, the epithelium of the small colon is an example of a simple columnar 

epithelial tissue. This tissue main function is to allow for maximal nutrient absorption from the 

gastrointestinal tract and across the tissue and into the lumen where nutrients are then absorbed 

into nearby blood vessels in a process known as trans-epithelial transport (Gilles-Baillien and 

Gilles, 2012; Palmer, 2017).  

  Despite its wide array of shapes and functions throughout the body, epithelial cells have 

certain common cellular structures. Cell-cell junctions are present in all of the various types of 

epithelial tissue, connecting the cells in the tissue tightly together into a densely organized 

barrier (Paxton et al., 2003; Garcia et al., 2018). In addition, apical-basal polarization complexes 

are found in all epithelial tissue to differentiate the apical or “top” side of the epithelial tissue 

from the basal or “bottom” side and allowing for sub-cellular regulation of protein localization 
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based on the presence or absence of these complexes(Gibson and Perrimon, 2003; Buckley and 

St Johnston, 2022).  Epithelial cells also have a shared turnover process, with sections of the 

mature tissue replicating at a constant rate equal to the rate of cell death and allowing for regular 

tissue repair and maintenance of tension of in the cell layer (Anti et al., 1998).  

 

1.2.2 Cell-cell junctions 

 As mentioned in the above section, a common structure in epithelial tissue is the presence 

of cell-cell junctions. These junctions, including the adherens junction, tight junction, gap 

junction, and desmosome, mechanically tie the tissues together and propagate mechanical 

tension throughout the cell layer, provide semipermeable barriers, and facilitate the rapid cell-

cell movement of small particles (Brückner and Janshoff, 2018) (Figure 1.3).  

 The adherens junction is a epithelial cell-cell junction closely associated with structurally 

linking cells in the epithelium and because of this plays a major role in the maintenance of 

mechanical tension across the tissue (Harris, 2012). This junction is known as the zonula 

adherens when it completely encircles cells in a mature tissue and connects to an actin belt 

(Meng and Takeichi, 2009). In adherens junctions, cadherin transmembrane proteins of one cell 

interact with calcium ions to bind with adjacent cadherin proteins of neighboring cells, binding 

those two cells together and to each respective actin cytoskeleton (Harris, 2012). In epithelial 

tissue E-cadherin (epithelial cadherin or CDH1) is the most commonly expressed member of the 

cadherin family (Oda and Takeichi, 2011).  

 Tight junctions primarily act as a physical barrier, tightly binding adjacent cells to each 

other just below the apical region of the cell. This junction acts as a semipermeable membrane, 

allowing water and some small molecules and ions through, but forcing most other molecules to 
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Figure 1.3: Cell-Cell Junctions Four main cell-cell junctions exist in epithelial tissue. The 

tight junction which is responsible for creating a semipermeable barrier between the apical 

and basal sides of the tissue, the adherens junction responsible for mechanically linking 

neighboring cells together and to the actin cytoskeleton, desmosomes which provide 

additional mechanical support and bind the junction to intermediate cytoskeletal filaments, 

and gap junctions which connect the cytoplasm of neighboring cells. 

move through the cells themselves during transepithelial transport (Hirsch and Noske, 1993; 

Fischbarg, 2010). A complex of various proteins make up the tight junction including claudins, a 

transmembrane protein, occludin, an enzyme responsible for junction maintenance and 

remodeling, and ZO-1 (zonular occludins-1) responsible for anchoring the tight junction and 

connecting the complex to the actin cytoskeleton (González-Mariscal et al., 2003; Odenwald et 

al., 2018).  

 In contrast to the adherens junction and the tight junction which are responsible for 

mechanically binding epithelial tissue together, gap junctions function to facilitate 

communication between cells in a tissue through directly connecting the cytoplasm of 

neighboring cells (Kumar and Gilula, 1996).  In gap junctions, connexin, a family of membrane 

proteins, bundles together to connect adjacent cells and form a channel allowing the cytoplasm 

of the cells to connect and carry signals primarily through passive diffusion (Kumar and Gilula, 
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1996; Söhl and Willecke, 2004). In particular, local spikes in transient intracellular calcium have 

been shown to propagate quickly through gap junctions and quickly transmit biochemical signals 

from cell to cell (Wall and Banes, 2005; Benninger et al., 2008). 

 The final primary cell-cell junction type in epithelial tissue is a desmosome along with its 

basally located cousin the hemidesmosome. Like the adherens junction, desmosomes act to 

structurally bind cells together and resist mechanical forces, but unlike adherens junctions they 

do this primarily through interactions with intermediate filaments (Delva et al., 2009). They are 

most common in skin, bladder, and cardiac tissue which are forced to withstand intense 

stretching and external pressure without rupturing or tearing (Holthöfer et al., 2007). A 

desmosome is made up of three distinct regions: the extracellular core, the outer dense plaque, 

and the inner dense plaque. The extracellular core region is made up of the transmembrane 

cadherin adhesion proteins desmoglein and desmocollin and functions to connect adjacent cells 

(McMillan and Shimizu, 2001). The outer dense plaque connects the intracellular components of 

the desmoglein and desmocollin proteins and anchors them through binding to the protein 

plakoglobin. The inner dense plaque then binds the outer dense plaque to keratin intermediate 

filaments and thus to the mechanosensitive cellular cytoskeleton (McMillan and Shimizu, 2001; 

Delva et al., 2009). Hemidesmosomes are similar in structure to desmosomes, but are found on 

the basal membrane of cells and anchor a tissue to the basement membrane instead of to other 

cells and so are not considered a type of cell-cell junction (Green and Jones, 1996). They have 

anchoring filaments instead of the extracellular core region found in desmosomes, but still 

contain an outer plaque and an inner plaque and bond to keratin intermediate filaments in the cell 

(Walko et al., 2015). 
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1.2.3 Epithelial dynamics 

It would be improper to discuss the nature of epithelial tissue without also touching on 

the dynamic balance of forces, tension, and active stresses which comprise this living material. A 

common inaccuracy when it comes to imagining epithelial tissue is that the tissue is static and 

the cells remain in one place, perhaps stretched and under tension, but not motile and under 

constant rearrangement. This may stem from how we observe our skin, only commonly seeing 

the dead keratinized tissue on top and not imagining the cells beneath which are constantly 

dividing, rearranging, and extruding from one layer to another. Regardless, even mature 

epithelial tissue not engaged in the process of embryogenesis or wound repair is a dynamic tissue 

with cells exchanging neighbors, growing, dividing, being apically extruded to layers above, and 

dying (Goodlad, 2017; Lloyd-Lewis et al., 2022).  

As an example, in the basal layer of the stratified epidermis cells grow and divide with 

proliferation of this tissue constrained to stem cells in the bottom layer of the tissue (Macara et 

al., 2014). As this columnar basal layer becomes more and more crowded, cells are extruded 

upward to the surface layer where their morphology becomes flattened to squamous cells 

(Mackenzie and Fusenig, 1983).  This dynamic motion of cells through the epithelial tissue is 

mediated through various mechanical forces both intracellular remodeling of the actin 

cytoskeleton and extracellular forces as well as through the relative strength of the adherens 

junction (Czirok et al., 2016; Pinheiro and Bellaïche, 2018; Harmon et al., 2022). The greater 

details of some of these processes are given below in section 1.4. 
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1.2.4 Immortalized epithelial monolayers 

 Throughout this dissertation, we make use of immortalized epithelial cells in order to 

capture these epithelial dynamics using a controlled medium. Immortalized epithelial cells are 

cells which have been modified to be able to exist in vitro, or outside of an organism. These cell 

lines have obtained the ability to grow through various mutations to their genome which allow 

for significantly reduced regulation of growth restriction proliferation (Irfan Maqsood et al., 

2013). Because these cells can be grown and manipulated outside of the constraints of a living 

organism, they make for ideal laboratory samples in the study of various cellular and basic tissue 

dynamics. 

 The MDCK-II (Madin Darby canine kidney) and the Caco-2 (human colorectal 

adenocarcinoma) cells lines are the immortalized cell lines most used in this dissertation. They 

both spontaneously grow to become monolayers when grown on glass or soft gel for 24-48 hours 

in growth media and because of these are an ideal model epithelium for the following studies in 

this thesis work. In particular, MDCK cells are cells taken from the collecting duct of a kidney, 

making up the final part of nephron that controls fluid and electrolyte reabsorption into the 

blood. This cell type operates in various changing osmotic conditions which affect its function of 

transepithelial transport (Gaush et al., 1966), a detail which makes it an excellent choice of 

sample when studying cellular size and shape regulation in response to osmotic pressure changes 

as we do in chapter 3.  
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1.3 Cell shape regulation 

1.3.1 Two-Dimensional Epithelial Cell Shape 

 When studying the dynamics of epithelial tissue, one common method used to simplify 

this complex physical system is to treat a monolayer of tissue as a two-dimensional sheet of 

cells. Using this model, we can simplify the relationship between cells in a tissue to polygons 

adhered to one another in a two-dimensional layer of packed cells. This allows us to talk about 

the “area” or “perimeter” of cells in a tissue as opposed to the volume and surface area that 

compose our three-dimensional understanding of cellular dynamics. A two-dimensional 

simplified model provides insight into the mechanical forces distributed throughout epithelial 

monolayers and affecting cell shape, motility, growth, and proliferation. It allows us to ask 

questions about packing and tissue density, uncover relationships between shape, motility, 

density, and proliferation, and ultimately explore fundamental relationships of cellular 

organization of epithelial tissue. 

  

1.3.2 The Vertex Model 

 When studying two-dimensional epithelial sheets (and later three-dimensional sheets) one 

of the models which is most used to understand tissue mechanics and how the distribution of 

tension throughout a tissue affects cell shape and dynamics is the vertex model. The vertex 

model was originally developed to study the shape of packed bubbles in foam and to reduces the 

complex nature of cellular mechanisms to very simple forces and parameters. It imagines a two-

dimensional packed epithelial tissue as various polygons with vertices at points where three or 

more cell junctions come together (Fletcher et al., 2014; Alt et al., 2017). Mechanical forces 
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acting on these vertices are then described and calculated to provide a model of vertex 

displacement as cells in the tissue evolve and change shape over time.  

 For a single cell in the monolayer, the mechanical energy as modeled by the most 

simplified version of the two-dimensional vertex model is: 

𝐸 = 𝐾𝐴(𝐴 − 𝐴0)2 + 𝜉𝑃2 + 𝛾𝑃 

In this equation, the first term describes the energy of the compressed cell area where 𝐾𝐴 is the 

height elasticity, A is the cell area, and 𝐴0 is the preferred cell area or the area the cell would 

have assuming no outside forces. The second term then represents the energy of the cell 

perimeter resulting from the stiffness of the actomyosin cortex where P is the perimeter of the 

cell, and 𝜉 is the elastic constant of the cell cortex. The final term describes the energy from the 

adhesion molecules off cell-cell junctions where 𝛾 is the tension between adjacent cells 

(Farhadifar et al., 2007; Bi et al., 2015). Together, this vertex model can be used to predict cell 

motion and behavior.  

 One example of the vertex model predicting cell behavior is its ability to describe T1-

transitions in which cells in a monolayer will exchange places with neighboring cells. During 

this transition, an edge between two neighboring cells shrinks and a new edge is created between 

cells which had not previously been neighbors. In order for this transition to occur in a confluent 

monolayer, there must be no energy barrier preventing the transition from being energetically 

favorable, and so in order for a T1-transition to occur, mechanical work must take place and 

mechanical energy from the arrangement of the cells in the tissue must be able to be converted 

into work (Staple et al., 2010). Using the vertex model, it’s possible to describe the geometries of 
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the epithelial sheet which allow this T1-transition and study which geometries allow the tissue to 

dynamically remodel and why. 

 

1.3.3 Epithelial Glassy Dynamics 

One particular example of how two-dimensional cell shape affects the tissue-scale 

properties of the epithelia in a way that can be captured and studied by the vertex model is 

through examination of glassy dynamics in the epithelium. Glassy dynamics describes a 

material’s ability to transition from a jammed solid crystalline state to that of a more disordered 

and motile supercooled fluid (Lunkenheimer et al., 2000). This model of epithelial tissue as a 

material that can undergo solid-to-liquid transitions allows us to describe the collective behavior 

of cells during processes such as embryonic development, wound healing, and cancer metastasis.  

This rigidity transformation has been observed in confluent model epithelial tissues. 

Tissue with more circular “regular” shaped cells behave in a more solid-like manner, meaning 

T1-transitions are rare, individual cells in the tissue have limited motility, and the material as a 

whole can be described as in a jammed state. In contrast, tissue with more jagged “irregular” 

shaped cells are shown to behave as a more liquid material with energetic states that favor t1-

transitions, and individual cells being highly motile as can be seen in developing embryos and 

during tissue wound healing (Bi et al., 2015, 2016; Park et al., 2015; Lawson-Keister and 

Manning, 2021). 

The parameter most closely associated with understanding this glassy transition is known 

as the shape index (𝜌), which is a dimensionless measurement of cell irregularity using the area 

and perimeter of the cell’s polygon described by the vertex model. The shape index is defined as: 



15 
 

𝜌 =
𝑃

√𝐴
 

And so, the smallest shape index possible is that of a circle at 3.54 (Park et al., 2015) and a 

regular pentagon has a shape parameter of 3.72 and we observe shape parameters of typical 

epithelial cells from 3.6 to 5.0 with no theoretical upper limit for how large the shape parameter 

could get (Bi et al., 2015; Park et al., 2015). 

  What has been observed, is that there is an energy barrier for local cellular 

rearrangements that can be described using the vertex model and that governs this solid-to-liquid 

behavior. This energy barrier is described by the shape index and allows to tissue to transition 

from solid-like properties to liquid-like properties as 𝜌 becomes greater than 3.81 (Bi et al., 

2015; Park et al., 2015). In this way, we can mechanically describe how individual cell shape 

regulation affects overall tissue-scale dynamics in a two-dimensional model system.  

 

1.3.4 Three-Dimensional Epithelial Cell Shape 

 Despite the profound relationships uncovered using a simplified two-dimensional 

understanding of epithelial tissue dynamics, in living organs it is rare to find cells growing solely 

in two dimensions and there are a number of processes which require a three-dimensional model 

of tissue growth and shape in order to fully analyze. Understanding how the properties of tissue 

height and cell volume affect changes in three dimensions is often required for more complex 

epithelial properties.  

As an example, the process of epithelial invagination during morphogenesis is a process 

which converts sheets of epithelial tissue into three-dimensional tube-like structures form the 

early stages of organ development (Pearl et al., 2017). During this process, cytoskeletal and cell-
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cell adhesion changes allow for changes to cell shape. First the cells lengthen as height increases, 

and then the apical surface of the cells along where the invagination pit or furrow will form 

apically constricts. This is followed by cell shortening and expansion of the basal surface. 

Together this coordination of cell shape allows a pit or a furrow to form in formerly flat 

epithelial sheet, folding the tissue into three dimensions (Lee and Harland, 2010; Kondo and 

Hayashi, 2015). This maneuver cannot be described using models which only consider cells as 

polygons on a two-dimensional sheet, it requires a much fuller understanding of the three-

dimensional nature of cells in the tissue.  

Over the years, there have been many versions of the vertex model applied to three-

dimensional cell shape. These models either treat cells as two dimensional objects applied to a 

three-dimensional curved surface such as an ellipsoid (Trichas et al., 2012) or as three-

dimensional scutoids with each cell able to have a height and volume of its own (Gómez-Gálvez 

et al., 2021). These models have been used to improve our understanding of tissue mechanics in 

processes from drosophila salivary gland formation (Durney and Feng, 2021) to tubular 

mechanics during mouse epididymal development (Hirashima and Adachi, 2019) to early growth 

if cancerous masses in the pancreas (Messal et al., 2019) all using the same fundamental 

principles of the vertex model. 

 

1.4 Epithelial Force Sensing and Force Production 

1.4.1 The Role of Force Sensing in Tissue 

 It is critical for cells in a tissue to be able to create and respond to mechanical cues and 

external forces. Sensing external forces from other cells in a tissue or from sources external to 

the tissue is a vital component of tissue homeostasis, development, growth, and motility. This 
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process is known as mechanical signal transduction or “mechanotransduction” and is the 

mechanism of converting physical forces into biochemical signals which influence cellular 

behavior and often overall tissue dynamics (Sun and Alushin, 2022).  

The actomyosin network is capable of modifying its shape and structure to generate 

different forces which can be transmitted between cells or transmitted to the extracellular matrix 

(Chanet and Martin, 2014). Because of this, the actin cytoskeleton is an integral part of the 

feedback necessary for mechanotransductive pathways and a wide variety of cytoskeletal 

accessory proteins have been shown to mediate these processes (Luo et al., 2013). This response 

to mechanical force may look like actin bundles organized into thin finger-like protrusions 

known as filopodia which extend into the extracellular matrix and exert traction forces on its 

surroundings (Mattila and Lappalainen, 2008). Alternatively, this response may look like 

contractility in the cellular cortex generating a pulling force or focal adhesions coupled to the 

extracellular matrix, further transmitting a force to other cells in the tissue or to the basal 

substrate (Chanet and Martin, 2014). Here, we will go into further detail on how epithelial cells 

sense forces in a tissue, how they transmit the sensing into biochemical signals, and how this 

allows forces to propagate through a tissue. Specifically, we will focus on the details of the well-

studied Rho/ROCK pathway, the role of LIM domain proteins, and how calcium and other ion 

cues facilitate these processes.  

  

1.4.2 LIM Domain Proteins 

 One key driver of mechanosensitivity is the superfamily of LIM domain proteins, named 

for the three homeodomain proteins where it was discovered Lin1 1, Isl-1, and Mec-3, which 

contain one or more regions of double zinc finger motifs in the protein structure (Bach, 2000). 
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This superfamily of proteins are a critical component of mechanical signaling pathways  and 

have been implicated in numerous strain-sensing regulatory roles including stress fiber 

remodeling and repair (Smith et al., 2010), cell adhesion mechanisms (Brown et al., 1998; 

Razzell et al., 2018; Anderson et al., 2021) , and substrate stiffness detection (Wang et al., 2021; 

Swiatlowska et al., 2022). These proteins are strongly implicated in rearranging the actin 

cytoskeleton in response to external forces on the cell (Smith et al., 2010). 

 Zyxin, a LIM domain protein strongly associated with the repair of actin stress fibers and 

basal focal adhesions (Guo and Wang, 2007), is one example of how LIM domain proteins 

mediate mechanosensing in epithelial tissue. Zyxin has been shown to accumulate at sites of 

damaged stress fibers and facilitate the repair and thickening of these actin filaments (Smith et 

al., 2010; Oakes et al., 2017). This localization has been shown to be force sensitive, meaning 

that zyxin is able to sense force-bearing actin stress fibers, and preferentially bind to these 

filaments (Colombelli et al., 2009; Smith et al., 2010), and this force sensing ability is linked to 

the zinc finger motif present in the LIM domain (Uemura et al., 2011).   

 

1.4.3 The RhoA/ROCK Pathway 

 A family of crucial regulators of the actin cytoskeleton is the Rho family of GTPases 

which regulate a range of cellular functions from cell cycle processes, to overall cortical 

contractility, to cell-cell adhesive complexes (Villalonga et al., 2006; Terry et al., 2010). 

GTPases are GTP-binding proteins which act as a molecular switch as they cycle between being 

active and GTP bound and inactive and GDP bound. Activated Rho GTPases are able to interact 

with different cellular target proteins, often associated with the actin cytoskeleton (Mackay and 

Hall, 1998; Etienne-Manneville and Hall, 2002). One such target protein is Rho-associated 
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protein kinase (ROCK) which triggers local myosin contractility (Amano et al., 1996). ROCK is 

activated by the Rho GTPase known as RhoA, and together these two proteins make up the 

RhoA/ROCK pathway.  

 This RhoA/ROCK pathway regulates myosin II activity and is responsible for a wide 

array of contractile forces present within cells. Active RhoA interacts with ROCK as an effector 

molecule which then promotes the phosphorylation of myosin light chain (MLC) in myosin II 

which in turn promotes myosin II mediated contractility in the cytoskeleton (Totsukawa et al., 

2000; Lessey et al., 2012), ultimately turning biochemical signals into mechanical forces within 

the cell. ROCK also stabilizes actin filaments through the activation of the protein LIM kinase 

which works to inhibit of cofilin, an actin severing protein (Maekawa et al., 1999).  

 In particular, RhoA has an active role mediating tension at cell-cell junctions in epithelial 

tissue. RhoA has been shown to be necessary for junctional assembly as myosin mediated 

tension is an important component of the dynamic remodeling of epithelial junctions (Yamada 

and Nelson, 2007; Liu et al., 2010; Itoh et al., 2012). Mutations to RhoA or inhibition of RhoA 

activity through the enzyme C3 transferase results in the thinning of the actin belt which 

surrounds epithelial tissue just below the adherens junction as well as reduces functionality of the 

tight junctions and the adherens junctions resulting in a more porous and less structurally sound 

tissue (Nusrat et al., 1995; Bruewer et al., 2004; Desai et al., 2004). Proper cell-cell adhesive 

functions have been shown to be dependent on zones of junctional RhoA  where RhoA as well as 

GTP loading and GTPase activating proteins cluster and dynamically mediate myosin II activity 

through the RhoA/ROCK pathway (Priya et al., 2017), and so modulating and controlling not 

just whether RhoA is activated and present in a cell, but whether it is localized to these zones 
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adjacent to the adherens junction is a second level to the complex signaling network which 

mediates cellular force sensing and force response. 

 

1.4.4 Mechanical Calcium Cues 

 Calcium is an essential ion in organisms and its signaling is involved in various 

physiological mechanism from muscle stimulation to neural pathways to the regulation of 

junction adhesion (Armstrong and Hille, 1998; Elmas, 2016; Varadarajan et al., 2021).  Calcium 

ions can flood into a cell’s cytoplasm through voltage dependent ion channels, gap junctions 

connecting a cell’s cytoplasm to its neighbors, or calcium permeable channels in the smooth 

endoplasmic reticulum (Hoenderop et al., 2005; Greer and Greenberg, 2008). This complex array 

of transport methods work together to signal a variety of mechanical cues in the epithelium. 

 Within the cell-cell junction, calcium ions play a critical role in adhesion dynamics. The 

adherens junction is dependent on cadherin-cadherin dynamics, meaning that transmembrane 

cadherin proteins from one cell in a tissue needs to bind to the cadherin proteins embedded in the 

membrane of the adjacent cell in order to mechanically tie the cells together and form the 

adherens junction (Oda and Takeichi, 2011; Buckley et al., 2014). This interaction requires the 

presence of extracellular calcium ions in order to make the ends of the cadherin molecules rigid 

enough to bind to one another (Nagar et al., 1996).   

 Calcium ions have also been implicated in regulating integrin mediated adhesion. 

Integrins are a family of receptor proteins which link extracellular matrix molecules to the actin 

cytoskeleton at basal focal adhesions (Humphries, 2000). Calcium ions have been shown to 

inactivate integrin binding by reducing their affinity to extracellular ligands (Huttenlocher et al., 
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1996), reducing cell-matrix adhesive properties. This allows the regulation of calcium ions, 

calcium related ion channels, and other methods of local calcium modulation to play a vital role 

in cell migration. In order to migrate, cells need to coordinate highly regulated and localized 

adhesive interactions through first promoting and then dispelling cell-matrix adhesions 

(Huttenlocher et al., 1996). Local regions of calcium “flickers” have been found at the leading 

edge of migratory cells to assist in cell migration and have even been implicated in steering the 

migratory cell (Wei et al., 2009, 2012), underpinning the ion’s important role in establishing 

mechanical cues in dynamic cellular conditions.  
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Chapter 2: Measurements of Cellular Volume Variation in Epithelial 

Monolayers 

 

2.1 Abstract 

 Epithelial tissue stability is highly dependent on cell shape and size regulation. While 

two-dimensional cell shape has been well characterized and heavily studied, three-dimensional 

cell shape regulation is less well understood despite its critical role in large scale epithelial 

processes such as invagination. By examining the relationship between cell height, volume, 

density, and biological components of the actin cytoskeleton, we explore the mechanisms by 

which epithelial cells regulate shape and volume. We see that there is high cell volume 

variability within epithelial tissue that is not dependent on mean monolayer density or cellular 

cytoskeletal activity. However, we do find that localized cell density in a tissue affects local 

volume variability of cells in the region.  

2.2 Introduction 

 The shape and size of individual cells in a tissue has tremendous consequences for the 

function and physiology of that tissue. For example, we see that in a monolayer where cells 

change neighbors and migrate through the tissue, cell speed is highly correlated with cell shape. 

Rounder cells form a more solid tissue with less migration and neighbor changes, while more 

elongated cells form a more fluid-like tissue with increased cell migration through the tissue 

(Park et al., 2015; Devany et al., 2021). Additionally, during development, changing cell shape 

mediates the process known as invagination, which is a morphological process where there is a 

local infolding of an epithelial tissue to form a cavity (Ettensohn, 1985). In the beginning stages 
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of invagination, cells first increase in height, and then constrict their apical domain to form the 

beginning of a shallow pit, followed by cell shortening and extension of the apical domain which 

acts to more fully form a new invaginated furrow (Kondo and Hayashi, 2015). It’s the changes in 

cell shape that drives these critical mechanical processes.  

 There has been significant research into how cell shape affects the balance of forces in an 

epithelial sheet. The most common modeling approach used to investigate these processes is 

know as the vertex model. This model is a framework used to combine tissue geometry with cell 

forces to describe the underlying physics of tissue dynamics. In it, cells are approximated in two 

dimensions as polygons where the polygon edges are cell-cell junction, and the vertices are tri-

cellular junctions. Each vertex is capable of moving in response to forces including growth, 

membrane tension, and pressure withing the cell (Fletcher et al., 2014). These models have been 

used to study a variety of important cellular processes, from collective cell motility (Koride et 

al., 2018), to ventral furrow formation in Drosophila (Spahn and Reuter, 2013). 

 In addition to the two-dimensional vertex model, there has been a lot of research into 

adapting this model for three dimensions. These three-dimensional models reformat the 

equations necessary for the two-dimensional model, changing length into area and area into cell 

volume with vertices lying on a three-dimensional manifold as opposed to a flat sheet (Du et al., 

2014; Alt et al., 2017). Three-dimensional models of tissues are ideal for studying the complex 

morphological changes that occur during development. Many, but not all of these three-

dimensional models assume a constant or “preferred” cell volume, with cells maintaining their 

volume despite changes to cortical tension, cell height, and overall tissue geometry (Alt et al., 

2017; Gómez-Gálvez et al., 2021).  
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 Here, we answer some of these open questions on volume regulation in three dimensions. 

We show that volume in epithelial tissue is highly variable and independent of the mean 

monolayer density as well as many disruptions to cellular cytoskeletal activity. We find that, in 

fact, cellular volume in these mature tissues is regulated at a very local scale as the size and 

tissue density of immediate cell neighbors is the largest predictor of local volume and volume 

variability.  

  

2.3 Results 

2.3.1 Cell volume in monolayers is highly variable and globally independent of monolayer 

density 

 To explore changes in cell volume occurring in mature epithelium, we develop protocols 

to characterize the changes in cell volume. MDCK-II cells are plated densely on glass slides and 

grown for 48 hours with 100% confluency achieved after 24 hours. CellMask Orange membrane 

dye is added prior to imaging to clearly outline the apical and basal membranes in monolayers 

(Figure 2.1a). This allows us to calculate average monolayer height for a desired field of view 

(135x175 μm2) in a sample through plotting the average intensity for each slice of our 3-

dimensional image and fitting the two peaks in intensity, which represent the apical and basal 

membranes of the sample, to a gaussian (Figure 2.1b). The difference between these two peaks is 

the local average height of the monolayer. We then measure the average cross-sectional area and 

approximate average cell volume in a monolayer as the average cross-sectional area multiplied 

by the average monolayer height (Figure 2.1c). 
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Figure 2.1: Cell volume in monolayers is highly variable and globally independent of 

monolayer density or cytoskeletal inhibition (a) Images of live MDCK monolayers. Cell 

membrane stained with CellMask Orange. Scalebars are 10μm. (b) Intensity of CellMask 

Orange membrane stain at different slices of the three-dimensional image, used to measure 

average monolayer cell height. (c) Average monolayer volume is approximated as average 

height, h, multiplied by average cross-sectional area, A. (d) Measured average density and 

height of 52 separate regions of MDCK monolayers. Each region is 135x175μm2 field of 

view. Pink line is a line of constant volume at the mean volume of all cells measured 

(850μm3). (e) Histogram of the average cell volume across the 52 fields of view. (f) Violin  
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Figure 2.1 Continued: plot representing the variation in volume across monolayers. Each 

sample represents a difference monolayer with each data point representing a different 

135x175μm2 field of view in that monolayer. (g) Images of live MDCK monolayers. Cell 

membrane stained with CellMask Orange. Various cytoskeletal inhibitors added to monolayer 

2 hours prior to imaging. (h) Boxplot of cell heights with each data point representing a 

different 135x175μm2 field of view in that monolayer. 

 

 
 This experiment was replicated by using five separate samples, each of which exhibited 

natural variation in both cell density and cell volume (Figure 2.1d). The scale of this variation 

can be seen within a single 135x175 μm2 fields of view, indicating that on this scale, the natural 

variation in local volume is consistent with the average variation in volume between one 

monolayer and another, this both justifies treating each field of view in a sample as effectively 

independent and allows us to make conclusions about the global (as opposed to local) 

relationships between monolayer height, density, and cell volume. 

We find that the mean height and volume of cells using this method between different 

135x175 μm2 fields of view fluctuated widely with mean cell heights varying from 0.8-9.0 μm 

and densities varying from 0.001-0.007 cells/ μm3 (Figure 2.1e). In addition, we saw no 

significant correlation between height and density in the different samples. Figure 2.1e shows a 

line representing the mean volume of all cells measured. Assuming that height and density were 

highly correlated to achieve some “preferred” cell volume, we would expect the data to correlate 

with this line. This is clearly not the case. Instead, we see that there is no “preferred” volume 

with the average cell volumes of different fields of view fluctuating between 200-2600 μm3 and 

varying by over 15x (Figure 2.1f).  

2.3.2 Cytoskeletal inhibitors have limited effect on cell volume or monolayer height 

 Our first instinct was to examine the role of the cytoskeleton in the regulation of three-

dimensional shape in epithelial monolayers. After all, cytoskeletal components play a major role 



27 
 

in two-dimensional shape regulation with myosin II activity mediated through the Rho/ROCK 

pathway or through Myosin Light Chain Kinase (MLCK) are found to be a critical mediator of 

cell shape (Niggli et al., 2006; Mader et al., 2007; Blanchoin et al., 2014).  

To explore this, we tested a variety of actin, myosin and RhoA inhibitors including C3 

Transferase (a Rho inhibitor), CK666 (an Arp-2/3 complex inhibitor), Latrunculin A (an actin 

polymerization inhibitor), SMIFH2 (a formin inhibitor), Y-27632 (a ROCK inhibitor), 

Blebbistatin (a myosin-II inhibitor), and ML-7 (an MLCK inhibitor) (Figure 2.1g). We see that 

while each of these inhibitors do see variation in three-dimensional cell height, all this variation 

is well within the expected variation between samples that we see without any perturbations to 

the cytoskeleton (Figure 2.1h).   

2.3.3 Local monolayer density affects cell volume variability in a tissue 

 Once we determined that mean monolayer density and cell height does not show 

significant correlation and results in highly variable cell volume, we next asked at what scale do 

these values fluctuate locally? We volumetrically imaged larger sections of a monolayer by 

stitching together individual fields of view (Figure 2.2a,d). Individual cell height was found 

using a similar method to that described in section 2.3.1, but for each cell as opposed to 

averaging over the entire field of view. Local density for each cell was determined by first 

finding the area of each cell and its immediate neighbors and dividing the number of cells in that 

region by the area (Figure 2.2a-f). We examined the local distribution of cell height and density 

for both a sparce and dense monolayer which we expect would be experiencing growth inhibition 

(Figure 2.2a-c), and a less mature monolayer with lower density which has recently grown to 

confluency (Figure 2.2d-f). 
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Figure 2.2: Local monolayer density affects cell volume variability in a tissue (a) A dense 

monolayer of MDCK cells. Cell membrane stained with CellMask Orange. 16 fields of view 

have been stitched together to create this one image while imaging at a high enough 

magnification to capture relevant volumetric information. (b) Dense monolayer cells 

segmented using Cellpose machine learning software. Map of local density in the tissue. Local 

density is measured by finding the density of each cell and its immediate neighbors. (c) Map 

of individual cell height in the dense tissue. (d) A sparse monolayer of MDCK cells. Cell 

membrane stained with CellMask Orange. 16 fields of view have been stitched together to 

create this one image while imaging at a high enough magnification to capture relevant 
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Figure 2.2 Continued: volumetric information. (e) Map of local density in the sparse tissue. 

(f) Map of individual cell height in the sparse tissue. (g) Cellpose machine learning 

segmentation of example low- and high-density sample tissues used for the volume and height 

correlation measurements. (h) Pairwise height (top) and volume (bottom) correlation of 

samples for regions of a MDCK monolayer at different densities. Neighbor number refers to 

the number of cells in between any pair of cells in the tissue. See Methods for additional 

details. 

 

 
 

 We see that for both of these monolayers, there are significant density fluctuations in the 

monolater and areas of both higher and lower density scattered throughout the sample (Figure 

2.2b,e). We also find that there are regions of both higher and lower cell height throughout the 

monolayer (Figure 2.2c,f). However, the sample density affects the correlation that we observe 

between cell density and cell height. For the high-density sample, while there are regions of the 

sample in which cell density and cell height are highly correlated, there are also regions in which 

they are clearly anticorrelated (Figure 2.2b,c). This is not the case for the low-density sample. 

The cell height and cell volume are very well correlated in the low-density sample with cells in a 

denser region of the sample consistently taller than cells in more sparse regions (Figure 2.2c,f). 

This indicates that at the scale of cells and their immediate neighbors, there is a correlation 

between regions of high density and increased individual cell height only in mature, growth 

inhibited samples.  

 In order to better quantify this local correlation, we looked at individual fields of view at 

varying densities and segmented these images using Cellpose machine learning software (Figure 

2.2g). We wanted to see how correlated height and volume of two cells in the monolayer were 

likely to be based on how many neighbors removed they were from each other in the tissue. To 

do this we found the pairwise correlation between each pair of cells in the monolayer (see 



30 
 

methods section 2.5 for details). We find that regions of high density are more likely to have 

high neighbor correlation in both height and volume than cells in regions of lower density 

(Figure 2.2h), meaning that local variations in height and volume are reduced in regions of high 

density.  

2.4 Discussion 

 Through this careful study of epithelial cell volume distribution, variation, and overall 

three-dimensional cell shape, we have a greater understanding of what does and does not 

regulate cell size and shape. Here, we are able to conclude that the overall mean height and 

volume of cells in a tissue is independent of tissue density and highly variable sample to sample.  

We also show that this size regulation is not mediated through direct cytoskeletal regulation as 

has been shown in two-dimensional cell shape regulation (Niggli et al., 2006; Mader et al., 2007; 

Blanchoin et al., 2014). Interestingly, it is the very local cell-cell neighbors that are the greatest 

predictor of cell size and volume with high density confined sample tissues showing higher 

correlation of cell height and density as well as greater height and volume correlation across 

greater distances in the samples.  

 These findings shed light on related work in the field of cell size regulation. Similarly, 

Zehnder et al. tracks the volume of MDCK cells over multiple hours and shows that epithelial 

tissue undergoes volume fluctuations of approximately 20% over the course of two hours, which 

is comparable to the variation that we see within each tissue sample (Figure 2.1f). They find that 

this variation is driven at a very local level with cell groups of 5-10 neighbors fluctuating 

together (Zehnder et al., 2015). Our conclusions here directly corroborate and add to these 

findings. We see that this local volume correlation is specifically dependent on the tissue 

reaching a threshold of density at around 0.005 cells/μm2. Above this threshold, cell volume is 



31 
 

highly correlated in the closest 5-10 neighboring cells, but below this threshold there is 

significantly reduced volume correlation.  

 Our understanding of volume correlation and its relationship to tissue density is also 

highly related to the effects of growth inhibition in a tissue. MDCK cells experience contact-

based inhibition of cell growth (Saier, 1981) with cells in a confluent tissue experiencing limited 

growth while continuing to divide until a set density is reached in which both growth and 

division are inhibited (Di Meglio et al., 2021; Devany et al., 2022). We can see this contact 

inhibition taking place in our denser samples which have overall smaller cells and in which cell 

height is highly influenced by cell density with denser areas resulting in taller cells (Figure 2.2 a-

c). We see that this correlation is not present in our confluent but still low-density tissue, where 

local density is not a predictor of individual cell height (Figure 2.2 d-f). Allowing us to map the 

onset of contact inhibition as the denser tissue and tighter confinement results in lower variations 

in local volume variability (Figure 2.2h). All together, these data tell a story of tissue 

confinement coupled with growth inhibition in a mature tissue which results in reduced local 

volume variability and increased tissue size correlation. 

 Overall, this work describes local volume distribution and variation across samples in 

unperturbed conditions. In the following chapter we will build on these conclusions to examine 

how cell volume in a tissue is regulated when subjected to an external force, namely an external 

osmotic force. 
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2.5 Methods 

Cell culture: MDCK-II cells were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM) 

and supplemented with 10% fetal bovine serum (FBS) (ThermoFisher Scientific), 2mM L-

glutamine (Invitrogen), and penicillin-streptomycin (Invitrogen). Cells were incubated in a 

humidified environment at 37C and 5% C02.  

Sample creation: To create a mature monolayer, MDCK cells were plated densely to coat the 

glass bottom of an 8-well chamber (Ibidi). The cells were then incubated for 48 hours with a 

change of media at 24 hours. Inhibitors were added 3 hours prior to imaging. 

Microscopy and live cell imaging: 2μl/ml of CellMask Orange (Invitrogen) was added to samples 

30 minutes prior to imaging to stain the cell membrane. Samples were imaged on an inverted T-

E microscope (Nikon) with a confocal CSU-X spinning disk (Yokogawa Electric Corporation), a 

stage controller (Prior), and a CMOS camera (Zyla-Andor). Metamorph software was used to 

control the microscope and collect images. A stage incubator (Chamlide and Quorum 

Technologies) with CO-2, humidity, and temperature control was used for timelapse experiments 

while a stage heater (Nevtek, ASI 400) was used for non-timelapse experiments. A 561 nm laser 

(MPB Communications, VFL-P Series) was used to illuminate the CellMask Orange stain. 

Images were acquired using a 60x Plan Apo NA water immersion objective with a NA of 1.20 

and a WD of 0.31-0.28 (Nikon). Three-dimensional images were collected using z-stacks of 

0.25μm steps. 

Height and volume analysis: Both ImageJ and Matlab were used for image analysis of monolayer 

height and volume. Average monolayer height was measured using Matlab by taking the average 

image intensity for each z-stack of the 3-dimensional image. The peaks in average image 

intensity at the apical and basal membrane from the CellMask Orange dye were fitted to a 
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gaussian and the distance between these peaks was measured to find the monolayer height. In 

ImageJ, the Cell Counter tool was used to determine the density of cells in each sample image. 

This density measurement was used to determine the average cross-sectional area of the cells in 

the image. The average volume of cells in the monolayer was found by multiplying the average 

cross-sectional area by the average monolayer height.  

Image Stitching and Segmentation: Multiple images were stitched together to form Figures 2.2 a 

and d. To do this, the imageJ Grid/Collection Stitching plugin was used (Preibisch et al., 2009). 

Once the images were stitched together, Cellpose segmentation software was used to segment the 

images to form the image outlines seen in Figures 2.2 b, c, d, and e (Stringer et al., 2021).  

Pairwise Correlation and Neighbor Numbers: Pairwise correlation between the heights of 

different cells was performed using the formula: 

𝐶𝐻 = 1 − (
𝐻2 − 𝐻1

𝐻2 + 𝐻1
)

2

 

Where 𝐶𝐻 is the pairwise height correlation between cells 1 and 2, 𝐻1is the height of cell 1and 

𝐻2 is the height of cell 2. Similarly, the pairwise correlation between the volumes of different 

cells was performed using the formula: 

𝐶𝑉 = 1 − (
𝑉2 − 𝑉1

𝑉2 + 𝑉1
)

2

 

Where 𝐶𝑉is the pairwise volume between cells 1 and 2 and 𝑉1 and 𝑉2 are the respective cell 

volumes. To find the total height and volume correlations, 𝐶𝐻 and 𝐶𝑉 were found for each 

combination of pairs of cells in each image and averaged over their neighbor number, how many 
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cells apart they were in the monolayer with adjacent cells having a neighbor number of 1, cells 

separated by one other cell having a neighbor number of 2 and so on.  

Quantification and Statistical analysis: Image analysis and quantification was performed in Fiji, 

Excel, and Matlab.  
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Chapter 3: Confluence and tight junction dependence of volume 

regulation in epithelial tissue 

 

3.1 Abstract 

Epithelial cell volume regulation is a key component to tissue stability and dynamics. In 

particular, how cells respond to osmotic stresses is of significant physiological interest in kidney 

epithelial tissue. For individual mammalian cells, it is well established that Na-K-2Cl 

cotransporter (NKCC) channels mediate cell volume homeostasis in response to hyperosmotic 

stress. However, whether mature epithelium respond similarly is not well known. Here we show 

that while small colonies of MDCK epithelial cells behave similarly to single cells and exhibit 

volume homeostasis that is dependent on the NKCC channel function, mature epithelial tissue 

does not. Instead, the cell volume decreases by 33% when confluent monolayers or acini formed 

from Madin Darby Canine Kidney (MDCK) cells are subjected to hyperosmotic stress. We show 

that the tight junction protein, Zonula Occludins-1 (ZO-1), and Rho-associated kinase (ROCK) 

are essential for osmotic regulation of cell volume in mature epithelium. Since these both are 

known to be essential for tight junction assembly, this strongly suggest a role for tight junctions 

in changing volume response in mature epithelium. Thus, tight junctions act either directly or 

indirectly in osmotic pressure response of epithelial tissue to suppress volume homeostasis 

common to isolated epithelial cells. 
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3.2 Introduction 

Epithelial cells actively regulate their volume in response to osmotic gradients through 

management of ion concentration and cytoskeletal tension (Delpire and Gagnon, 2018).  Animal 

cells lack rigid structures that would help to maintain an osmotic gradient across the plasma 

membrane, meaning that when an osmotic pressure is applied to the membrane, a cell must 

respond with a sizable deformation to the membrane or risk rupture (Strange, 1993; Hoffmann et 

al., 2009). It does so primarily by controlling the movement of solutes across the cell membrane 

through tightly regulated ion channels (Finan and Guilak, 2010). And so, while osmotic stress is 

a mechanical force on a tissue, how the cells in that tissue respond physically and the regulatory 

pathways involved in this response is a significantly more complicated relationship.  

The pump-leakage model is the basic model that is used to understand regulation of cell volume 

through ion transport and in response to changes in external or internal osmotic pressure 

(Strange, 1993). When hypertonic media is introduced, highly membrane permeable water 

initially rushes out of the cell, causing the cell to shrink in volume. The cell then reacts by 

activating a variety of transport channels, and predominately the Na-K-2Cl cotransporter 

(NKCC) family (Haas, 1994), to increase ion concentration in the cytoplasm and restore the 

osmotic gradient (Haas, 1994; Delpire and Gagnon, 2018). This process to re-establish cell 

volume after a hyperosmotic shock is known as a regulatory volume increase (RVI).  

 The response to osmotic gradients in epithelial tissue is not as well understood as in 

single cells and, presumably, involves both cell and tissue-scale responses.  In polarized 

epithelial tissue, tight junctions assemble at the apical surface and create a barrier to prevent the 

extracellular flow of osmolytes across the epithelial tissue (Günzel and Yu, 2013; Varadarajan et 

al., 2021). Tight junctions prevent “leakiness” in epithelial tissue and are designed to act as a 
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barrier between the internal and external cellular environments (Fischbarg, 2010; Tokuda and 

Yu, 2019). The integrity of the tight junction is critical for proper organ function (Lee et al., 

2006, 2018; Liu et al., 2012), and the depletion of the tight junction protein zonula occludins-1 

(ZO-1) (Odenwald et al., 2018) or the cytoskeletal regulator Rho-associated protein kinase 

(ROCK) (Walsh et al., 2001) both result in increased tissue permeability. Renal epithelium in 

particular are consistently exposed to changing osmotic conditions as solute concentration 

passing through the kidney is constantly in flux (Beck et al., 1998).  

Because the tight junctions regulate osmotic flow across the epithelium, they control the 

spatial regulation of osmotic stress on the tissue. In addition, polarized renal epithelial tissue 

confine NKCC1, a member of the NKCC family of ion channels, to the basolateral membrane 

(Carmosino et al., 2008). This functions to create an osmotic pressure gradient not just across a 

cell’s plasma membrane as we observe in single cells, but a differential pressure gradient across 

the epithelial tissue, the regulation and cellular response to which is not well understood.  

 Here, we examine the mechanics of volume regulation in renal epithelial tissue formed 

from madin darby canine kidney (MDCK) cells and find both a confluence and a tight junction 

dependence on the tissue’s ability to maintain volume homeostasis under hypertonic conditions. 

We find that small colonies of epithelial tissue exhibit volume homeostasis in response to 

hyperosmotic stress, in a mechanism reliant on NKCC channels. However, the volume of cells 

within mature monolayers and acini is acutely suppressed hours after hypertonic conditions were 

introduced, indicating an inhibition of the process of regulatory volume increase.  Disruption of 

tight junctions in mature monolayers, either through the depletion of ZO-1 or the inhibition of 

ROCK recover volume homeostasis in response to hyperosmotic stress. Based on these findings, 
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we report a role of the tight junctions in qualitatively modifying cell volume regulation in 

epithelial tissue. 

  

3.3 Results 

 3.3.1 Cell volume in epithelial colonies recovers from hyperosmotic shock via NKCC-

mediated regulatory volume increase 

To measure the volume response of renal epithelium to osmotic stress, we plated MDCK-

II cells sparsely on glass and allowed them to grow for 24 hours, creating small colonies of 4-37 

cells and imaged them fluorescently with the addition of CellMask Orange membrane stain. We 

exposed these colonies to either isotonic (normal DMEM media) or hypertonic (an added 

200mM of the synthetic sugar sorbitol) conditions for 3 hours and examined whether the colony 

was able to recover its isotonic volume (Figure 3.1a), i.e. whether the colony was able to undergo 

regulatory volume increase (RVI) and maintain volume homeostasis. We observed that the 

average colony cell volume after a long-term hypertonic shock is slightly but not significantly 

reduced when compared to the average volume of colonies in isotonic conditions (Figure 3.1b).  

In addition, when we examine a colony immediately after the addition of hyperosmotic media, 

we see that there is an initial decrease in the average cell volume, followed by almost complete 

volume recovery consistent with RVI (Figure 3.1c). In this data, we see a slight increase in 

average cell volume of the isotonic/control cells immediately following the addition of new 

media. Initial changes in isotonic volume following the agitation of the wash-in can be seen in 

much of our time-lapse data and indicates that there is a transient effect of agitation which occurs 

at a much shorter time scale than the observed regulatory volume increase. 
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Figure 3.1 Cell volume in epithelial colonies recovers from osmotic shock via NKCC-

mediated regulatory volume increase (A) Images of live MDCK-II colonies three hours 

after an osmotic shock in both a top down (XY) view and a side view (XZ). Cell membrane 

stained with CellMask Orange. Colonies in isotonic (Iso) conditions are in control media, 

while colonies in hypertonic (Hyper) conditions have 200μM sorbitol added. Scalebars are 

20μm. (B) Violin plot of average colony cell volume in isotonic (n=8 colonies) and hypertonic 

(n=10 colonies) conditions measured three hours after media exchange. Colonies are 4-37 

cells in size. ns=p>0.05 as calculated by the student’s t-test. (C) Average colony cell volume 

in isotonic (Iso) and hypertonic (Hyper) conditions imaged every hour for four hours. Media 

exchange occurs at t=0min. Error bars represent standard error of the mean. (D) Images of live 

MDCK colonies three hours after an osmotic shock and the addition of 10μM bumetanide. 

Cell membrane stained with CellMask Orange. Colonies in isotonic (Iso) conditions are in 

control media, while colonies in hypertonic (Hyper) conditions have 200μM sorbitol added. 

Scalebars are 20μm. (E) Violin plot of average colony cell volume in isotonic (Iso) and 

hypertonic (Hyper) conditions measured three hours after media exchange and the addition of 

10μM bumetanide. n=10 colonies each with 5-37 cells. **=p<0.01 as calculated by the 

student’s t-test. (F) Percent of volume recovery for colonies with and without the addition of 

10μM bumetanide. Volume recovery is measured by the ratio of mean hypertonic volume to 

mean isotonic volume three hours following media exchange. Error bars represent standard 

error of the mean. 

 

 

We next wanted to confirm that the volume recovery observed is due to ion channel 

activity as expected for RVI. MDCK cells express exclusively the Na+-K+-Cl- cotransporter 1 
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(NKCC1), which has been found to localize basolaterally in epithelial tissue (Mykoniatis et al., 

2010; Koumangoye et al., 2018).  We treated colonies with 10μM of bumetanide, a Na+-K+-Cl- 

cotransporter (NKCC) inhibitor and saw that volume homeostasis in response to hypertonic 

conditions is abrogated (Figure 3.1d). Cell volume is significantly reduced after 3 hours of 

hypertonic conditions in the presence of NKCC inhibitor, compared to cells in isotonic 

conditions (Figure 3.1e). After 3 hours, NKCC inhibition under hyperosmotic conditions resulted 

in a reduction in average colony cell volume to 74% of isotonic cell volume, while control cells 

were able to recover to 89% of their initial volume (Figure 3.1f). This indicates that small 

colonies of MDCK cells exhibit volume homeostasis mediated by NKCC channels, consistent 

with well-established regulatory volume increase mechanism that maintains volume homeostasis 

in single cells in response to hyperosmotic stress 

 

 3.3.2 Characterization of monolayer volume and volume variation 

 To explore changes in cell volume occurring in mature epithelium, we developed 

protocols to characterize the changes in cell volume. MDCK-II cells are plated densely on glass 

slides and grown for 48 hours with 100% confluency achieved after 24 hours, creating a mature 

epithelial tissue (Figure 2.1a). We then use the methods described in section 2.3.1 to measure the 

average cross-sectional area and approximate average cell volume in a monolayer as the average 

cross-sectional area multiplied by the average monolayer height (Figure 2.1 b,c). 

MDCK monolayers exhibit natural variation in both cell density and cell volume 

(Zehnder et al., 2015) and the scale of this variation can be seen within a single 135x175μm2 

field of view (Figure 2.1 d,e). We chose this range to average over because the natural variation 
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in local volume is consistent with the average variation in volume between one monolayer and 

another (Figure 2.1f), allowing us to treat each field of view’s local volume as independent.  

 

 3.3.3 Mature epithelial tissue does not recover from a long-term osmotic shock 

We next perform iso and hyper-tonic experiments on mature epithelium formed by 

plating MDCK cells at high density onto glass and incubating for 48 hours.  Under these 

conditions, tight junctions form in this polarized model epithelial tissue to facilitate well-

characterized barrier function (Lee et al., 2006; Fischbarg, 2010). In this condition, the 

hyperosmotic media presumably remains confined to the apical cell surface. Upon media 

exchange to hypertonic conditions, we discover that that average volume of the cells decreases 

by 20-35% and does not recover over time such that the epithelial height and volume remain 

permanently reduced even after three hours (Figure 3.2a-c).  

 To determine whether mature epithelial tissue reacts similarly independent of 

configuration, we performed these experiments in MDCK acini in collagen gel. MDCK acini are 

confluent cysts that are formed by seeding cells sparsely within collagen gel and incubating for 

eight days.  Acini are polarized with the apical surface at the inner surface of the cyst known as 

the lumen and the basal surface facing the external media. Thus, for acini, the basal and 

basolateral cell surfaces are exposed to the exchanged media and the barrier prevents transport to 

the apical surface.  Similar to confluent monolayers, the hyperosmotic shock permanently 

reduces volume of cells within acini by 34% (Figure 3.2 d and e). 

 Comparing these data, hyperosmotic shock leads to 20-35% cell volume reduction in 

both confluent monolayers plated on glass and MDCK acini grown in collagen gel.  This volume  
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Figure 3.2: Mature epithelial tissue does not recover from a long-term osmotic shock (A) 

Images of live XZ views of MDCK monolayers taken over five hours. Cell membrane stained 

with CellMask Orange. Monolayers in isotonic (Iso) conditions are in control media, while 

those in hypertonic (Hyper) conditions have 200μM sorbitol added. Scalebars are 20μm. (B) 

Average cell volume in isotonic (Iso) and hypertonic (Hyper) conditions imaged every hour 

for four hours. Media exchange occurs at t=0 min. Error bars represent standard error of the 

mean. n=10 fields of view from one monolayer. (C) Violin plot of average monolayer cell 

volume in isotonic and hypertonic conditions measured three hours after media exchange. 

n=70 fields of view across 7 separate monolayers of varying density with 100-165 cells per 

field of view. ***=p<0.0001 as calculated by the student’s t-test. (D) Cross sections of hollow 

MDCK acini grown in collagen gel. Cell membrane stained with CellMask Orange. Acini in 

isotonic (Iso) conditions are in control media, while those in hypertonic (Hyper) conditions 

have 200μM sorbitol added. Scalebars are 20μm. (E) Violin plot of average acini cell volume 

in isotonic (n=9 acini) and hypertonic (n=13 acini) conditions measured three hours after 

media exchange. **=p<0.01 as calculated by the student’s t-test. (F) Volume recovery is 

measured by the ratio of mean hypertonic volume to mean isotonic volume three hours 

following media exchange. Error bars represent standard error of the mean. 
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Figure 3.3: The tight junction protein ZO-1 is required to prevent volume recovery in 

mature epithelial tissue (A) Images of live XZ views of ZO-1/ZO-2 knock-down (KD) 

MDCK monolayers taken over five hours. Cell membrane stained with CellMask Orange. 

Monolayers in isotonic (Iso) conditions are in control media, while those in hypertonic 

(Hyper) conditions have 200μM sorbitol added. Scalebars are 20μm. (B) Average cell volume 

of ZO-1/ZO-2 KD monolayers in isotonic (Iso) and hypertonic (Hyper) conditions imaged 

every hour for five hours. Media exchange occurs at t=0 min. Error bars represent standard 

error of the mean. n=10 fields of view in one monolayer. (C) Violin plot of average ZO-1/ZO-

2 KD monolayer cell volume in isotonic and hypertonic conditions measured three hours after 

media exchange. n=40 fields of view across 4 separate monolayers of varying density with 99-

150 cells per field of view. ns=p>0.05 as calculated by the student’s t-test. 

 

 

 

 

reduction is not seen in MDCK colonies, which recover to 90% of their isotonic volume within 

three hours (Figure 3.2f). This allows us to conclude that the NKCC-mediated regulatory volume 

increase after hyperosmotic shock that preserves volume homeostasis in single cells and small 

colonies is hampered in confluent renal epithelial tissue.   

 

 3.3.4 Tight junctions are required to prevent volume recovery in mature epithelial tissue 

We speculated that the differences in volume regulation between small colonies and 

mature epithelium might arise from tight junctions. Tight junctions, which are critical for barrier 

function, are not observed in small colonies and assemble in rho-kinase (ROCK) and ZO-1 



44 
 

mediated processes in confluent and polarized epithelium (Hirase et al., 2001; Walsh et al., 

2001; Odenwald et al., 2018). To assess this, we first formed monolayers and acini from MDCK-

II cells with the tight junction proteins ZO-1 and ZO-2 knocked-down (Choi et al., 2016).  

Interestingly, we found that that cell volume recovered after hyperosmotic shock in these cells.  

Similar to that observed for small colonies, the volume of ZO-1/ZO-2 deficient cells in mature 

epithelium acutely decreased but recovered over the subsequent several hours (Figure 3.3 a and 

b).  After 3 hours, the average cell volume is not significantly different than those in isotonic 

media (Figure 3.3c). Thus, ZO-1 is critical to the differing volume regulation observed in 

confluent epithelial tissue.  

 Another means to alter tight junction assembly is through inhibition of ROCK activity 

(Hirase et al., 2001; Walsh et al., 2001) with the addition of 25μM of the ROCK inhibitor Y-

27632 during monolayer formation. We find that ROCK inhibition also recovered the process of 

regulatory volume increase of cells within confluent monolayers or acini that are subjected to 

hyperosmotic shock (Figure 3.4 a-e) Taken together, these data show that ROCK inhibition 

facilitates an 88% volume recovery in monolayers, and 94% for acini (Figure 3.4f). And so, we 

are able to conclude that functional tight junctions are critical for the different response to 

hyperosmotic shock in mature epithelium than in isolated cells. 

 

3.4 Discussion 

The mechanics regulating cell volume homeostasis are vital to the proper functioning of 

epithelial tissue in animals. Here we find that small colonies of renal epithelial tissue maintain 

their volume homeostasis and undergo NKCC dependent regulatory volume increase in a manner 

consistent with the pump-leakage model found in many types of individual cells. Here we find  
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Figure 3.4: ROCK is required to prevent volume recovery in mature epithelial tissue (A) 

Images of live XZ views of MDCK monolayers with 25μM of the ROCK inhibitor Y-27632 

taken over four hours. Cell membrane stained with CellMask Orange. Monolayers in isotonic 

(Iso) conditions are in control media, while those in hypertonic (Hyper) conditions have 

200μM sorbitol added. Scalebar is 20μm. (B) Average cell volume of monolayers with 25μM 

Y-27632 in isotonic and hypertonic conditions imaged every hour for four hours. Media 

exchange occurs at t=0min. Error bars represent standard error of the mean. n=10 fields of 

view in one monolayer. (C) Violin plot of average monolayer cell volume with 25μM Y-

27632 in isotonic and hypertonic conditions measured three hours after media exchange. 

n=110 fields of view across 11 separate monolayers of varying density with 40-160 cells per 

field of view. ***=p<0.0001 as calculated by the student’s t-test. (D) Cross sections of hollow 

MDCK acini grown in collagen gel. with 25μM Y-27632 added three hours prior to imaging. 

Cell membrane stained with CellMask Orange. Acini in isotonic (Iso) conditions are in control 

media, while those in hypertonic (Hyper) conditions have 200μM sorbitol added. Scalebars 

are 20μm. (E) Violin plot of average acini cell volume in isotonic (n=10 acini) and hypertonic 

(n=10 acini) conditions measured three hours after media exchange. ns=p>0.05 as calculated 

by the student’s t-test. (F) Volume recovery is measured by the ratio of mean hypertonic 

volume to mean isotonic volume three hours following media exchange. Error bars represent 

standard error of the mean. 
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Figure 3.5: Tight junction regulation of volume homeostasis (A) A schematic depicting the 

dynamics of volume homeostasis in single cells and in mature epithelial tissue. With the addition 

of hyperosmotic media, single cells first shrink in volume as water exits the cell to the 

surrounding media. Over time, NKCC ion channels pump ions back into the cells, allowing 

water to follow the osmotic gradient and restore the cell’s volume. A mature epithelium exposed 

to hypertonic media also reduces in volume as water exits into the surrounding media. However, 

the NKCC ion pumps are inactive and no RVI occurs. (B) A schematic of the potential role the 

tight junction plays as an osmotic stress sensor. In the case of epithelium with permeable, i.e. 

leaky, tight junctions (upper), the absence of the tight junction allows volume homeostasis to 

occur through NKCC ion channels. In confluent tissue with functioning tight junctions (lower), 

the stress across the tight junction is transmitted to the mechanosensitive actomyosin 

cytoskeleton. This results in the inhibition of volume homeostasis, and cell volume does not 

recover. (C) A schematic of the possible role the tight junction plays as a spatial restrictor of 

osmotic stress. In this model, epithelia with permeable tight junctions (upper) have zero osmotic 

gradient across the epithelium, and thus are surrounded at all membranes by hyperosmotic 

stresses, promoting regulatory volume increase reminiscent of single cell volume homeostasis.  
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Figure 3.5 Continued: In contrast, epithelia with impermeable tight junctions (lower) create a 

barrier preventing hyperosmotic media from reaching across to both sides of the epithelia, 

creating a nonzero osmotic gradient, and spatially restricting where osmotic pressure is 

applied to the cells in the epithelium. 

 

 
this is not the case for mature epithelium.  Following a long-term hyperosmotic shock, the 

volume of individual cells within mature epithelium is permanently decreased (Figure 3.6a). 

Thus, regulatory volume increase that allows for cell volume homeostasis in response to 

hyperosmotic stress does not occur in mature monolayers.  This lack of RVI is dependent on the 

tight junction assembly. And so, we report an important role of the tight junctions in assisting 

cell volume regulation in epithelial tissue. Importantly, a relationship between the tight junctions 

and the NKCC family of ion channels has been previously reported.  Results from Koumangoye 

et al., 2018 show that when NKCC1 is modified in MDCK cells, ZO-1 no longer localizes to the 

apical junction, instead distributing along lateral epithelial junctions. These results also indicate 

that the positioning of NKCC1 ion channels with respect to the osmotic pressure is not the 

primary driver of this response. We know that NKCC1 localizes basolaterally in MDCK-II tissue 

(Mykoniatis et al., 2010; Koumangoye et al., 2018) and so we would expect these ion channels 

to be sequestered away from regions of high osmotic pressure in our monolayer samples and 

exposed to regions of high osmotic pressure in our acini samples. Because we see similar volume 

recovery in both samples, we can conclude that the specific tissue membrane, either apical or 

basal, exposed to osmotic stress is not a significant concern for epithelial volume regulation. 

Here, we surmise two possible explanations for how the tight junctions may be playing 

this regulatory role in epithelial tissue. One involves the tight junction as an osmotic sensor, able 

to communicate hydrostatic pressure across the barrier to the cytoskeleton, while the other 
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considers the osmotic barrier created by the tight junction and how it affects osmotic pressure 

across epithelial tissue. 

It has been previously hypothesized that that the tight junction acts directly in 

mechanotransduction of osmolarity gradients and regulation of cell volume (Tokuda and Yu, 

2019). Osmotic stress locally impacts stress at the tight junction and via action on 

mechanosensitive cytoskeleton may impact the activity of ion channels regulating regulatory 

volume increase (Figure 3.6b). Without functioning tight junctions, sub-confluent or inhibited 

tissue may lose its ability to detect the osmotic pressure gradient due to the hypertonic conditions 

as an immature or disrupted tight junctional structure would cause increased paracellular 

transport and the absence of any shear stress between the apical and basal surfaces of the tissue, 

resulting in the downstream effect of active NKCC ion channels facilitating RVI. In contrast, 

fully confluent and uninhibited epithelial monolayers sense this stress at their “leak-proof” tight 

junctions, and this results in the suppression of volume homeostasis through as yet unknown 

intercellular signaling. This model is supported by evidence that hydrostatic pressure on the tight 

junction affects both the localization of the tight junction protein claudin-1, which instead 

dispersed to the cytoplasm, and lateral actin structure (Tokuda et al., 2009), meaning that stress 

on the tight junction cause tangible changes to the actin cytoskeleton. In turn, the actin 

cytoskeleton has been shown to regulate and organize variety of ion channels and related 

transporters associated with volume regulation (Papakonstanti et al., 2000; Mazzochi et al., 

2006). Specifically, in airway epithelial tissue actin stabilization has been found to activate 

NKCC1 channels through the serine-threonine protein kinase PKC-δ (Liedtke et al., 2003). 

An equally interesting explanation is that an intact tight junction serves to confine the 

osmotic pressure to only a small subsection of the epithelial membrane (Figure 3.6c). Meaning 
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that instead of an epithelial cell being surrounded by hyperosmotic pressure at all membranes as 

we see when examining single cell volume regulation, the tight junction restricts that osmotic 

pressure to only one side of the epithelial tissue and impacts regulatory volume increase. This 

hypothesized mechanism poses that geometrically constrained osmotic stress across the 

apical/basal surfaces of the tissue affects cellular volume regulation differently than osmotic 

stress across the cellular membrane. In our results, mature monolayers with functional tight 

junctions are only exposed to hyperosmotic pressure at the apical membrane and acini are only 

exposed at the basolateral membrane. Thus, our data does not indicate that the geometry of the 

osmotic shock is important for this response, as one might expect given known localization of 

the NKCC1 channel to the basolateral surface (Mykoniatis et al., 2010; Koumangoye et al., 

2018) Instead, it suggests cells react differently to osmotic pressure gradients across the apical-

basal plane than when to those across the cell membrane.  

Future work is required to understand the mechanisms controlling of volume regulation 

in mature epithelium, including how tight junctions impact NKCC ion channel activity. The 

details of the relationship between NKCC activity and tight junctions have been linked to 

disfunction and inflammation in both the gut (Koumangoye et al., 2020) and the brain (Wang et 

al., 2022) where activating NKCC1 related pathways was found to disrupt the tight junctions of 

the blood brain barrier. And so, we are able to conclude that tight junctions in mature epithelium 

suppress volume homeostasis and, as such, cell volume regulation in epithelial tissue is 

qualitatively different from that of single cells.  Given the known consequences of cell volume 

regulation for their physiology, these results have significant consequences for control of 

mechanotransduction pathways in epithelial tissue. 
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3.5 Methods 

Cell culture: MDCK-II cells were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM) 

and supplemented with 10% fetal bovine serum (FBS) (ThermoFisher Scientific), 2mM L-

glutamine (Invitrogen), and penicillin-streptomycin (Invitrogen). Cells were incubated in a 

humidified environment at 37C and 5% C02. MDCK ZO-1/ZO-2 KD cells were generously 

provided by Mark Peifer (University of North Carolina). 

Osmotic shock treatment: Hyperosmotic media was created through the addition of 200 mOsm 

of sorbitol (Phytotechnology Laboratories) to 290 mOsm DMEM media to make 490 mOsm 

hypertonic media. 

Sample creation: To create small colonies, MDCK cell were plated sparsely to coat the glass 

bottom of a 4-well chamber (Ibidi) and incubated for 24 hours. To create a mature monolayer, 

MDCK cells were plated densely to coat the glass bottom of a 4-well (for timelapse imaging) or 

8-well (for non-timelapse imaging) chamber (Ibidi). The cells were then incubated for 48 hours 

with a change of media at 24 hours. Acini were formed by sparsely plating MDCK cells in 

2mg/mL collagen gel for 8 days with the addition of serum starve (1% FBS) DMEM changed 

every 48 hours.  Inhibitors and osmotic treatments were added 3 hours prior to imaging. ROCK 

inhibited cells were treated with 25μM Y-27632 (Sigma) 3 hours before live imaging. NKCC 

inhibited cells were treated with 10μM Bumetanide (Sigma) 3 hours before live imaging. 

Microscopy and live cell imaging: 2μl/ml of CellMask Orange (Invitrogen) was added to samples 

30 minutes prior to imaging to stain the cell membrane. Samples were imaged on an inverted T-

E microscope (Nikon) with a confocal CSU-X spinning disk (Yokogawa Electric Corporation), a 

stage controller (Prior), and a CMOS camera (Zyla-Andor). Metamorph software was used to 

control the microscope and collect images. A stage incubator (Chamlide and Quorum 
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Technologies) with CO-2, humidity, and temperature control was used for timelapse experiments 

while a stage heater (Nevtek, ASI 400) was used for non-timelapse experiments. A 561 nm laser 

(MPB Communications, VFL-P Series) was used to illuminate the CellMask Orange stain. 

Images were acquired using a 60x Plan Apo NA water immersion objective with a NA of 1.20 

and a WD of 0.31-0.28 (Nikon). Three-dimensional images were collected using z-stacks of 

0.25μm steps. 

Height and volume analysis: Both ImageJ and Matlab were used for image analysis of monolayer 

height and volume. Average monolayer height (excluding ZO1/ZO2 KD monolayers) was 

measured using the method described above in section 2.5. Volume measurements for ZO-1/ZO-

2 KD monolayers, as well as all colonies and acini, were found using an alternate method to that 

described above. For ZO-1/ZO-2 KD cells and colonies this is because their extended apical 

domain is not well characterized by the assumption that the apical membrane is flat, and for acini 

it is because the cells are not grown on a flat surface. In these cases, average cell volume was 

found by measuring cell junction height, maximum cell height, and basal area for sample cells. 

This allowed us to model the volume of the cell as a cylinder that is the height of the cell 

junction length plus a hemisphere on top.  

Violin Plots: The width of each colored region represents volume kernel density which is an 

estimation of the probability density function of the average cell volume. The white point 

represents the median cell volume for all colonies measured, and the grey bar represents the 

interquartile range, meaning the middle 50% of the volume range. 

Quantification and Statistical analysis: Image analysis and quantification was performed in Fiji, 

Excel, and Matlab. Matlab was used to perform statistical analysis and calculate statistical 
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significance using two-tailed student t-tests where ns=p>0.05, *=p<0.05, **=p<0.01, and 

***=p<0.0001. 
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Chapter 4: Preferential stimulation of calcium in colony and wound 

edges during electrotaxis of epithelial monolayers 
 

4.1 Preface and Abstract 

 

4.1.1 Preface 

 The following chapter is work which grew out of a collaboration with Professor 

Sihong Wang and Yang Li at the University of Chicago. Through this collaboration we set out to 

set up a system capable of sustained electrotaxis of in vitro epithelial tissue cells in order to test 

the wound healing properties of biocompatible soft polymer electronics synthesized by the Wang 

lab. While this original goal remains an ongoing project under collaboration, the system for 

electrotaxis and electrical stimulation developed jointly by the Gardel and Wang labs resulted in 

the following fascinating study of intracellular calcium stimulation during electrotaxis. 

 

4.1.2 Abstract 

 Electric fields have long been understood to direct the motion of migratory cells in a 

process known as electrotaxis. While this process is known to be effective in manipulating the 

motion of cells, the exact nature of how the microenvironment influences cell motility during 

electrotaxis is not well characterized. Intercellular calcium has long been thought to play a role in 

electrotaxis and its reorganization under an electric field is one of several signals thought to 

mediate cell motility in these conditions. Here, we examine the effects of an electric field on 

intercellular calcium of epithelial colonies and monolayer wounds. We find that calcium is 

enriched at these colony edges and monolayer wound regions even before an electric field is 

applied. We also show that intercellular calcium increases more intensely in response to an 

electric field at these edges than it does further into the monolayer.   
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4.2 Introduction 

 Living cells respond to the application of an electric field. Stimulus from an electric field 

is essential for processes from neural activation in the brain (Armstrong and Hille, 1998) to the 

well characterized function of exciting cardiac tissue (Geselowitz, 1973; Fozzard, 1977; Elmas, 

2016). One increasingly well studied effect of electric fields on living tissue is the phenomenon 

of electrotaxis. Electrotaxis, also known as galvotaxis, is the directional motion of living cells in 

response to an electrical stimulus (Cortese et al., 2014). It is well known to be extremely relevant 

in the fields of wound healing (Tai et al., 2009; Li et al., 2013), cancer metastasis (Li et al., 

2013; Cortese et al., 2014; Oudin and Weaver, 2016), and neural migration during the 

development of the central nervous system (Yao et al., 2011). Despite cell migration due to 

electrotaxis being observed over 150 years ago when German scientist Max Verworn first 

observed that most protists will crawl either towards the anode or the cathode when an electric 

field is applied to a sample (Pearl, 1900), much of the process has yet to be fully understood.  

 While we still have much to discover about exact processes which underlay electrotaxis 

directed cell migration and multiple theories have been published over the years, our current 

understanding is that a combination of factors are affecting the cellular microenvironment and 

acting as a migratory stimuli, including gradients of various extracellular solutes, direct 

rearrangement of charged particles in the cytoplasm, and effects on voltage gated ion channels 

and other surface receptors (Cortese et al., 2014; Taghian et al., 2015). However none of these 

environmental cues have been fully able to explain the mechanism by which cell migration is 

stimulated and controlled, and there is much still to be understood in terms of underlying 

molecular mechanisms and the roles of various regulatory pathways  (Cortese et al., 2014).   
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Understandably, this inducible directional migration is of particular interest to those 

studying wound healing. Direct application of an electric field to wounds in in-vitro 

immortalized epithelial tissue (Song et al., 2007; Zajdel et al., 2020) as well as mice (Nuccitelli 

et al., 2008; Wang et al., 2019), rat (Long et al., 2018; Oliveira et al., 2019; Kao et al., 2022), 

and human skin wounds (Nuccitelli et al., 2008) show faster healing times and reduced 

inflammation in the region (Tai et al., 2009; Cheah et al., 2021). While this technology is 

considered an extremely exciting field, electrical stimulation for wound-care is not widely 

practiced and with only a handful of clinical trials looking into its therapeutic use for skin graft 

healing (Cheah et al., 2021), diabetic ulcer treatment (Miller et al., 2017; Rajendran et al., 2021) 

, and burn treatment (Gomes et al., 2018).  

 One aspect of electrotaxis that has been well studied and described is the differential 

response of cells in a tissue compared to single cells.  One study found that collective migration 

of cells in a tissue is fundamentally different than that of individual cells, with isolated mammary 

epithelial  cells requiring more than twice the voltage/cm compared to cells in colonies which are 

experiencing cell-cell interactions (Lalli and Asthagiri, 2015). This indicates that collective 

migration of cell in a tissue are more sensitive to electric fields. The study also reported that 

these mammary cells migrating collectively in colonies take longer to start showing directed 

motion when exposed to an electric field than individual cells, but that when they ultimately do 

undergo electrotaxis the motion is more directed overall than isolated cells (Lalli and Asthagiri, 

2015). Another study found that this is also true for MDCK cells as they show that larger and 

larger colonies see more and more aligned directed motion, and that disruption of the adherens 

junction or the tight junction reduced this affect and inhibited the directedness of motion during 
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electrotaxis (Li et al., 2012). Ultimately these data suggest that cell-cell adhesion plays an 

important role in collective cell migration during electrotaxis. 

 This is corroborated by traction force data observed during collective migration due to 

electrotaxis. Traction force microscopy is a technique for measuring the stresses that samples 

exert onto the substrate they rest on and works by microscopically imaging deformations to an 

elastic substrate both with and without the object present (W. Style et al., 2014). During 

collective migration due to electrotaxis, we see that it’s the leading edges of non-confluent 

monolayers which deform the substrate the most (Li et al., 2012). This implies that it is the edges 

of the monolayer which provides the majority of the forces necessary to lead the increased 

collective migration seen in cells within a tissue.  

 Here, we find a fascinating role for calcium during electrical stimulation. Calcium is one 

of the ions often hypothesized as a core mechanism for electrotaxis (Cortese et al., 2014) and it’s 

inflow into cells through voltage gated channels in response to electrical stimulation is well 

documented (Pesqueira et al., 2017; Cole and Gagnon, 2019). We find increased intracellular 

calcium at wound edges and the edges of monolayers independent of electrical stimulation. In 

addition, we show that intercellular calcium increases more intensely in response to an electric 

field at these edges than it does further into the monolayer, implicating the role of calcium at 

these edges in a tissue’s collective motility. We also show that cells grown on soft gel substrates 

do not experience these edge effects with intracellular calcium not strongly enriched at wound 

and colony edges and cells throughout the tissue showing strong responses to the application of 

an electric field, indicating that disruption to adhesion complexes affects the calcium response in 

a tissue. 
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4.3 Results 

4.3.1 Electrotaxis induced by a DC electric field in MDCK monolayers. 

 In order to study the application of a DC electric field on MDCK epithelial tissue, we 

designed an agar bridge-based system capable of being setup in an incubator on a fluorescent 

microscope (Figure 4.1 a, b). The ends of the agar bridge were placed 1 cm apart from each other 

and epithelial cells in the sample were imaged in the center of this 1 cm wide region. To make 

the sample we plated MDCK-II cells densely on glass and allowed them to grow for 48 hours, 

into a confluent monolayer and imaged them fluorescently with the addition of a CellMask 

Orange membrane stain over the course of 10 hours imaging every 15 minutes under the 

application of 2V/cm of a DC electric field generated by the attached power supply (Figure 

4.1c). We see that over the 10 hours, the cells collectively moved in the direction of the anode in 

the electric field, migrating between 40 and 160 μm in that time (Figure 4.1d). This motion is 

highly directed and out of the 20 cells tracked, all migrated in a direction within 30° of the 

electric field (Figure 4.1e). Together, this data describes the responsiveness of MDCK samples to 

collective migration during electrotaxis within this experimental setup. 

 

 4.3.2 Transient intracellular calcium spikes are present in cells throughout a tissue and are 

consistently enriched at colony and wound edges. 

 Ultimately, we want to be able to describe the role of calcium in organizing the collective 

dynamics seen in epithelial tissue under the influence of an electric field. These collective 

dynamics are can be seen in all types of epithelial tissue but are strongest in mature epithelial 

monolayers and significantly weaker in single cells and small colonies (Li et al., 2012; Lalli and 

Asthagiri, 2015). To do this we employed the calcium probe fluo-8 to record the relative flux of  
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Figure 4.1: Electrotaxis induced by a DC electric field in MDCK monolayers (a, b) A 

depiction of the imaging setup as a diagram (a) and an image (b). An electric field is applied 

to live cells within an imaging chamber using a DC power supply with silver electrodes 

connected to two PBS wells on either side of the sample. Strips of agar connect the PBS well 

to the sample chamber and are placed to be 1 cm apart on top of the cells. (c) Cells in a 

monolayer undergoing electrotaxis. 2V/cm DC electric field was applied to the sample over 

10 hours. Sample was imaged evert 15 minutes. Colored lines represent the path of four cells 

in the tissue. Yellow circles mark each cell’s position after 10 hours. (d) x- and y-positions of 

20 different cells in the tissue relative to their position at the start of imaging. (e) Polar 

histogram of the total direction traveled by each of these 20 cells. 

 

 

 

intracellular calcium of cells in the tissue. Imaging MDCK monolayers over the course of 2 

minutes showed transient calcium events of different intensities and at different times within 

cells in the monolayer (Figure 4.2 a, b). By examining the peak intensity for each cell compared 

to the baseline intensity, we found that some cells in the monolayer experienced strong calcium 

transient events during this time period, while other cells did not (Figure 4.2c). This is consistent 

with similar studies, which report a wide variety of peak intensities and time between 

spontaneous stimulation of calcium in MDCK monolayer tissue (Geyti et al., 2008; Schaumann, 

2020).  
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Figure 4.2: Transient intracellular calcium spikes are present in cells throughout a tissue and 

are consistently enriched at colony and wound edges (a) Images from a video of live MDCK 

cells grown into a monolayer and dyed with 2μM fluo-8, an intracellular calcium marker. 

Images taken every second for 120 seconds. (b) Intensity of calcium marker within the cells 

marked by the corresponding box in Figure a. Transient calcium spikes can be observed. 

Photobleach corrected. (c) Segmented image of the monolayer showing the peak intensity 

measured throughout the video compared to the mean background intensity for each 

individual cell. (d) A still from a video of a live MDCK colony dyed with fluo-8. Images 

taken every second for 120 seconds. (e) Intensity of calcium marker within the cells marked 

by the corresponding box in Figure d. Transient calcium spikes can be observed. Photobleach 

corrected. (f) Segmented image of the colony showing the peak intensity measured throughout 

the video compared to the mean background intensity for each individual cell. (g) 

Measurement of initial colony calcium intensity compared to that position’s distance from the 

edge of the colony. (h) A still from a video of a live MDCK wound edge dyed with fluo-8. 

Images taken every second for 120 seconds. (i) Intensity of calcium marker within the cells 

marked by the corresponding box in Figure h. Transient calcium spikes can be observed. 

Photobleach corrected. (j) Segmented image of the wound edge showing the peak intensity  
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Figure 4.2 Continued: measured throughout the video compared to the mean background 

intensity for each individual cell. (k) Measurement of initial wound calcium intensity 

compared to that position’s distance from the edge of the wound. 

 
 Unlike mature monolayer tissue, small colonies of MDCK cells show a distinct pattern 

when it comes to calcium distribution and transient calcium events. We see that calcium is 

strongly and consistently enriched in cells at edge of colonies (Figure 4.2 d). In addition, when 

we examine calcium transient peaks, we find that while we continue to see some transient events 

in cells at the center of the small colony, cells at the edge of the colony consistently exhibit 

strong calcium transient events during the two-minute time period imaged (Figure 4.2 e, f), 

indicating that calcium events are stronger and more consistent at these edges. When we quantify 

this through measuring the relative intensity of calcium in the colony compared to the distance 

from the edge of the colony, we find that there is a large peak in calcium intensity in cells close 

to the colony edge that quickly drops of as we go further into the center of the collection of cells.  

 Similarly, we examined how calcium behaved not at colony edges, but at artificial wound 

edges. To do this we developed samples of cells grown withing a 5x5 cm square through the use 

of a PDMS mask. When we remove this mask two hours prior to imaging, it disturbs the edges of 

the large colony, making an artificial and highly controllable wound edge. These wound edges 

behave comparably to the colony edges with enriched calcium at the edges (Figure 4.2 h), as well 

as stronger and more consistent transient calcium events in cells along the wound edge (Figure 

4.2 i, j). When we quantify this calcium enrichment at the edge, we once again see that there is a 

large peak of calcium intensity right at the wound edge that falls off further into the large colony 

of cells (Figure 4.2 k). Together, this data indicates a role for transient calcium spikes in colony 

and wound edges that is not found further into the center of the tissue. 
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4.3.3 Intracellular calcium is preferentially stimulated at wound and colony edges by the 

application of a 10V/cm DC electric field.  

 Now that we have established the existing nature of calcium transient events and unique 

distribution of calcium at colony and wound edges, we’re interested in probing how an electric 

field stimulates and regulates intracellular calcium to better understand the role that calcium 

might play in collective electrotaxis behavior. To do this, we applied a 10V/cm electric field for 

20 seconds, turned it off for 20 seconds, and then pulsed the DC electric field a second time for 

20 seconds (Figure 4.3a, b). Applying this electric field twice over the course of one timelapse 

experiment allows us to examine whether this event was likely a spontaneous calcium transient 

event, or whether we expect that an event was stimulated by the applied electric field because it 

occurred following both applications of the electric field.  

 What we find when we apply an electric field to colonies and wound edges, is that the 

electric field preferentially stimulates intracellular calcium at those colony and wound edges. 

Cells further from the edges do not experience consistent stimulation of a transient calcium 

event, while cells at and close to the edges are much more likely to have a strong increase in 

fluo-8 calcium intensity during the application of the electric field (Figure 4.3 c, g). Additionally, 

when we examine the mean intensity change in the calcium indicator signal just before and 

during the application of the first electric field, we find that it is preferentially cells at or near the 

edges of the field which experience increased intracellular calcium (Figure 4.3 d, h). When we 

examine the percent intensity change after the application of an electric field at different 

distances from the colony or wound edges, we find that there is a peak in calcium activation that 

occurs near to the edges which then rapidly drops further from the edge (Figure 4.3 e, i). This is  
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Figure 4.3: Intracellular calcium is preferentially stimulated at wound and colony edges 

by the application of a 10V/cm DC electric field. (a) Visual depiction of voltage application 

during each 120 second video. 20 seconds of 10V/cm are applied to each sample after 20 

seconds and 60 seconds of imaging. Blue triangles represents the time position of the stills in 

Figure b. (b)  Images from a video of live MDCK cells grown into a colony and dyed with 

2μM fluo-8, an intracellular calcium marker. Images taken every second for 120 seconds. 

Stills with a red box were taken when electric field was applied. (c) Intensity of calcium 

marker within the cells marked by the corresponding box in Figure b. Red shading marks the 

periods of time when a DC voltage was applied on the tissue. (d) Map of the percent mean 

intensity change throughout the colony. Measurements were taken my averaging the intensity 

of each position for the five timepoints prior to the first application of the electric field and 

comparing that to the five timepoints 10 seconds later to determine the immediate calcium 

response to the application of the electric field. (e) The mean intensity change measured at 

each position in Figure d was used to find the mean intensity change of the colony compared 

to the position’s distance from the edge of the colony. (f) A still from a video of a live MDCK 

wound edge dyed with fluo-8. Images taken every second for 120 seconds with two periods of 

10V/cm applied to the wound edge. (g) Intensity of calcium marker within the cells marked by  
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Figure 4.3 Continued: the corresponding box in Figure f. Red shading marks the periods of 

time when a DC voltage was applied on the tissue. (h) Map of the percent mean intensity 

change throughout the wound edge. Measurements were taken my averaging the intensity of 

each position for the five timepoints prior to the first application of the electric field and 

comparing that to the five timepoints 10 seconds later to determine the immediate calcium 

response to the application of the electric field. (i) The mean intensity change measured at 

each position in Figure h was used to find the mean intensity change of the area near the 

wound edge compared to the position’s distance from the edge of the wound. 

 
further evidence that intracellular transients behave differently at colony and wound edges than 

they do more internally in a tissue and provides a potential role for calcium to explain why cells 

in a mature tissue or in larger colonies behave more collectively than cells single cells or small 

colonies during electrotaxis events. 

 

4.3.4 Disruption to adhesion complexes using soft gel substrates prevents calcium enrichment at 

tissue edges and allows strong stimulation of calcium throughout the tissue.   

 Since it is the edges of colonies and wounds where we find the largest traction forces in 

cellular tissue (Li et al., 2012; Schaumann et al., 2018), we next examine the role of adhesive 

complexes in the organization of intracellular calcium in these samples. We do this by plating 

MDCK samples onto soft collagen substrates in order to disrupt the basal adhesion complexes 

(Collins et al., 2017; Tang, 2020).  

 Wound edge cells plated on soft collagen do not show a higher intensity of calcium at 

wound edges, in fact the intensity of the calcium probe is largely consistent even far from the 

edge of the tissue layer (Figure 4.4 a, d). In addition, unlike samples grown on a stiffer substrate, 

we find transient calcium peaks present at equally strong intensities both near the wound edge 

and further from the wound edge (Figure 4.4 b, c). Interestingly, these spontaneous calcium 

events appear to be co-stimulated, meaning that we see the peaks take on similar shapes and are  
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Figure 4.4: Disruption to adhesion complexes using soft gel substrates prevents calcium 

enrichment at tissue edges and allows strong stimulation of calcium throughout the 

tissue (a) A still from a video of a live MDCK wound edge grown on soft collagen and dyed 

with fluo-8. Images taken every second for 120 seconds. (b) Intensity of calcium marker 

within the cells marked by the corresponding box in Figure a. Transient calcium spikes can be 

observed. Photobleach corrected. (c) Segmented image of the wound edge showing the peak 

intensity measured throughout the video compared to the mean background intensity for each 

individual cell. (d) Measurement of initial wound calcium intensity compared to that 

position’s distance from the edge of the wound. (e) A still from a video of a live MDCK 

wound edge grown on soft collagen and dyed with fluo-8. Images taken every second for 120 

seconds with two periods of 10V/cm applied to the wound edge. (f) Intensity of calcium 

marker within the cells marked by the corresponding box in Figure e. Red shading marks the 

periods of time when a DC voltage was applied on the tissue. (g) Map of the percent mean 

intensity change throughout the colony. Measurements were taken by averaging the intensity 

of each position for the five timepoints prior to the first application of the electric field and  
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Figure 4.4 Continued: comparing that to the five timepoints 10 seconds later to determine 

the immediate calcium response to the application of the electric field. (h) The mean intensity 

change measured at each position in Figure g was used to find the mean intensity change of 

the colony compared to the position’s distance from the edge of the colony. (i) A still from a 

video of a live MDCK wound edge dyed grown on soft collagen and dyed with fluo-8. Images 

taken every second for 120 seconds with two periods of 10V/cm applied to the wound edge. 

(j) Intensity of calcium marker within the cells marked by the corresponding box in Figure i. 

Red shading marks the periods of time when a DC voltage was applied on the tissue. (k) Map 

of the percent mean intensity change throughout the wound edge. Measurements were taken 

by averaging the intensity of each position for the five timepoints prior to the first application 

of the electric field and comparing that to the five timepoints 10 seconds later to determine the 

immediate calcium response to the application of the electric field. (l) The mean intensity 

change measured at each position in Figure k was used to find the mean intensity change of 

the area near the wound edge compared to the position’s distance from the edge of the wound. 

  

temporally related to each other, something that we did not observe in samples grown on more 

rigid substrates. 

 When we applied the same 10V/cm electric field onto the samples, we find that this softer 

substrate allows for strong calcium stimulation both at the edges of colonies and wounds and 

further in the center of the tissue layer (Figure 4.4 e, f, i, j). By analyzing the mean intensity 

change both before and after the application of the electric field, we see that once again we have 

lost the edge effects that were present in samples plated on rigid surfaces. There is no significant 

difference in calcium activation depending on distance from the edge in colonies (Figure 4.4 h) 

and there is an inverse effect in wound edges with the mean intensity enriched in this particular 

field of view 50-100 μm away from the edge of the wound (Figure 4.4 l).  

 Together this data indicates that disruption to basal adhesive complexes due to softer gel 

substrates results in the loss of the collective calcium edge dynamics which we observe in wound 

edges and small colonies.  
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4.4 Discussion 

Our results indicate transient intracellular calcium’s importance at wound and colony 

edges during electrotaxis-based cell migration. We show that calcium is highly enriched at these 

edges and that transient intracellular calcium spikes are consistently strongest in edge cells 

during stimulation by an electric field. We also find that soft substrates which disturb focal 

adhesive properties dispel these calcium edge effects, showing how the mechanical extracellular 

environment affects ion distribution in a tissue. 

Why does it matter that calcium transients are found at wound and colony edges and are 

affected by substrate stiffness? Together, these results indicate a relationship between the 

traction forces also relegated to colony and wound edges, and calcium signaling stimulated by an 

electric field. When it comes to why colonies and wound edges migrate with more directiveness 

than single cells, we are able to show that the interesting dynamics in these collective systems 

are taking place at the tissue edges. Its these edges that are driving the collective migration and 

these edges that are preferentially stimulated by the electric field.    

 While these results illuminate a fascinating calcium-based reaction at tissue edges, the 

exact mechanisms which underscore the multitude of processes occurring during electrotaxis 

continues to be an open question, and a deeper understanding of why cells in a tissue react to 

electric fields with more directiveness and at lower voltages than single cells still remains to be 

fully explored. Here, we have examined a strong correlation between tissue and wound edges, 

calcium-based stimulation, and the adhesive forces which cells require for migration. This 

correlation is not the end of the story, but it does strongly implicate the ways in which edges of a 
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tissue, edges that are so rare in vivo outside of wound edges, play a strong role in our ex vivo and 

in vitro understanding of how cells respond to electric fields.  

  

4.5 Methods 

Cell Culture: MDCK-II cells were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM) 

and supplemented with 10% fetal bovine serum (FBS) (ThermoFisher Scientific), 2mM L-

glutamine (Invitrogen), and penicillin-streptomycin (Invitrogen). Cells were incubated in a 

humidified environment at 37C and 5% C02. Cells plated on soft gel were plated on 2𝜇m/ml 

polymerized collagen. 

Sample Creation: To create a mature monolayer, MDCK cells were plated densely to coat the 

glass bottom of a 50mm glass bottom petri dish with a 30mm glass diameter (MatTek). The cells 

were then incubated for 48 hours with a change of media at 24 hours. To create small colonies, 

MDCK cells were plated sparsely to coat the glass bottom of the same petri dish and incubated 

for 24 hours. To create wound edges, a square polydimethylsiloxane (PDMS) mask was used. 

The PDMS mask was made with a 10:1 ratio of elastomer to curing agent (Sylgard), placed in a 

vacuum desiccator for 30 minutes to degas, and then poured into a flat dish to a thickness of 

0.5mm and cured at 50°C overnight. The PDMS was then cut into 2cm squares and a square 

5mm leather punching tool (DGOL) was used to make a 5mm hole in the center of the mask. The 

mask was soaked in 100% acetone for 90 seconds and then rinsed and soaked in PBS overnight. 

The mask was then added to the bottom of the glass bottom petri dish prior to plating MDCK 

cells and then removed 2 hours prior to imaging, creating disturbed edges to the monolayer. 
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Electrotaxis: A DC voltage was applied to the sample using a variable DC power supply 

(Vlifree) with wires connected to silver electrodes placed in wells of PBS on either side of the 

sample. A 2% agarose gel poured 0.5 mm thick into a dish and left to solidify at room 

temperature for 30 minutes was cut to 1.5 cm wide and 6 cm long and used to connect the PBS 

wells to the sample. The two strips of agar gel were positioned so that they were 1 cm apart and 

on the bottom of the sample’s glass bottomed petri dish. Tape was used to secure all wires and 

prevent any disturbance to the setup.  

Microscopy and Live Cell Imaging: 2μM of fluo-8 (Invitrogen) was added to samples 30 minutes 

prior to imaging to illuminate intracellular calcium. Samples were imaged on an inverted T-E 

microscope (Nikon) with a confocal CSU-X spinning disk (Yokogawa Electric Corporation), a 

stage controller (Prior), and a CMOS camera (Zyla-Andor). Metamorph software was used to 

control the microscope and collect images. A stage incubator (Chamlide and Quorum 

Technologies) with CO-2, humidity, and temperature control was used for timelapse experiments 

with the lid slightly open to allow for wires to reach the sample. A 491 nm laser (Hubner 

Photonics Inc, Cobolt Calypso) was used to illuminate the fluo-8 dye. Images were acquired 

using a 40x Plan Apo NA water immersion objective with a NA of 1.15 and a WD of 0.59-0.61 

(Nikon). 

Quantification and Statistical Analysis Image analysis and quantification was performed in Fiji 

and MATLAB. Cell segmentation was performed using Fiji image software. Photobleach 

correction was performed on all intensity measurements using custom MATLAB code. Ipeak /I0 

measurements were taken by measuring the ratio of the maximum value for each cells mean 

intensity trace and the baseline value for each cell’s mean intensity trace. Mean intensity change 

measurements were taken by averaging the five timepoints prior to the first application of the 
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electric field, and the five timepoints 10 seconds later after the application of the electric field. A 

2-pixel gaussian blur filter was applied to smooth the image results.  
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Chapter 5: Force-dependent intercellular adhesion strengthening 

underlies asymmetric adherens junction contraction 

 

5.1 Preface and Abstract 

5.1.1 Preface  

The following chapter has been adapted from (Cavanaugh et al., 2022) and is originally 

published in Current Biology volume 32, issue 9. This project grew out of experimental results 

performed by Kate Cavanaugh, who is the first author on the paper in which these results are 

published.  My contribution to this work has been extensive data analysis, including novel image 

analysis techniques which we used to measure junction asymmetry and extensive statistical work 

on the resulting data. In particular, I developed and analyzed the motility, relative displacement, 

center of contraction of the activated cell vertices, and implementation of the Hartigan dip test of 

unimodality (Hartigan and Hartigan, 1985) to describe junctional asymmetry. This work is 

described in Figure 5.1 E,F,J-L, Figure 5.2 A-C,E,F,H,I, Figure 5.3 I,J, and Figure 5.4 B-F. 

 

5.1.2 Abstract 

Tissue morphogenesis arises from the culmination of changes in cell-cell junction length. 

Mechanochemical signaling in the form of RhoA underlies these ratcheted contractions, which 

occur asymmetrically. The underlying mechanisms of asymmetry remain unknown. We use 

optogenetically controlled RhoA in model epithelia together with biophysical modeling to 

uncover the mechanism lending to asymmetric vertex motion. Using optogenetic and 

pharmacological approaches, we find that both local and global RhoA activation can drive 
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asymmetric junction contraction in the absence of tissue-scale patterning. We find that standard 

vertex models with homogeneous junction properties are insufficient to recapitulate the observed 

junction dynamics. Furthermore, these experiments reveal a local coupling of RhoA activation 

with E-cadherin accumulation. This motivates a coupling of RhoA-mediated increases in tension 

and E-cadherin-mediated adhesion strengthening. We then demonstrate that incorporating this 

force-sensitive adhesion strengthening into a continuum model is successful in capturing the 

observed junction dynamics. Thus, we find that a force-dependent intercellular ‘‘clutch’’ at 

tricellular vertices stabilizes vertex motion under increasing tension and is sufficient to generate 

asymmetries in junction contraction. 

 

5.2 Introduction 

Morphogenesis relies on the tight spatiotemporal control of cell-cell junction lengths 

(Lecuit et al., 2011). Contractile forces, acting at adherens junctions, alter junction lengths as a 

cyclic ratchet (Solon et al., 2009; Rauzi et al., 2010; Fernandez-Gonzalez and Zallen, 2011; 

Mason et al., 2013). Preceding these ratcheted contractions are pulses of active RhoA (Rauzi et 

al., 2010; Munjal et al., 2015; Kerridge et al., 2016), the strength and temporal pattern of which 

control junction tension to confer junction length (Staddon et al., 2019; Cavanaugh et al., 

2020b). Through effector activation, contractile actomyosin arrays assemble rapidly in response 

to intracellular biochemical signals and/or physical cues from neighboring cells (García-Mata 

and Burridge, 2007). As such, RhoA GTPase cycling is thought to give rise to spatiotemporal 

changes in junction length which, in turn, drive tissue morphogenesis (Mason et al., 2016). 

While the molecular components of these mechanochemical systems are well characterized, the 
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mechanisms by which RhoA regulates junctional tension and adhesion to control cell shape 

remains largely unknown.  

A recent study has revealed the asymmetric nature of junction contraction that occurs 

during germband extension (Vanderleest et al., 2018). Here, one tricellular vertex is highly 

mobile and contracts towards a more immobile, stationary vertex. The net result of this 

asymmetric vertex motion is coordinated asymmetry in junction deformation whose collective 

contractions facilitate global tissue rearrangements (Vanderleest et al., 2018; Huebner et al., 

2021). A possible mechanism underlying this innate vertex asymmetry describes heterogeneous 

force production along the junction proper. Non-uniform force production may cause very local 

actomyosin flows to specific regions of the junction for qualitatively different junctional 

responses. Bicellular edges, for example, act as independent contractile units apart from 

tricellular vertices (Choi et al., 2016; Vanderleest et al., 2018). Medioapical actomyosin flows to 

the bicellular interfaces can also generate contractile forces sufficient to deform junctions (Rauzi 

et al., 2010; Munjal et al., 2015). Flows to the tricellular vertices may restrict these contractions, 

thus stabilizing the junctional ratchet (Vanderleest et al., 2018). The coordination between these 

spatially distinct actomyosin flows may yield asymmetric junction shortening (Vanderleest et al., 

2018). Thus, sub-cellular mechanics that underlies this asymmetry remain unclear.  

Cells sense and respond to mechanical cues through force-sensitive feedbacks within the 

cytoskeleton. Apical E-cadherin-based adhesions mediate intercellular cell-cell adhesion. 

However, E-cadherin should be envisaged not as a static participant of cellular adherence but 

rather as a dynamic sensor of force that dictates cellular behavior. For example, force stimulates 

the RhoA pathway and myosin light chain phosphorylation, resulting in an overall increase in 

actin polymerization at adherens junctions (Acharya et al., 2017). Additionally, force-sensitive 
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processes within adherens junctions allows adhesive components to strengthen under force 

(Manibog et al., 2014). Here, cadherin catch bonds are strengthened when adhesion complexes 

experience tensile force (Buckley et al., 2014). Together these mechanisms cause clustering of 

E-cadherin molecules and actin to trigger adhesion complex growth (Hong et al., 2013). In this 

way, these proteins subsequently generate a reinforcement response to anchor junctions against 

applied force (Pannekoek et al., 2019). However, it is still unclear if and how cells’ force-

sensitive coupling of actomyosin and adhesion complexes modulate junction length to coordinate 

morphogenetic movements at the cellular scale.  

Here, we investigated the origins of asymmetric junction contraction by using 

optogenetic and pharmacologic modulation of RhoA activity. This system allowed for sub-

cellular control of RhoA stimulation to investigate the origins of asymmetric contraction. We 

then used computational modeling to offer predictions on the mechanistic origin of this 

asymmetric contraction. Our experimental data indicated that differential regulation of vertex 

tension, as predicted by canonical models of epithelial tissues, was insufficient to account for 

such asymmetry. We then explored whether local coupling between RhoA-mediated contraction 

and vertex friction could account for the experimental results. We found that force-dependent 

adhesion strengthening at tricellular vertices act to locally reinforce the vertex to restrict its 

movement. Thus, coupling between RhoA-mediated tension and adherens junction strengthening 

was sufficient to recapitulate experimental data. Modulating E-cadherin friction with 

pharmacological perturbations, we induced symmetry back into the system or abolished junction 

contraction entirely. Our modeling and experimental data therefore point to a unified model of 

asymmetry induced by both friction and local contraction that is mediated by a RhoA-dependent 

asymmetric recruitment of E-cadherin at tricellular vertices. 
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5.3 Results 

5.3.1 RhoA stimulates asymmetric junction contraction in a model epithelium 

 

To examine how RhoA controls junction contractions, we formed a model tissue by 

plating a colorectal adenocarcinoma (Caco-2) cell line at full confluency on collagen gels and 

CRISPR tagged for E-cadherin to facilitate the monitoring of junctional movements (Figure 

5.1a) (Liang et al., 2017). We then measured junction length by finding the interfacial distance 

from one tricellular vertex to the other tricellular vertex. In control conditions, there were 

negligible changes in junction length over the course of a two-hour period (Figure 5.1b). Here, 

the junction length was stable and only fluctuated about 1% over the two-hour period (Figure 

5.1b).  

We then treated cells with a cell permeable, pharmacological RhoA Activator, CN03, to 

globally and acutely increase RhoA activity across the entire tissue. We began imaging upon the 

addition of CN03, at time (t)=0 min, and examined junction length changes resulting from RhoA 

increases until (t)=125 min. About 30% of the junctions contracted, resulting in their shortening 

to about 80% of the initial length (Figure 5.1c). We manually tracked each vertex and measured 

its displacement in space over time (Figure 5.1d). In control conditions, we found that there was 

little to no vertex movement (Figure 5.1b, 5.1e). In contrast, in CN03 containing media one 

vertex moved significantly more than the other vertex (Figure 5.1c, 5.1f). This asymmetric 

contraction is reminiscent of observations in developmental systems (Vanderleest et al., 2018; 

Huebner et al., 2021).  
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Figure 5.1: RhoA activation drives asymmetric vertex motion in model tissue (A) 

Representative image of a model epithelial tissue formed from confluent MDCK cells 

expressing E-Cadherin GFP. (B) Zoomed in images of WT junction over the course of two 

hours showing no junction length changes with the addition of media. (C) Representative 

images of timelapse video over the course of two hours showing asymmetric junction 

shortening with the addition of the CN03 compound. (D) Schematic of junction shortening 

and displacement measurement analysis. (E) Vertex displacement analysis for junctions in 

WT (Media Treatment) conditions showing little-to-no vertex motion. Inlay shows particle 

tracks for a representative vertex pair in WT conditions. (F) Vertex displacement analysis for 

junctions in CN03 treatment showing asymmetry in vertex displacements. Inlay shows 

trajectories for a representative vertex pair in CN03 treatment (G) Schematic of the TULIP  
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Figure 5.1 Continued: optogenetic system to drive local RhoA activation. (H) Zoomed out 

image of a targeted junction at -1min before optogenetic activation. Top image shows HECD1 

junction labeling of E-cadherin and bottom image shows prGEF localization. (I) Timelapse of 

the junction in H undergoing a 5-min optogenetic activation showing asymmetric junction 

contraction within the activation period and junction relaxation post-activation. (J) Vertex 

displacement analysis for the junction within the 5-min optogenetic activation period. 

Displacement analysis shows asymmetric vertex displacement of the optogenetic Rho 

activation. Inlay shows particle tracks during the 5-min optogenetic activation period for a 

representative vertex pair. (K) Schematic documenting the percent movement analysis. (L) A 

histogram of the percent motions of all vertices in response to optogenetic stimulation shows 

two peaks at 30% and 70%. A Hartigan’s dip test (p=0.049) shows that the movement of the 

vertices is bimodal. 

 

To explore the mechanism of asymmetric contraction, we turned to an optogenetic 

approach. The logic behind this experiment was to have isolated junctions acutely experience 

heightened and targeted RhoA activation. For spatial and temporal control over RhoA activity, 

we used a Caco-2 cell line expressing the TULIP optogenetic two-component system (Strickland 

et al., 2012; Wagner and Glotzer, 2016; Oakes et al., 2017; Staddon et al., 2019; Cavanaugh et 

al., 2020b). TULIP’s two components include the 1) membrane-tethered photosensitive LOVpep 

anchor protein and the 2) prGEF complex that houses the photorecruitable PDZ domain attached 

to the catalytic DH domain of the RhoA-specific GEF, LARG. Blue light (405nm) activation 

causes a conformational change in the LOVpep domain to expose a docking site for the 

engineered PDZ domain within the prGEF complex. This blue light activation increases the 

binding affinity between the two components, thereby recruiting the prGEF to the membrane 

where it drives local RhoA activation (Figure 5.1g) (Wagner and Glotzer, 2016; Oakes et al., 

2017; Staddon et al., 2019; Cavanaugh et al., 2020b). This system has high temporal resolution, 

as prGEF recruitment and dissociation occurs on the order of 30-60 seconds. prGEF recruitment 

was tightly confined to the targeted cell-cell junction, consistent with previously published work 
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(Figure 5.1i) (Cavanaugh et al., 2020b). This system is advantageous, because it restricts 

junctional contraction to the optogenetically activated junction, so that the frame of reference for 

vertex motion is the surrounding junctions and tissue. Overall, this system gave tight 

spatiotemporal control over the prGEF and thus RhoA for which to study how junctions contract 

upon increased RhoA activity.  

To visualize the distortion of the bicellular junction during asymmetric contraction, we 

labeled E-Cadherin using an antibody labeling technique targeting its extracellular domain. We 

bathed the cells for at least an hour in E-cadherin primary antibody, HECD1, and its 

corresponding fluorescently labeled secondary antibody. Upon washing out the antibody, we 

found that this labeling produced a punctate pattern of E-cadherin that delineated the cell-cell 

junctions and vertices (Figure 5.1h). HECD1 targets the EC2 domain region of the E-cadherin 

ectodomain, rather than the EC1 domain which mediates trans-binding. In this way, cellular 

cohesion and intercellular E-cadherin binding via EC1 domains was preserved. Indeed, we found 

that under the conditions of our experiments, HECD1 did not affect junction contraction 

dynamics (Figure 51i) (Cavanaugh et al., 2020b). These light-stimulated contraction was 

surprisingly consistent across multiple junctions with different initial lengths and geometries.  

We found that optogenetic recruitment of prGEF along the entire bicellular junction 

induced asymmetric contraction (Figure 5.1 i,j). To quantify the asymmetry, we measured 

Relative Displacement of each vertex in a vertex pair, as defined by the distance moved of one 

vertex (e.g. D1) over the total distance moved by both vertices (D1+D2), to yield D1/(D1+D2) 

and D2/(D1+D2) (Figure 5.1k). We then plotted the probability density of the relative 

movement. This revealed an asymmetry in the histogram with peaks around 30% and 70%, 

further indicating an inherent asymmetry in the distribution of vertex motion (Figure 5.1l). This 
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result was starkly contrasted against a symmetric contraction, where a single peak centered 

around 50% would be expected.  

 

5.3.2 Asymmetric contraction can be driven by heterogeneity in active RhoA 

 

Junctions could either contract uniformly along their length or the extent of contraction 

could vary as a function of position. To explore these possibilities, we used the variable intensity 

of HECD1 labeling to examine local variations in deformations along the junction. A line-scan 

along the junction, taken over time, created a kymograph for which to analyze fiduciary flows 

before, during, and after light-stimulated junction contraction (Figure 5.2a).  

Using these kymographs, we then measured the displacement of different regions along 

the junction over time (Figure 5.2a). We identified the location of zero displacement to identify 

the contraction center. To compare junctions of varied lengths, we normalized both displacement 

and position along the junction by the junction length. For consistency, we identified the less 

mobile vertex position as “0” and the more mobile vertex position as “1”. For a symmetric 

contraction, we would expect to see the center of contraction at the midpoint of the junction, or 

0.5, and a displacement proportional to distance from the contraction center. Instead, we found 

that the displacement is nonlinear, suggesting that contraction is heterogenous along the 

bicellular junction (Figure 5.2b). Further, we found the contraction center to be skewed towards 

the less-motile vertex (Figure 5.2 a,c). Analyzing multiple kymographs revealed that the mean 

center of junction contraction was consistently closer to the less-motile vertex with a mean of 

0.32 (Figure 5.2c). By contrast, values of normalized center of contraction over 0.5 would be 

achieved in scenarios in which the center of contraction is proximal to the motile vertex. 
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Figure 5.2: Asymmetric distribution of active RhoA drives contraction asymmetry (A) (Left) 

Representative kymograph of an optogenetically activated junction labeled with HECD1 

showing asymmetry junction contraction and relaxation. (Right) Fiducial marks seen in the 

kymograph to the left are color coded according to the amount of displacement within the 

optogenetic activation period. The location of zero displacement of the fiducial marks is 

marked with a dashed red line. (B) (Left) Analysis of the displacement of each fiducial mark’s 

flows as a function of the distance from the contraction center for two individual junctions 

showing nonlinear displacement from one end of the junction to the other, indicating a 

nonuniform contraction of each junction. (Right) Averaged plot showing the nonlinearity of 

fiducial displacement as a function of the normalized junction position.  Error bars show 

standard deviation. (C) Inlay shows diagram of the Less-motile (LM) vertex being labeled as 

0 and the Motile (M) vertex being labeled as 1. Red arrows represent the extent of the vertex 

motion along the junction during contraction. Analysis of the localization of zero 

displacement (as seen in A) of the fiduciary marks indicates the center of the junction as being 

skewed towards the less-motile vertex. (D) (Left) Representative image E-cadherin-GFP and 

RhoA biosensor, AHPH in a junction subjected to CN03 treatment. Junction shows  
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Figure 5.2 Continued: asymmetric contraction with a RhoA flare along the junction. (Right) 

Kymographs show asymmetric junction contraction and a RhoA flare that is biased towards 

the less-motile vertex. (E) Analysis of the junctional AHPH intensity plots averaged over the 

last 5 frames of the kymograph (left) fitted to a Gaussian curve. Green dotted line indicates the 

peak of the Gaussian fit, indicating the centralized location of the RhoA biosensor. (F) Pooled 

analysis of the peak of the RhoA biosensor, as calculated in E, showing mean junctional 

RhoA localization as being skewed towards the less-motile vertex. (G) Representative image 

and kymograph of a junction undergoing half-junction activation at the bottom junctional 

region. (H) Vertex displacement analysis of bottom-junction activation showing contractile 

asymmetry between two vertices. Inlay shows individual vertex tracks for two vertices of the 

same junction. (I) Normalized center of contraction analysis for bottom-junction activation 

showing the center of contraction is skewed towards the region of activation. 

 

It is plausible that that RhoA activity is not uniform along the junctions, giving rise to 

heterogeneous stress along the junction. To explore this, we used the RhoA biosensor (AHPH) 

containing the GTP-RhoA binding C-terminal portion of Anillin (Piekny and Glotzer, 2008; 

Budnar et al., 2019). We transfected the E-cadherin expressing cells with the AHPH and then 

visualized RhoA activity during a CN03 wash-in experiment. We observed discrete sub-

junctional region of heightened active RhoA, which we termed flares (Figure 5.2 d,e). We 

measured the intensity of active RhoA along the junction and found that the peak, the central 

flare location, was skewed towards the less-motile vertex (Figure 5.2 d,e). Fitting a Gaussian 

curve to this data, we labeled the peak of this Gaussian as the location of the “peak” RhoA 

region (Figure 5.2e). By analyzing fourteen kymographs, we found that the mean RhoA flare 

position was skewed towards the less-motile vertex, with an average position of 0.35 (Figure 

5.2f).  

The above data indicated that the location of RhoA flares were critical in determining 

asymmetric contraction, with reduced mobility of the vertex proximal to active RhoA. To test 
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this hypothesis, we exploited the optogenetic approach to systematically activate only a portion 

of the junction. When the lower half of the junction was activated, the junction contracted to 

about 85% of its original length, similar to the extent for full junction activation. The vertex 

proximal to the region of activation (ROA) was significantly less mobile than the distal vertex 

(Figure 5.2 g-h). Kymograph analysis in the HECD1 channel revealed that the center of 

contraction for the half junction activation was at the relative position of 0.2 (Figure 5.2i). 

Altogether these data indicate that asymmetry in active RhoA dictates the bias in vertex motion. 

 

5.3.3 Mechanosensitive E-cadherin induces vertex friction at less-motile vertices 

 

RhoA acts at cell-cell interfaces to regulate cell morphology through its effect on 

actomyosin tension and adhesion strength (Levayer et al., 2011; Cavanaugh et al., 2020b). To 

explore the possibility that changes in adhesion strength underlie vertex immobility, we analyzed 

E-cadherin localization, as visualized by HECD1 fluorescence, at tricellular vertices during 

whole junction optogenetic stimulation. We observed HECD1 fluorescence in punctate along the 

junction and at both vertices. We monitored the HECD1 fluorescence at both vertices during an 

activation experiment. At the more motile (M) vertex, we found that the HECD1 intensity did 

not vary significantly during the experiment (Figure 5.3a, red arrow). By contrast, at the less 

motile (LM) vertex, we found there was a marked increase of HECD1 immediately after 

activation which diminished after exogenous stimulation was removed (Figure 5.3 a,b). This 

trend was consistent across numerous junctions and paired vertices (Figure 5.3c). To further 

explore the contribution of E-cadherin levels to vertex asymmetry, we analyzed the relative 

HECD1 fluorescence intensities between the motile and less-motile vertices. We found that 

before optogenetic activation, at T0, we found no significant difference in normalized vertex  
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Figure 5.3: E-Cadherin 

accumulates at less-motile 

vertex and perturbations to E-

cad alter contraction dynamics 

(A) Representative kymograph 

of optogenetic activation 

showing increases in E-cadherin 

pooling at the less-motile vertex 

(white arrow) versus the motile 

vertex (red arrow). (B) 

Representative image of a less-

motile tricellular contact 

showing E-cadherin pooling at 

the vertex after 5 minutes of 

optogenetic activation. Scale bar 

is 2.5μm. (C) Quantification of 

vertex fluorescence intensities of 

motile and less-motile vertices. 

Less-motile vertices show 

increases in E-cadherin pooling 

and subsequent vertex 

fluorescence compared to motile 

vertices. (D) Quantification of 

the normalized HECD1 

fluorescence vertex intensities 

before optogenetic activation at 

T0 for motile and less-motile 

vertex shows no significant 

difference. (E) Quantification of 

the normalized HECD1 

fluorescence vertex intensities 

after optogenetic activation at T5 

for motile and less-motile vertex 

shows a significant, heightened 

level of E-cadherin at less-motile 

vertices. ****=p<0.0001 as 

calculated by the Student’s t-

Test. (F) Relative increases of 

the Vertex HECD1 (E-Cad) 

plotted against the relative 

displacement of that vertex 

shows highly motile vertices 

with less HECD1 changes and  
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Figure 5.3 Continued: less-motile vertices showing more HECD1 level changes. (G) 

Representative kymograph of junction treated with the E-cadherin blocking antibody, 

DECMA. (H) Representative kymograph of cells treated with ResEcad. (I) Vertex 

displacement analysis of DECMA-treated junctions showing symmetric contraction. Inlay 

shows particle tracks of a representative vertex pair during optogenetic activation. (J) Vertex 

displacement analysis of ResEcad-treated junctions showing a severe reduction in the 

contraction. Inlay shows particle tracks of a representative vertex pair during optogenetic 

activation. 

 

HECD1 fluorescence intensities (Figure 5.3d). After five minutes of optogenetic activation, at 

T5, we found a significant increase in HECD1 fluorescence intensities at the less-motile vertex 

compared to the less-motile vertex (Figure 5.3e). We then plotted the relative increase in vertex 

HECD1 as a function of the relative displacement of each vertex and saw a clear trend 

suggesting that the higher the relative increase in E-Cadherin, the less the vertex would move in 

space, thus promoting vertex asymmetry (Figure 5.3f). Together these data indicate that changes 

in tricellular junction adhesion strength may contribute to the observed asymmetry.  

To explore whether E-cadherin-mediated adhesion acts to impede contraction via its 

contribution as a source of frictional drag, we next sought to modulate E-cadherin interactions. 

First, we used a function blocking antibody, DECMA, and its conjugated secondary antibody to 

visualize junctional dynamics. DECMA binds specifically to EC1 domains on E-cadherin, 

abolishing any trans interactions between E-cadherin molecules, thereby reducing E-cadherin 

binding. Upon addition of DECMA, we found a similar labeling pattern of E-cadherin that 

coated the junction (Figure 5.3g). Optogenetic activation induced similar junctional contractions 

compared to WT conditions, but the contraction was more symmetric (Figure 5.3 g-i) To 

increase junctional friction, we next sought to increase the levels of E-cadherin through the cell-

permeable, pharmacological isoxazolocarboxamide compound, ResEcad (Stoops et al., 2011). 
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This compound has been shown to induce a dose-dependent increase in E-cadherin levels in 

adenocarcinoma cells, thereby modulating junctional friction levels. We found ResEcad 

treatment severely suppressed optogenetically induced junction contraction (Figure 5.3 h,j). 

These data indicate that modulating E-Cadherin levels and interactions, inducing either low or 

high adhesion strength, can dramatically influence both the magnitude and asymmetric nature of 

vertex motions. 

 

5.3.4 Local RhoA drives E-cadherin Accumulation 

The above data hint at active RhoA driving E-cadherin recruitment to modify adhesion 

strength along the bicellular or tricellular junction; an idea that has been explored recently (Iyer 

et al., 2019; Noordstra et al., 2021). To explore this, we used our optogenetic approach to 

selectively recruit prGEF to the tricellular junction or a small portion of the bicellular junction. 

Interestingly, tricellular vertex prGEF recruitment was insufficient to induce junction 

contraction, with the vertices exhibiting little to no vertex displacement compared to WT full-

length activation (Figure 5.4 a,b). However, tricellular vertex activation did induce a 30% 

increase in E-cadherin intensity (Figure 5.4 a,c). These data indicated that RhoA activation 

locally recruits E-cadherin, even in the absence of visible junction contraction.  

We next activated a small portion of the bicellular junction (Figure 5.4d). Activation at 

the center third of the junction created a contraction whose extent was similar to WT full-length 

activation. As the center was being activated, there was a noticeable concentration of E-cadherin 

puncta to the region of activation (Figure 5.4d). Displacement analysis for the center activation 

indicated that the contraction was more symmetric, with both vertices moving considerably and 

relatively evenly upon prGEF recruitment (Figure 5.4e). Moreover, analysis of the HECD1  
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Figure 5.4: RhoA activation drives local E-cadherin accumulation (A) Representative 

image and kymograph of a junction undergoing only vertex activation at the tricellular 

contact. (B) Vertex displacement analysis of vertex activation showing little-to-no vertex 

motion within the optogenetic activation period. Inlay shows individual vertex tracks for two 

vertices of the same junction. (C) Normalized HECD1 (E-cadherin) fluorescence intensities 

for vertices during vertex activation between the activated and non-activated vertices. 

Activated vertices show increases in E-cadherin fluorescence intensities. (D) Representative 

image and kymograph of a junction undergoing center-junction activation. (E) Vertex 

displacement analysis of center-junction activation showing contractile symmetry is restored. 

Inlay shows individual vertex tracks for two vertices of the same junction. (F) Normalized 

center of contraction analysis for center-junction activation showing the center of contraction 

is in the middle of the junction, consistent with where RhoA is activated. (G) Representative 

images of HECD1 and prGEF before and during optogenetic activation, showing 

displacement E-cadherin puncta upon activation (white arrows). (H) Quantification of average 

fluorescence intensities of HECD1 of data in Fig. 5.4G both within the region of activation 

(ROA) and the two flanking regions proximal to the ROA. 
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fiducial marks revealed that the center of contraction was symmetric, with a mean center of 

contraction of 0.47 (Figure 5.4h).  

We observed E-cadherin accumulation with this stimulation geometry, which also 

provided a means to explore its possible mechanisms. E-cadherin punctae coalescence upon 

junctional prGEF recruitment within the activation period (Figure 5.4g). Here, prGEF 

recruitment preceded this concentration of E-cadherin, as smaller punctae of E-cadherin 

coalesced to a concentrated point upon blue light activation (Figure 5.4g, white arrows). We then 

measured the fluorescence intensities of the HECD1 at the region of activation (ROA) and the 

non-activated flanking regions (Figure 5.4h). This analysis revealed heightened accumulation of 

HECD1 at the region of activation compared to the distal portion, where the overall intensity 

change was negligible. There was no depletion of HECD1 fluorescence intensities within the 

flanking regions, indicating minimal lateral motion of punctae from the flanking to activated 

region. Rather, these data led us to suspect that E-cadherin accumulation occurs from diffuse 

membrane-associated E-cadherin, including from those regions outside the focal plane and/or 

along the basolateral interface. Further, the coalescences suggests that the punctae are relatively 

stable and accumulate intensity from diffusing E-cadherin. This is not dissimilar to the increase 

in intensity of focal adhesion proteins within plaques during their assembly (Gardel et al., 2010).   

Together, these data hint that junctional RhoA activity serves both to generate stresses 

required for contraction as well as modify cell-cell adhesion through E-cadherin recruitment. 

Thus, we surmise their coordination drives the nature of junction contraction, which we explore 

with mathematical modeling. 
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5.3.5 Mechanical model of asymmetric junction contraction 

 

To quantitatively explain the biomechanical origins of the observed asymmetric 

contraction, we developed a continuum mechanical model for the junction dynamics arising from 

the balance of tensional forces of the primary junction with the two neighboring shoulder 

junctions, and a frictional drag acting at the vertices to resist their motion (Fig. 5.5 a,b). We 

modeled the junction as a linear elastic continuum with compressional elastic modulus 𝐸, tension 

𝛬, and dissipating stresses with a friction coefficient 𝜇. The shoulder junctions provide an elastic 

spring-like resistance to motion with stiffness 𝑘. We surmise that the regions flanking those of 

heightened tension are the primary source of friction and dominated by the shoulder junctions 

and/or the bicellular interface. Building upon molecular clutch models regulating cell adhesion 

(Aratyn-Schaus and Gardel, 2010; Noordstra et al., 2021), we surmise that friction arises from 

the relative motion between the E-cadherin-bound membrane and the actin cortex, mediated by 

turnover of linkers such as the ERM proteins, 𝛼- and 𝛽-catenins as well as from differential 

motion of the contracting junction with the flanking shoulder junctions (Figure 5.5a). 

Our continuum modeling approach for the intercellular junction stood in contrast to 

existing vertex models of epithelial tissues (Farhadifar et al., 2007; Fletcher et al., 2014; Alt et 

al., 2017), where the epithelia are modelled as networks of edges under uniform and constant 

tension (Noll et al., 2020) , with the vertex positions determined by force balance from the 

neighboring junctions. By modeling the junction as an elastic continuum, we allowed for the 

junction tension and friction forces to vary along the length of the junction, such that the 

displacement along the junction would be tracked during a contraction event (Figure 5.5c). 

Mechanical force balance at a point along the junction was written as 
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Figure 5.5: Mechanical forces regulating vertex motion asymmetry (A) Schematic 

showing a single junction’s architecture at the bicellular interface, with speculation on 

molecular scale interactions built from existing literature. (B) Toy model schematic, 

illustrating the forces that control junction contraction dynamics. Shoulder junctions are 

modeled through a spring-like tensions and friction that resist the extent and rate of 

deformation. Junction is modeled as an elastic continuum, where tension and friction may 

vary along the junction, and at the vertices. (C) Kymograph of simulation junction during  
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Figure 5.5 Continued: contraction. Lines show the motion of points along the junction with 

brighter colors showing higher tension, with 𝛬(0) = 1, 𝛬(1) = 2. (D) Simulation results of 

the relative displacement of the two vertices as a function of their relative stiffness. (E) 

Simulation results of the relative displacement of two vertices as a function of their relative 

friction. (F) Simulations results of the relative displacement of two vertices as a function of 

their the relative tension. (G) Experimental data plotting relative motion as a function of 

relative stiffness. (H) Experimental data of relative displacement as a function of the HECD1 

intensity ratio at T-10 before optogenetic activation. (I) Experimental data plotting relative 

displacement as a function of the RhoA percentage at each vertex. (J-K) Average normalized 

speed against normalized position from experiments for (J). the less motile vertex, and (K) the 

motile vertex. Dashed line indicates a linear fit. (L) Tension over friction, equal to the 

intercept of the fit, and (M) stiffness over friction, equal to the gradient of the fit, for the less-

motile and motile vertices. 
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where 𝑢(𝑥, 𝑡) was the displacement along the junction at time t, and 𝑥 was the position along the 

junction. The shoulder junctions were modeled as providing a spring-like resistance to motion, 

with an effective stiffness 𝑘 that depended both on both the tension and the geometry of the 

shoulder junctions. For simplicity we normalize distance by the length of the junction, such that 

𝑥 = 0 and 𝑥 = 1 are the ends of the junction and normalize stresses by the Young’s modulus of 

the junction, only keeping the units of time. Force balance at the tricellular vertices was given by 
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at 𝑥 = 1, with 𝑘𝐿𝑀 and 𝑘𝑀 being the stiffnesses of the two shoulder junctions corresponding to 

the less-motile (𝐿𝑀) and the motile (𝑀) vertices, respectively. We estimate the model parameters 

by analyzing the motion of vertices measured in experiments. Assuming a simple linear spring 

model for the effective elastic response at each vertex, 𝑢𝑖̇ = (𝛬𝑖 − (𝑘𝑖 + 𝐸)𝑢𝑖)/𝜇𝑖, where 𝛬𝑖 is 

the tension acting on the vertex 𝑖 (𝑖 = 𝐿𝑀, 𝑀), 𝜇𝑖 is the friction, and 𝑘𝑖 is the shoulder stiffness, 

we estimate the tension to friction ratio 𝛬𝑖/𝜇𝑖 from the intercept, and stiffness to friction ratio 

(𝑘𝑖 + 𝐸)/𝜇𝑖 from the slope of the speed-displacement curve. 

To simulate RhoA-induced contraction, we applied a uniform contractile stress for a 

duration of 5 minutes to a junction initially at rest and recorded the resulting displacements of the 

two vertices (Figure 5.5c). These displacements were obtained by solving Eq. (1) subject to the 

boundary conditions given by Eqs (2) and (3). We then used the model to test three different 

mechanisms for asymmetric vertex motion and heterogeneous mechanical response arising from 

(i) differential elastic resistance at the shoulder junctions, (ii) differential friction and (iii) 

asymmetric tension along the junction. 

We first tested how the asymmetry in vertex motion was regulated by differential elastic 

resistance from the shoulder junctions using our continuum mechanical model. For each vertex, 

we sampled the shoulder junction stiffness 𝑘𝑖 from a normal distribution with mean 𝑘0 and 

standard deviation 𝑘0/3. For each vertex, we then compared the percentage of total vertex 

displacement (relative displacement), 𝑢𝑖/(𝑢𝐿𝑀 + 𝑢𝑀), against the percentage of total shoulder 

stiffness (relative stiffness), 𝑘𝑖/(𝑘𝐿𝑀 + 𝑘𝑀). Expectedly, we found that vertex displacement 

depended linearly on shoulder stiffness, with relative displacement decreasing with increasing 

relative stiffness (Figure 5.5d).  
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To test the model predictions using our experimental data, we estimated the elastic 

resistance at shoulder junctions by computing the tensions along shoulder junctions and change 

in their geometries during a contraction event, as measured by calculating junction length and the 

interior angles normal to the activated junction. From the angles between the activated junction 

and its neighbors, we calculated the relative tensions on each junction by balancing forces both 

along the junction and perpendicular to it. From these tensions, we then calculated the 

differential change in force due to a change in vertex position, which defines the effective 

stiffness of the shoulder junctions. However, when we quantified the relative stiffness using data 

from our optogenetic experiments, we found no correlation with relative vertex displacement 

(Figure 5.5g), indicating that asymmetric elastic resistance at the vertices do not play a role in 

predicting asymmetric vertex motion upon contraction. 

An alternative mechanism for asymmetric vertex motion could arise from heterogeneous 

adhesive properties at the tricellular vertices or even along the junction proper that may alter the 

frictional drag. Indeed, our experimental data showed that there is a marked increase in E-

cadherin levels at the less motile vertex compared to the motile one during an optogenetic 

activation (Figure 5.3a). We therefore sought to test if different frictional forces at the vertices 

could capture the asymmetric vertex motion. At each vertex, friction was set to a random value 

sampled from a normal distribution with mean 𝜇0 and standard deviation 𝜇0/3, and values were 

linearly interpolated along the junction. We found a linear dependence of relative displacement 

on relative friction 𝜇𝑖/(𝜇𝐿𝑀 + 𝜇𝑀), with 𝜇𝐿𝑀 and 𝜇𝑀 being the friction coefficient at the less-

motile and the motile vertices, such that increased friction resulted in reduced motion (Figure 

5.5e). As an estimate of the friction in experimental measurements, we measured the relative 

percentage of HECD1 at each vertex compared to the total amount of HECD1 within each vertex 
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pair. To our surprise, we did not find any correlation between vertex motion and initial cadherin-

mediated friction (Figure 5.5h). Instead, we found that HECD1 intensities were relatively even 

between each vertex before optogenetic activation.  

Finally, we considered the effects of varying tension along the junction induced by RhoA 

mediated contractility. We varied tension along the junction by setting the tension at each vertex 

to be a random value sampled from a normal distribution with mean 𝛬0 and standard deviation 

𝛬0/3, and linearly interpolated tension along the junction. We found that vertices under higher 

tension (more contractility) underwent larger displacements (Figure 5.5f). To measure relative 

junction tension, we returned to our CN03 wash in experiments to measure RhoA intensities. We 

split the junction into two halves and measured the relative intensity of AHPH at each junctional 

portion compared to the total amount of AHPH along the junction proper. Plotting relative 

displacement as a function of this percentage of RhoA intensity, we found a correlation between 

less-motile vertices and the relative amount of junctional RhoA present (Figure 5.5i). Here, data 

suggested that the closer the RhoA was to a vertex, the less it moved, consistent with our data in 

Figure 5.2g. This was starkly contrasted to highly motile vertices, which were distal to RhoA 

regions and experienced little RhoA-mediated tension. Together these data suggest that 

asymmetries in friction, tension, and stiffness parameters alone were insufficient to explain 

asymmetries in vertex movement during junction contractions.  

 

5.3.6 RhoA recruitment of E-cadherin reduces vertex motion 

Our experimental data demonstrated that vertices with higher recruitment of RhoA 

moved less (Figure 5.2). In contrast, simulations predicted that tension increased proximal vertex 

displacements (Figure 5.5f). At the same time, less mobile vertices also showed a marked 
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increase in E-cadherin levels during an optogenetic activation (Figure 5.3 a-c). This suggests a 

likely coupling between force and adhesion strength. To explore how these change over time, we 

plotted the normalized vertex speed as a function of its normalized displacement (Figure 5.5 j-k). 

We observe that the initial velocity of the less-motile vertex is smaller than the motile vertex 

(Figure 5.5 j-k, y-intercept). Moreover, the less-motile vertex slows down more rapidly over time 

(Figure 5.5 j-k, slopes of curves). By assuming a simple linear spring model for vertex 

displacements, 𝑢𝑖̇ = (𝛬𝑖 − (𝑘𝑖 + 𝐸)𝑢𝑖)/𝜇𝑖, we can make estimates of the tension and stiffness 

relative to the friction and find that the ratio of the tension to friction is lower in the less-motile 

vertex than the motile vertex (Figure 5.5l). However, the less-motile vertex also has higher levels 

of RhoA which suggests higher levels of tension. Thus, the overall friction in the less-motile 

vertex must be overall higher than that of the motile one. Further, since the experimental data 

showed a higher ratio of stiffness to friction in the less-motile vertices (Figure 5.5m), the local 

effective stiffness of these is much higher than the motile vertices.  

These experimental data motivate introducing a coupling into our model, such that the 

friction is tension-dependent (Figure 5.6a). This is conceptually like previously described 

tension-dependent strengthening of focal adhesions (Aratyn-Schaus and Gardel, 2010). With a 

high coupling between tension and friction, an increase in tension would increase friction to such 

an extent that the vertex would move slower. Thus, we allowed tension-dependent friction and 

stiffness by tension along the junction in our continuum model. Again, we varied tension along 

the junction by setting the tension at each vertex to be a random value sampled from the normal 

distribution with mean 𝛬0 and standard deviation 𝛬0/3, and linearly interpolated tension along 

the junction. Using a low-force catch bond model, the friction coefficient was given by 𝜇(𝛬) =

𝜇𝑀 (
𝜇𝐿𝑀

𝜇𝑀
)

𝛬−1

where 𝜇𝑀 and 𝜇𝐿𝑀 are the estimated mean friction coefficients at the motile and  
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Figure 5.6: Force-dependent adhesion strengthening is sufficient to recapitulate junction 

dynamics (A) Illustrative coupling of adhesion strength (friction) to tension for strong (pink) 

and weaker (purple) coupling values. Inset: Rho-dependent increases in E-cadherin adhesion 

will counteract its effects on local motion. (B) Simulated Kymograph of junction contraction 

that includes this coupling. Lines show the motion of points along the junction, with brighter 

colors showing higher tension, using the best fit parameters. (C) Simulated (dots) and 

experimental (lines) relative displacement against relative position. Error bars show standard 

deviation. (D) Vertex displacement and (E) vertex speed over time using best fit parameters in 

the model (solid lines), and in experiments (dashed lines). (F) Normalized displacement 

against relative tension for the model (solid line), using randomly distributed tensions. (G)  
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non-motile vertices respectively. Similarly, the shoulder stiffness increases with tension 𝑘(𝛬) =

𝑘𝑀 (
𝑘𝐿𝑀

𝑘𝑀
)

𝛬−1

 where 𝑘𝑀 and 𝑘𝐿𝑀 are the estimated mean stiffnesses at the motile and non-motile 

vertices respectively (Figure 5.6a).  

Placing this coupling into the model is sufficient to quantitatively reproduce the 

experimental data heterogeneous junction contraction (Figure 5.6 b,c), the asymmetric vertex 

displacement (Figure 5.6d) and the vertices speeds over time (Figure 5.6e) and the inverse 

correlation between relative displacement and tension (Figure 5.6f compared to Figure 5.5i). 

Thus, together these support the notion that force-dependent recruitment of E-cadherin results in 

increased adhesion strength (e.g. friction) and stiffness at the vertex. Indeed, ours and others’ 

data point to a common coupling mechanism between junctional RhoA and E-cadherin, 

modulation of which alters the frictional landscape of tricellular vertices (Acharya et al., 2018; 

Iyer et al., 2019; Noordstra et al., 2021).  

 

5.4 Discussion 

We present here a new model for vertex mechanoresponse that that successfully 

recapitulates asymmetric junction contraction via a coupling between local tension and E-

cadherin-mediated adhesion strengthening (Figure 5.6g). We find that RhoA-dependent 

contraction induces a heterogeneous contraction of the bicellular junction, with the center of 

contraction and RhoA localization skewed towards the less-motile vertex. In order to 

quantitatively model these data, we find that asymmetries in junctional stiffness, friction, and 

tension parameters alone cannot successfully recapitulate experimental data. Instead, we suggest 



96 
 

a coupling of friction with tension such that local RhoA induces both tension and E-cadherin 

recruitment to increase adhesion strength (and associated friction). Described previously for 

focal adhesions, this coupling is a natural means to reduce vertex mobility as force increases 

(Aratyn-Schaus and Gardel, 2010).  Incorporating this coupling into our quantitative model, we 

were able to successfully recapitulate the observed dynamics of Rho-induced junction 

contraction. Needless to say, the complex feedbacks underlying cell junction dynamics make it 

difficult to constrain such models and other plausible physical models, including variation in 

junction elasticity and viscosity, may likely exist.  

Our study supports a “clutch” model for tricellular contact engagement during junction 

contraction. In the absence of RhoA activity, or at distal regions with less RhoA, little E-cadherin 

is recruited to the vertices. When RhoA-mediated tension is applied to the junction, proximal 

tricellular adhesions undergo a rapid accumulation of E-cadherin to strengthen adhesion and 

restrict motion in a process similar to that previously in focal adhesions (Aratyn-Schaus and 

Gardel, 2010). We envision a similar mechanism operating at tricellular vertices such that 

mechanosensitive reinforcement of tricellular contacts engages the clutch to strengthen adhesions 

under load. This adhesion reinforcement restricts vertex motions asymmetrically, as RhoA-

mediated tension is stochastically skewed towards one vertex.  

These data beg the question as to how RhoA is stochastically placed along the junction. 

We believe the junction is split into discrete domains that are primed for RhoA activation. These 

primed regions could be borne out of heterogeneities in adhesive complexes, which exist as 

puncta along the junction (Cavey et al., 2008). For example, lower junctional E-cadherin levels 

spatially orient medioapical contractile flows to coordinate junction contractions (Levayer and 

Lecuit, 2013). These domains’ potential for RhoA activation can be exacerbated by the 
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junctional landscape. The local junction composition, specifically lipid and other protein 

signaling, could generate these distinct contractile units. Indeed, lifetimes of active GTP-RhoA 

can be enhanced via a coincidence detection scheme upon cyclic binding to the lipid PIP2 and 

the junctional protein Anillin (Budnar et al., 2019). Protein-lipid microdomains, scattered along 

the junction, could therefore create a permissive environment for RhoA activation that is 

necessary for junction contractions. Spatial heterogeneities in adhesion, lipids, and protein 

localization could therefore be critical in determining which portion of the junction is capable of 

activating RhoA. Further work is needed to discern what specifies these unique microdomains.  

These data have serious implications for the canonical mathematical models of epithelial 

tissues. In traditional vertex models, the tissue is a network of edges and nodes whose geometry 

and topology depends on active forces. The positions of these vertices anchoring bicellular 

interfaces are determined by the parameters of interfacial tension and pressure within each cell 

(Fletcher et al., 2014). Vertices can then move in response to mechanical forces, but the extent of 

this movement is proportional to the parameters describing vertex friction, shoulder edge tension, 

and tricellular contact stiffness. Using our heterogeneous junction model, no one single 

parameter describing friction, tension, or stiffness was able to recapitulate experimental data. 

Instead, we find that the incorporation increases in friction arising from local RhoA activation 

successfully modeled vertex asymmetry.  

Most studies of cell shape changes, to date, concern the movement of bicellular interfaces 

between two neighboring cells. In development, these junctional zones experience spatially 

distinct contractile flows that drives qualitatively different and rather opposing junctional 

responses. Medioapical flows to the bicellular region correspond to junction deformations while 

flows to the tricellular contacts restrict such contractions (Rauzi et al., 2010; Vanderleest et al., 
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2018). We see similar junctional responses by optogenetically activating specific junctional 

zones, with the region of RhoA activation accumulating E-cadherin. Our previous work 

examining stable junction deformations show that longer optogenetic activations facilitate 

junction length changes through E-cadherin clustering and internalization9. It would be of 

interest to see how optogenetic activation of these junctional zones at longer timescales would 

facilitate their remodeling.  

Yet what is the physiological benefit in restricting vertex motion? In the Drosophila 

Germband, tricellular E-cadherin recruitment is associated with the stabilization of the junctional 

ratchet. This stabilization ensures progressive interface shortening to facilitate cellular 

rearrangements (Vanderleest et al., 2018). In our optogenetic system, we do not find stable, 

irreversible contractions at short timescales but rather reversible junctional deformations. As 

such, it is unlikely that this vertex reinforcement is sufficient to stabilize junctional shortening. 

However, it may be necessary to maintain epithelial cohesion under increased tension of 

neighboring cells. Strong contractions, in principle, could compromise intercellular junctions and 

barrier functions. Indeed, vertices are principal sites of epithelial fracture in highly tensile 

epithelia (Acharya et al., 2018). Mechanosensitive reinforcement of vertices could therefore 

restrict major cell and tissue deformations to maintain tissue homeostasis. This mechanism 

seems plausible, as RhoA-mediated junctional mechanotransduction is a known regulator of 

tissue integrity (Acharya et al., 2018). 

 

5.5 Methods 

Live-cell imaging and transfection: To ensure a confluent and mature epithelial monolayer, 

Caco-2 cells were plated densely on 2𝜇m/ml polymerized collagen gels (unless specified 
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otherwise) (Cavanaugh et al., 2020b, 2020a) coating the bottom of a 4-well Ibidi Chamber 

(Ibidi). Cells were then allowed to grow for at least 1-2 days to ensure a polarized and confluent 

monolayer. Ibidi chambers were then placed into a stage incubator with temperature, humidity, 

and CO2 control (Chamlide TC and FC-5N; Quorum Technologies). All pieces of the stage 

incubator (stage, adapter, cover, and objective) were maintained at 37C. To analyze RhoA 

dynamics, 5𝜇g of mCherry-AHPH RhoA biosensor DNA was transfected into GFP E-cadherin 

CRISPR cells using Lipofectamine 3000 (Invitrogen) at least 24 hours before imaging. For CN03 

wash-in experiments, cells were imaged in the 488 and 561 channels every 5 or 8 minutes, until 

2 hours of timelapse imaging was completed. At the beginning of imaging, either media or 

1𝜇g/ml CN03 was added to the media to document junctional responses. To visualize E-

Cadherin in the optogenetic system, we bathed the cells in HECD1 (Abcam) primary and 

secondary antibody, Alexa Fluor goat Anti-Mouse 647 (Invitrogen), both at a 1:1500 dilution in 

normal media for at least 24 hours. When applicable, E-cadherin was visualized using DECMA 

(Abcam) primary and secondary Alexa Fluor Goat Anti-Rat (Invitrogen) antibodies at 1:1500 

dilution in normal media for at least 24 hours. Before imaging, cells were washed with PBS and 

replaced with normal media or media containing chemical perturbations described below. For 

optogenetic experiments, cells were imaged in the 561 and 647 channel every 35 seconds. The 

first 10 minutes was to establish a baseline junctional response before the 5-minute optogenetic 

activation, with the last 15 minutes documenting junctional relaxation. During the activation 

period, a region around the junction was manually drawn in MetaMorph and adjusted in real time 

for illumination by the 405nm laser for 1000ms immediately before the acquisition of each 

image. Laser power was at 1000AU. For junction and vertex movement analysis, via both CN03 

and optogenetic means, we chose to analyze junctions that were distal from cell divisions and/or 
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apoptotic extruding cells to ensure a cohesive monolayer. For picking optogenetic cells, cells 

were chosen based off of their expression level, which showed junctional recruitment and 

depletion of the prGEF from the cytosol. All junctions were imaged at the apical plane just 

below the surface to visualize all vertices and junctional connections.  

Drug Treatments: Cells were treated with a 1:1500 dilution DECMA antibody treatment 24 

hours before experimentation. Optogenetic and WT cells were treated with 500𝜇M ResEcad 

(Calbiochem) or 100𝜇M NSC23766 (Tocris) 24-48 hours before optogenetic activation or 

downstream applications such as fix-and-stains or qPCR.  

qPCR: Total RNA was isolated with NucleoSpin kits (Macherey-Nagel). First-strand synthesis 

was carried out using the SuperScript III system (Invitrogen) with an oligo dT primer and 200 ng 

of total RNA as input. First-strand reactions were diluted 5-fold and 2 𝜇l was used as template in 

20 μl reactions prepared with PrimeTime master mix (IDT) and PrimeTime pre-designed qPCR 

primer/probe mixtures from IDT (CDH1: Hs.PT.58.3324071; GAPDH: Hs.PT.39a.22214836). A 

StepOnePlus instrument (Applied Biosystems) was used for running the qPCR reactions. 

Relative mRNA levels were determined by the 2-ΔΔCt method utilizing GAPDH as a reference 

gene. 

Immunofluorescence: Cells were plated onto polymerized collagen gels coating a Lab Tek II 

Chamber slide (Thermo Fisher Scientific). Once a confluent monolayer was formed, cells were 

fixed with 4%PFA with 0.1% Triton X-100 in PBS solution (Corning). Permeabilization was 

achieved through 0.5% Triton X-100 for 10 min and then cells were blocked with 2.5% BSA and 

0.1% Triton X-100 in PBS for one hour. Primary antibody, Paxillin (Millipore) at 1:300 or 

HECD1 at 1:300, was incubated in blocking solution overnight at 4C and then washed at least 3 

times for 20 minutes in 0.1% Triton X-100. Slides were the coated with secondary antibody, 



101 
 

Alexa Fluor Goat anti-Mouse 647 (Invitrogen), and Alexa Fluor phalloidin 488 (ThermoFisher) 

in blocking solution for one hour. After 3 consecutive 20-minute washes in 0.1% Triton X-100, 

slide chambers were removed and coated with 20ul ProLong Gold (ThermoFisher Scientific). 

Slides were then sealed with glass coverslips before drying and sealing with nail polish. Slides 

were then stored at 4C.  

Microscopy: Optogenetic experiments were performed on an inverted Nikon T-E (Nikon, 

Melville, NY) with a laser merge module with 491, 561, and 642nm laser lines (Spectral Applied 

Research, Ontario, Canada) with a Yokogawa CSU-X confocal scanning head (Yokogawa 

Electric, Tokyo, Japan). The Zyla 4.2 sCMOS Camera (Andor, Belfast, UK) collected the 

images. Optogenetic activation was achieved using a Mosaic digital micromirror device (Andor) 

attached to a 405nm laser. Images were collected on a 60X 1.2 Plan Apo water (Nikon) 

objective. MetaMorph Automation and Image Analysis Software (Molecular Devices, 

Sunnyvale, CA) controlled all hardware. Fix-and-stain and live-cell imaging of CN03 wash-ins 

were performed on an LSM 980 system with an Airyscan 2 (Zeiss) detector in super resolution-

mode with a 63x NA1.4 oil objective (Zeiss). Microscopy software used was the Zen digital 

imaging suite (Zeiss).  

Junction Contraction and Vertex Displacement: Vertex displacement and individual vertex 

traces were acquired by manually tracking each vertex in a vertex pair using the Manual 

Tracking tool in Fiji (Schneider et al., 2012). Junction lengths were analyzed by manually 

measuring in each frame the junction length using the free hand line tool in FIJI software. 

Junction kymographs were generated with a python script written in FIJI to reconstruct user-

drawn line segments along the junction proper. Kymographs were made from unregistered image 

stacks to preserve asymmetry in junction contraction. Linescans of activated regions and E-
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cadherin along the junction were taken using the Plot Profile tool of a hand-drawn line along the 

junction in FIJI. Linescans were taken before optogenetic activation and after 5 minutes of 

activation. Junction intensity profiles were then normalized for the junction length from 0 to 1. 

Contracted length was calculated by dividing the length of the junction at T=5 divided by the 

length at T=0 during optogenetic activation. Percent movement was calculated as the 

displacement of each vertex from the original vertex position in a kymograph divided by the sum 

of both vertex displacements. 

Calculating HECD1 Intensities: Vertex fluorescence HECD1 intensities were calculated by 

drawing a circle around the vertex region in each frame and measuring the intensities over the 

time course using the FIJI intensity analysis tool. HECD1 fluorescence intensities over time for 

center-third activations were measured by taking the outline of the activation mask and 

measuring intensities within that region of activation with the FIJI measure tool. To analyze a 

region distal to the region of activation, the mask was once again used as a reference length but 

manually adjusted to exclude tricellular vertices and the activation region.  

Quantification of Focal Adhesion Size: To analyze focal adhesion size and number, the paxillin 

channel was thresholded and made into a binary mask to calculate the area of focal adhesions 

within a cell, as indicated by boundary edges seen from apical actin staining, as performed in 

(Huang et al., 2019). The binary mask was then overlaid onto the paxillin channel to segment the 

image and calculate the area of paxillin with a threshold of 0.25𝜇m2 and also the number of focal 

adhesions within that cellular region identified by apical actin staining.  

Contractile Uniformity and Center Calculations: Contractile uniformity within each junction 

was analyzed by manually tracking E-cadherin puncta in each kymograph using the paintbrush 

tool in FIJI. Both the displacement and position along the junction were normalized by the initial 
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junction length, and set so that the less-motile vertex has position 0 and the motile vertex has 

position 1. The maximal displacement of each contracting E-cad puncta as a function of the 

initial position along the junction was found. The data was then binned by normalized junction 

position, and the mean and standard deviation plotted (Figure 5.2b). The kymograph’s center of 

contraction was determined by the root value of the linear fit through a graph of vertex 

displacement vs average distance from junction center, and the center of contraction was then 

normalized so that the position of the less-motile vertex was 0 and the more motile vertex as 1, 

meaning the center of the junction would be the position of 0.5. RhoA localization along the 

junction was found by averaging the AHPH RhoA intensity at the final five timepoints within the 

kymograph and fitting it to a gaussian using the Matlab fit function. The junction position of the 

gaussian peak was determined to be the center of RhoA localization and normalized.  

Computational model and Model Parameters: Computational model details including a detailed 

description of the model contractility, friction, equations of motion used, and model parameter 

values are detailed in (Cavanaugh et al., 2022).  

Quantification and statistical analysis: Statistical analysis was performed in Excel, GraphPad 

Prism, and Matlab, to establish statistical significance under specific experimental conditions. 

Where applicable, boxes indicate Standard Deviation and whiskers indicate Standard Error. 

Normally distributed data were analyzed for significance with ****=p<0.0001, ***=p<0.0009, 

and **=p<0.05 as calculated by the two-tailed Student’s t-Test. Bimodal data was calculated for 

significance using a Hartigan Dip Test (Hartigan and Hartigan, 1985). n represents the number of 

junctions or vertices analyzed in each experiment, which is indicated in the figure and its 

respective legend. Data was only excluded if the optogenetically activated junction was proximal 
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to a cell division event and/or extruding cell because this mechanical perturbation affected local 

junctional mechanics within the analyzed tissue area.  
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Chapter 6: Atherosclerotic-like shear stresses alter cytoskeletal 

organization, cell-cell junctions, and LIM protein localization 
 

6.1 Preface and Abstract 

 

6.1.1 Preface 

The following chapter is work which grew out of a collaboration with Shailaja 

Seetharaman, a post-doc in the Gardel lab. Shailaja conceived of the experiment, performed the 

experiments and provided guidance of interpretation of the results. The shear stress experiments 

were carries out through a collaboration with Professor Yun Fang’s lab at the University of 

Chicago. My contribution to this project has been in the image analysis of this project as well as 

the data representation in the form of graphs, figures, and other visuals. This includes generating 

novel methods of preferential protein localization, relative intensity and position, and junctional 

characterization.  This chapter is a summary of our collective work in the analysis and 

interpretation of this project and is currently unpublished. 

 

6.1.2 Abstract 

Mechanical forces are exerted on the endothelial cells of blood vessels during blood flow. 

These forces act as cues that drive overall vascular homeostasis and can profoundly alter various 

regulatory mechanism in the endothelial tissue. Numerous members of the evolutionarily 

conserved superfamily of LIM domain proteins including FHL2 have been implicated in actin 

cytoskeletal mechanosensitivity. Here, we experimentally manipulate apical fluidic shear stress 

applied to model endothelial tissue to determine how FHL2 relocalizes to tensed structures in 

cells. Here, we report loss of cell shape alignment and altered junctional characteristics resulting 

in the increased presence of focal adherens junctions compared to linear adherens junctions in 
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tissue under atherosclerotic-like shear stress conditions as well as enrichment of FHL2 at stress 

fibers under the conditions of this disturbed flow. 

 

6.2 Introduction 

 

 Blood vessels experience constant and repeated shear mechanical forces due to blood 

flow. In healthy vessels under physiological conditions, this blood flow is largely laminar with 

minimal turbulence and flow moving parallel to the vessel walls (Gordon et al., 2020). 

Disturbed, non-laminar flow occurs at places in the blood vessel where the vessel bends, 

branches, or constricts due to obstruction (Cooke, 2003). Greater obstruction, such as under 

atherosclerotic conditions, causes increased disturbed flow and additional stress on the tissue (Li 

et al., 2014).  

 This disturbed flow and associated shear stress is known to be mechanically sensed by 

the endothelial cells in the blood vessels and cause substantial changes to tissue phenotype. 

Endothelial cells under disturbed flow conditions show reduced cell shape alignment (Topper 

and Gimbrone Jr, 1999), increased cell turnover (Davies et al., 1986), weakened cell-cell 

junctions (Krouwer et al., 2012), increased inflammation (Zhou et al., 2014; Wu et al., 2017), 

and reduced focal adhesion size (Ting et al., 2012), all of which indicates that these stress cues 

are being translated to the cell through mechanosensitive signals. However, it remains unclear 

precisely how this shear force is sensed by the endothelial tissue and by what mechanism they 

respond under both physiological and pathological conditions.  

 The actin cytoskeleton and its related regulatory and accessory proteins are a critical 

sensor of mechanical stress in the cells and is largely responsible for translating mechanical 
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information from stress sensors to regulatory mechanisms throughout the cell (Chanet and 

Martin, 2014; Fang et al., 2019). In particular, the superfamily of LIM-domain proteins has been 

shown to mediate mechanosensitive signal transduction within the actin cytoskeleton (Khurana 

et al., 2002; Sun et al., 2020; Anderson et al., 2021). LIM-domain proteins, named for the three 

homeodomain proteins where it was discovered Lin1 1, Isl-1, and Mec-3, contain one or more 

regions of double zinc finger motifs in the protein structure (Bach, 2000). This superfamily of 

proteins are a critical component of mechanical signaling pathways  and have been implicated in 

numerous strain-sensing regulatory roles including stress fiber remodeling and repair (Smith et 

al., 2010), cell adhesion mechanisms (Brown et al., 1998; Razzell et al., 2018; Anderson et al., 

2021) , and substrate stiffness detection (Wang et al., 2021; Swiatlowska et al., 2022). 

 The protein Four-and-a-half LIM -2 (FHL2) is a member of this LIM-domain 

superfamily, and in particular is highly expressed in vascular endothelial tissue (Neuman et al., 

2009) with demonstrated roles in mediating the inflammatory response in blood vessel walls 

(van de Pol et al., 2020) and thickening of arterial walls (Chen et al., 2020). Additionally, 

depletion of FHL2 decreases atherosclerotic symptoms in mice and improves overall vascular 

outcomes (Kong et al., 2001; Ebrahimian et al., 2015), further indicating that FHL2 is an 

important mediator of mechanical stress in endothelial tissue.  

 Here, we experimentally manipulate apical shear stress applied to model endothelial 

tissue to determine how FHL2 relocalizes under shear mechanical forces. We report higher 

junctional tension in tissue under atherosclerotic-like disturbed flow conditions with altered 

junctional shape and organization. We also show shear stress dependent FHL2 localization to 

actin stress fibers. 

 



108 
 

6.3 Results 

 

6.3.1 Disturbed atherosclerotic-like flow affects junctional shape and tissue organization  

 Blood vessels experience distinct shear fluid forces depending on the shape of the blood 

vessel. Healthy open blood vessels undergo mostly unidirectional laminar flow in the blood 

vessel with most of the forces associated with the fluid flow parallel to the cells lining the 

vessels. In contrast, atherosclerotic-like blood vessels force fluid through a constricted passage 

which results in disturbed turbulent flow with increased shear stress applied directly to the tissue 

(Figure 6.1a) (Li et al., 2014). To measure the response of endothelial tissue to atherosclerotic-

like disturbed flow conditions, we grew human aortic TeloHAEC endothelial cells to confluence 

and applied either uniform or disturbed flow patterns to the surface of the tissue for 24 hours. 

The flow patterns were generated using a rotating metal cone attached to a UMD-17 stepper 

motor from Arcus Technology to mimic either unidirectional or disturbed flow patterns found in 

human carotid arteries (Wu et al., 2015, 2017). These results were then fixed and immunostained 

for actin, FHL2, and the junctional protein vascular endothelial cadherin (VE-cadherin).  

 Using the VE-cadherin stains to outline cell shape in the endothelial tissue, we can see 

that under unidirectional flow cells are elongated horizontally as they align with the direction of 

the laminar flow (Figure 6.1b, left). This is not the case for the tissue under disturbed flow. 

These cells more circular (Figure 6.1d) and have little directional alignment (Figure 6.1b, right). 

When we take a closer look at the structure of the cell-cell junctions (Figure 6.1b, bottom), we 

also see that while adherens junctions under unidirectional flow are linear with few disruptions 

or breaks, adherens junctions under disturbed flow show a much more feathered structure with 

significant gaps in the VE-cadherin presence (Figure 6.1c). Despite these significant changes to  
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Figure 6.1: Disturbed atherosclerotic-like flow affects junctional shape and tissue 

organization (a) Diagram of health (top) and atherosclerotic-like (bottom) flow in a blood 

vessel lined with endothelial cells and the resulting pattern of blood flow. (b)  Immunostained  
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Figure 6.1 Continued: VE-Cadherin (VEcad) of cells experiencing either unidirectional or 

disturbed flow for 24 hours prior to fixation. (c) Line scans of VE-cadherin intensity across 

junctional cross section given by red line in b. (d) Violin plot of cell eccentricity (n=200). 

****=p<0.000001 as calculated by the student’s t-test. (e) Violin plot of cell areas (n=200). 

ns=p>0.05 as calculated by the student’s t-test. (f) Immunostained VE-cadherin and phalloidin 

stained actin. (g) Diagram of linear and focal adherens junctions in endothelial tissue based on 

the structure of actin and VE-cadherin in the immediate vicinity of the adherens junction. (h) 

Violin plot of the percent of the perimeter represented by either linear adherens junctions 

(LAJ,) or focal adherens junctions (FAJ). For each sample type, unidirectional (n=45) or 

disturbed (n=54), the percent of linear and focal adherens junctions sum to 100%.  

 

tissue structure and membrane organization, both unidirectional and disturbed samples 

maintained similar cross sectional cell areas (Figure 6.1e). 

 By examining how phalloidin stained actin interacts with the VE-cadherin at the cell-cell 

junctions, we can characterize differences in tension at cell junctions between cells under 

unidirectional and disturbed flow (Figure 6.1f). This tension differential is observed through the 

comparison of linear and focal adherens junctions in the tissue. Linear adherens junctions are 

defined by a continuous and clearly defined junction with actin filaments running parallel to the 

cell membrane while focal adherens junctions are characterized by a discontinuous punctate-like 

appearance of the junction and actin bundles oriented perpendicular to the junction (Figure 6.1g) 

(Angulo-Urarte et al., 2020). These distinct junctional phenotypes have well studied differences 

in local membrane tension with linear adherens junctions under lower mechanical tension and 

focal adherens junctions under higher mechanical tension (Huveneers et al., 2012; Oldenburg 

and de Rooij, 2014).  

 We see that cells under unidirectional flow have a greater percentage of linear adherens 

junctions compared to focal adherens junctions with an average of 70% of cell perimeters across 

45 measured cells characterized by linear adherens junctions and 30% by focal adherens 
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junctions. In comparison, cells under disturbed flow have an average of 29% linear adherens 

junctions in the perimeter of 54 measured cells and have 71% focal adherens junctions (Figures 

6.1 h). This difference in junctional makeup indicated that cells under disturbed flow are 

characterized by cell-cell junctions under higher mechanical tension than cells under 

unidirectional flow.  

 

6.3.2 FHL2 localizes to stress fibers under tension in disturbed atherosclerotic-like flow 

 Because we are interested in understanding the mechanism for how information about 

mechanical tension is transmitted biochemically, we chose to examine the localization of the 

LIM domain protein FHL2. Immunostaining for actin and FHL2, we find that FHL2 while FHL2 

is fairly dispersed throughout the cytoplasm in unidirectional cells, FHL2 localizes to stress 

fibers in the disturbed samples (Figure 6.2a). This can be seen in line scans of the stained stress 

fibers where we observe that for cells experiencing unidirectional flow the punctate FHL2 only 

occasionally colocalize at peaks of actin intensity (Figure 6.2b), but in the cells experiencing 

disturbed flow, stress fibers have a much stronger colocalization with FHL2 (Figure 6.2c).  

 In order to better quantify the colocalization between FHL2 and actin under these two 

flow conditions, we took rectangle scans of 100 different stress fibers with varying actin 

intensities. These rectangle scans were drawn perpendicular to the stress fiber (Figure 6.2d, solid 

line) and took the mean intensity of both actin and FHL2 within 3μm of the scan line (Figure 

6.2d, dotted line). A rectangle scan was used in this analysis instead of a simple line scan due to 

the punctate nature of FHL2, averaging over the intensity reduces the effect of small FHL2 

puncta affecting the overall average intensity. We use these line scans to find the peak actin 

intensity, representing the center of the stress fiber, and record the FHL2 intensity at that point of  
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Figure 6.2: FHL2 localizes to stress fibers under tension in disturbed atherosclerotic-like 

flow (a) Immunostained FHL2 and phalloidin stained actin for cells experiencing 

unidirectional or disturbed flow for 24 hours. (b) Line scans of actin and FHL2 intensity 

across stress fibers of sample experiencing unidirectional flow from blue line given in a (top). 

(c) Line scans of actin and FHL2 intensity across stress fibers of sample experiencing 

disturbed flow from blue line given in a (bottom). (d) Sample rectangle scans taken across 

stress fibers. Solid line represents the direction of the scan across the stress fiber. Dotted line 

rectangle represents the 3μm range averaged over to generate a mean fluorescent intensity 

across the scan. (e) Sample traces of the rectangle scan for unidirectional (top) and disturbed 

(bottom) stress fibers. Distance is measured along the solid line in d. (f) Relative FHL2 and 

actin intensities at the location of the peak actin intensity along the rectangle scan (n=100). 

Slopes calculated using linear regression analysis. Shading represents the region of 68% 

confidence for the measurement of the slope and y-intercept of the linear fit.  
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the rectangle scan (Figure 6.2e). From here, we plot the actin and FHL2 intensity for each of 

these 100 stress fibers (Figure 6.2f). In cells experiencing both unidirectional and disturbed 

flows, there is a wide variety of actin intensities, indicating that cells in both conditions contain 

both high-intensity fibers with thick bundles of actin and lower intensity fibers with actin 

bundled into thinner structures. We find that in the case of cells experiencing unidirectional flow, 

no matter how high intensity and thickly bundled the actin stress fiber is, FHL2 does not strongly 

colocalize. In cells experiencing disturbed atherosclerotic-like flow however, there is a strong 

correlation between the intensity of the actin stress fiber and the localization of FHL2 to that 

stress fiber, indicating that under these conditions FHL2 not only localizes to stress fibers, but 

localizes more strongly to stress fibers with more actin.  

 

6.3.3 Overexpression of FHL2 in cases of unidirectional flow mimic effects of disturbed 

atherosclerotic-like flow 

 In order to further examine the relationship between FHL2, cellular tension, and 

junctional shape under atherosclerotic-like flow conditions, we employ a Tet-On line of 

TeloHAEC cells. In the presence of doxycycline (+dox), these cells experience the 

overexpression of FHL2. When we expose these FHL2 overexpressing cells to either 

unidirectional or disturbed flow, we find that the shape of the cells in unidirectional flow 

drastically changes (Figure 6.3a). These cells are much more similar in shape to their disturbed 

flow counterparts with reduced elongation causing them to take on a more circular shape (Figure 

6.3b). They also have a larger spread area than either the +dox cells under disturbed flow (Figure 

6.3c) or either sample type with normal levels of FHL2 expression (Figure 6.1e).  
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Figure 6.3: Overexpression of FHL2 in cases of unidirectional flow mimic effects of 

disturbed atherosclerotic-like flow (a) Immunostained VE-cadherin and phalloidin stained 

actin for Tet-inducible FHL2 overexpressing cells. 100 ng/μl doxycycline added 24 hours 

prior to application of flow onto the cells in order to stimulate FHL2 overexpression (+dox). 

(b) Violin plot of cell eccentricity in FHL2 overexpressing cells (n=58). ns=p>0.05 as 

calculated by the student’s t-test. (c) Violin plot of cell areas in FHL2 overexpressing cells 

(n=58). ***=p<0.01 as calculated by the student’s t-test. (d) Violin plot of the percent of the 

perimeter represented by either linear adherens junctions (LAJ,) or focal adherens junctions 

(FAJ) in FHL2 overexpressing cells. For each sample type, unidirectional (n=58) or disturbed 

(n=58), the percent of linear and focal adherens junctions sum to 100%. (e) Immunostained 

FHL2 and phalloidin stained actin for FHL2 overexpressing cells. (f) Relative FHL2 and actin  

  



115 
 

Figure 6.3 Continued: intensities at the location of the peak actin intensity along the 

rectangle scan (n=100). Slopes calculated using linear regression analysis. Shading represents 

the region of 68% confidence for the measurement of the slope and y-intercept of the linear 

fit. 

 
 

 When we then examine the makeup of the adherens junctions of these FHL2 

overexpressing cells, we find that once again the cells under unidirectional flow more closely 

resemble their disturbed counterparts with an average of 78% of the total junctions appearing as 

focal adherens junctions compared to an average of 77% for the cells under disturbed flow 

(Figure 6.3d). This indicates that even in the case of unidirectional flow, the overexpression of 

FHL2 leads to increased mechanical tension in the tissue as shown by the structure of the 

adherens junction.  

 In addition to FHL2 overexpression resembling the effects of disturbed flow in cases of 

unidirectional flow, we find that excess FHL2 in these samples localizes to stress fibers through 

immunofluorescent stains (Figure 6.3e). Unlike in cells expressing normal amount of FHL2, 

these +dox cells experiencing unidirectional flow show FHL2 localizing to stress fibers similar 

to what we expect to see in the case of disturbed flow. Using the same method of quantification 

described for Figure 6.2f, we see that in the case of unidirectional flow with FHL2 

overexpression, not only is there a lack of high-intensity thick stress fibers in these cells, but 

FHL2 strongly localizes to these stress fibers (Figure 6.3f).  

 Taken together, we are able to show that the overexpression of FHL2 mimics the effects 

of disturbed atherosclerotic-like flow in cases of more healthy unidirectional flow, changing the 

overall shape of cells in the tissue, increasing the observed mechanical tension at the cell-cell 

junctions, and localizing to stress fibers. This allows us to conclude that FHL2 plays a role in 
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reinforcing the actin cytoskeleton and mechanical tension in the tissue in response to the 

increased shear stress experienced from more turbulent flow. 

 

6.4 Discussion 

Our data reveals that atherosclerotic-like flow has a genuine impact on tissue morphology 

that affects tissue shape, junctional structure, and the localization of the mechanosensitive 

protein FHL2. More disturbed, turbulent flow in blood vessels naturally places higher stress on 

the endothelial cells lining the vessel (Li et al., 2014). Here we show that the tissue responds to 

this increased stress with a loss of cell alignment as the elongated cells under unidirectional flow 

are parallel to the direction of flow while the cells under a disturbed flow lose their elongation 

and thus their directionality. This increased and turbulent shear stress also affects junctional 

composition as the adherens junction show increased amounts of focal adherens junctions 

compared to linear adherens junctions. As focal adherens junctions are strongly associated with 

areas of high mechanical tension within the tissue (Huveneers et al., 2012; Oldenburg and de 

Rooij, 2014), our data indicates increased mechanical tension not just incident on the tissue as a 

result of atherosclerotic-like flow, but also as a direct result of that flow.  

Our search for the molecular mechanism for mediating this ability of endothelial cells to 

sense increased shear stress from fluid flow and translate that into mechanical tension in the cells 

lead us to the LIM domain protein FHL2. Our results agree with similar findings (Nakazawa et 

al., 2016; Wagh et al., 2021) that FHL2 localizes to areas of high mechanical tension in a cell as 

they show increased affinity for actin stress fibers in the cells under disturbed flow with higher 

all around mechanical tension. While FHL2 has been shown to behave in a force sensing 

manner, our results directly link this behavior to atherosclerotic-like flow in blood vessels.  
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As we work to further understand the molecular mechanism of this mechanical 

relationship between strain sensing and atherosclerotic-like flow, there are important follow-up 

experiments which we are working to perform an analyze. One being that there is evidence that 

activated RhoA may attract LIM domain proteins to attach to stress fibers at sites of strain (Sala 

and Oakes, 2021) and we want to better understand the role of RhoA and other GTPases which 

may mediate this reaction. Another approach which we would like to explore is the role of 

additional force sensitive proteins implicated in vascular disease, namely Pdlim7 and LIMD1 

(Krcmery et al., 2013; Wang et al., 2021). Is the role of FHL2 in strain sensing within 

endothelial tissue under exposure to disturbed flow limited to just FHL2, or is it a general role of 

force sensitive LIM domain proteins in blood vessel walls?  

 

6.5 Materials and Methods 

 

Cell Culture: Human aortic endothelial (TeloHAEC) cells were cultured in EGM-2 and 

supplemented with SingleQuots from Lonza (CC-3156 and CC-417.) Cells were incubated in a 

humidified environment at 37°C and 5% C02. To generate samples for the flow device, cells 

were plated densely in 6-well plates and grown for 24 hours. 4% dextran (Sigma-Aldrich) was 

added to sample media before exposure to flow. In all FHL2 overexpression experiments, Tet-

inducible gene expression was activated with 100 ng/μl doxycycline (+dox) 24 hours prior to 

application of flow.  

Application of Flow: Flow was generated using a computerized stepper motor (Arcus 

Technology) with an attached stainless-steel cone which generates shear stresses for the 

unidirectional and disturbed flow. Sample cells were placed withing this flow device for 24 
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hours prior to fixation in an incubator at 37°C and 5% CO2. More details on the nature of this 

flow mechanism are given in (Wu et al., 2017). 

Staining: Prior to fixation, cells were washed with 1xPBS. Cells were fixed in a solution of 4% 

PFA in 1x Cytoskeletal for 15 minutes at room temperature. Fixed cells were permeabilized 

using a solution 0.2% Triton X-100 in 1xPBS for 5 minutes, and then blocked with 5% BSA in 

1x PBS for 30 min. Primary antibodies were prepared in 5% BSA solution using 1:1000 anti-

VEcadherin, and 1:100 anti-FHL2 and incubated for 1 hour. Secondary antibodies were 1:500 

Alexa Fluor phalloidin, 1:100 Alexa Fluor Rb 560, and 1:1000 Alexa Fluor anti-mouse 647. 

Microscopy and Imaging:  Samples were imaged on an inverted T-E microscope (Nikon) with a 

confocal CSU-X spinning disk (Yokogawa Electric Corporation), a stage controller (Prior), a 

CMOS camera (Zyla-Andor), and 491, 561, and 642 laser lines. Metamorph software was used 

to control the microscope and collect images. Images were acquired using a 60x Plan Apo NA 

water immersion objective with a NA of 1.20 and a WD of 0.31-0.28 (Nikon). Images were 

acquired at room temperature. 

Violin Plots: The width of each colored region represents volume kernel density which is an 

estimation of the probability density function of the average measurement. The white point 

represents the median measurement for all cells, and the grey bar represents the interquartile 

range, meaning the middle 50% of the volume range. 

Cell Area and Eccentricity Measurements: Cells were segmented by hand using Fiji image 

analysis software to find the outline of cell-cell junctions in multiple cells and fields of view 

across the sample. Custom Matlab code was then used to find individual cell areas and fit the 
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outline of each cell to an ellipse. The major and minor axis of this ellipse was then used to 

measure the eccentricity of each cell.  

Analysis of Linear and Focal Adherens Junctions: Using the outlines of cell-cell junctions 

generated through cell segmentation, Composite images of VE-cadherin and actin were 

examined to determine the nature of the adherens junction in different areas along the tissue. 

Every region of each segmented cell perimeter was marked as either liner or focal by referencing 

the shape of the VE-cadherin and actin in the vicinity of the junction. Segmented cell perimeters 

where junctions are defined by a continuous VE-cadherin with actin filaments running parallel to 

the cell membrane were marked as linear adherens junctions. Regions of the segmented 

perimeter where the VE-Cadherin junction was discontinuous with punctate-like features and 

actin bundles oriented perpendicular to the junction were marked as focal adherens junctions. 

Matlab code was then used to measure the percent of each cell’s perimeter marked as each.  

Stress Fiber Rectangle Scans and Intensity Measurements: Stress fibers were identified in 100 

separate cells for each measurement. Stress fibers were deliberately selected to provide 

intensities along a wide range of actin intensities when possible and so represent the intensity 

range of the population of stress fibers in each sample, but not the distribution. The peak 

intensity of each selected stress fiber was measured using a rectangle scan. A line was drawn 

perpendicularly across the stress fiber and the mean intensity across that line was measured 

within 3μm of the scan line. The peak intensity of actin is then located from this rectangle scan, 

indicating the center of the stress fiber, and FHL2 intensity at the stress fiber is calculated based 

on the location of the peak actin intensity.  

Quantification and Statistical Analysis: Image analysis and quantification was performed in Fiji, 

Excel, and Matlab. Matlab was used to perform statistical analysis and calculate statistical 
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significance using two-tailed student t-tests where ns=p>0.05, *=p<0.05, **=p<0.01, 

***=p<0.0001 and ****=p<0.000001. 
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Appendix A: Extended Protocols 
 

A.1 Live Cell Imaging 

 

Live Sample Preparation: To prepare cells for live cell imaging, add imaging media to sample 

when preparing sample for the microscope. The lack of phenol-red dye of this media helps 

reduce autofluorescence in your sample and the additional hepes buffer helps to keep cells in a 

CO2 rich environment.  

50 ml Imaging Media: Appropriate for MDCK cells 

45 ml phenol-red free DMEM (17-205-CV)  

4.5 ml FBS 

225 μl Pen-Strep 

225 μl L-Glutamine  

450 μl hepes (1M) 

Incubation: When imaging cells for 2 hours or less on the microscope, it may be appropriate to 

use the Nevtek airstream incubator to keep the sample warm as opposed to an enclosed 

incubator. The Nevtek heater resembles a hairdryer and can keep most cells happy and 

unstressed when imaging for 2 hours or less. If you are imaging any longer or are working with 

particularly sensitive cells, use one of the enclosed incubators. Be sure to warm the incubators up 

at lest 20 minutes prior to use. If you are having any issues with humidity in the incubator 

chamber, line the chamber with ~6 Kimwipes soaked in water to help maintain humidity.  

Cell Mask Orange Membrane Stain: When imaging live cell samples, I prefer to stain cell 

membranes with 2μl/ml of CellMask Orange (Invitrogen) 30 minutes prior to staining. The stain 

is good for imaging for approximately 5 hours after wash-in, after which it begins to be 

internalized by the cell and starts to outline internal cell membranes such as the nuclear 
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membrane. The stain occasionally fails and results in bright globs of dye across the sample. If 

this occurs, toss the aliquot and use a new one, being careful that each time you defrost the new 

aliquot you use it immediately and move it back to the freezer as quickly as possible. The 

aliquots are very sensitive to repeated cycles of freezing and thawing as well as remaining at 

high temperatures for longer than 5 minutes. 

 

A.2 Osmotic Shock Treatment 

For my experiments, I used sorbitol to apply a hyperosmotic shock to my cells. After 

changing the media to wash-in the sorbitol containing media, the cells took approximately 30 

minutes to reduce in size, and then about 3 hours to recover their volume afterwards in the case 

that they recovered it. When changing the media to add sorbitol, be extremely gentle, as cell 

volumes change in react to agitation as well as osmotic pressure. I used sorbitol amounts ranging 

from 100mM to 500mM. Most of my final work has cells in 200mM sorbitol, any less and you 

don’t see significant volume reduction, and at around 400-500mM cells start to undergo 

apoptosis and extrusion.  

 

A.3 PDMS Fabrication and Biocompatibility 

 

PDMS Fabrication 

1. Weigh out 1:10 ratio of crosslinker to base  

2. Place in vacuum desiccator for 30 minutes.  

3. Carefully pour solution into mold, can be any glass or plastic dish or a more complex 

mold 

4. Cure in 70°C incubator overnight 

PDMS Biocompatible: 

1. Soak 90 seconds in 100% acetone 
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2. Soak PDMS in 1xPBS overnight 

3. Immediately before adding to sample, place in UV ozone for 2 minutes (if growing cells 

on top of PDMS substrate, do this immediately before adding a collagen layer) 

 

 

A.4 Electrotaxis Protocol 
 

Sample Creation: After creating a biocompatible PDMS mask as described above, press the mask 

onto a 50mm glass bottom petri dish with a 30mm glass diameter (MatTek). The purpose of 

using this specialized dish is to give you room to work with the agar salt bridge later. The low 

sides of the imaging chamber and the extra area will make it significantly easier to maneuver 

around during setup than a standard 25mm magnetic imaging chamber. Grow cells to confluency 

as needed and remove mask 2 hours prior to imaging. Be gentle during removal, it’s possible for 

the mask to lift up the entire monolayer and destroy the sample.  

Agar Bridge: Prep the agar at least 20 minutes before you mean to start assembling the 

electrotaxis setup. Add 2% agarose to 5ml PBS in an Erlenmeyer flask and stop the top up 

loosely with a Kimwipe. Microwave the solution until the agarose is dissolved stopping each 

time it starts to boil over. Pour into a petri dish and leave to solidify at room temperature for 10-

15 minutes. Using a razer blade, cut agar into two strips 1.5cm wide and 6 cm long.  

Assembly: Attach stage incubator to microscope (Chamlide and Quorum Technologies) and add 

sample first. This moderately protects the microscope in the event that there is a spill as it 

prevents any direct openings to the objective or center of the stage. Add 2 wells of 3 ml PBS to 

either side of the imaging chamber using 10cm petri dishes. Don’t spill anything. Add agar 

bridges to connect each PBS well to the sample, aligning them so that they are 1 cm apart and 

centered on the area of the sample you want to image. Connect the variable DC power supply 



124 
 

(Vlifree) with wires to silver electrodes and add electrodes to PBS well using tape to hold wires 

in place. 

Imaging: Most videos were taken for 2 minutes imaging every second. At the 20 second mark I 

pressed the output button on the power supply to turn on the voltage and pressed the same button 

again at 40 seconds to turn it off. I repeated this at 60-80 seconds. When the voltage was on and 

at 10V, the instrument registered a non-zero but very small current. If there was an issue with the 

connection and I saw the current was 0 when the output was on, then I knew there was a 

connection issue somewhere. At smaller currents (<5V) the current was too small for the power 

supply to measure, and I couldn’t perform that check with this setup.  

Fluo-8: Calcium was visualized using fluo-8 (Invitrogen). 2μM Fluo-8 was added to samples 30 

minutes prior to imaging and illuminated with a 491nm laser. Fluo-8 aliquots are very sensitive 

to the freeze/thaw cycle. I used a new aliquot for each day of imaging. After approximately an 

hour of imaging, the dye began to degrade. The dy did not significantly bleed through to other 

channels and can be used with a Cellmask Orange stain to  outline cell membranes.  
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