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ABSTRACT 

Our daily life is filled with locomotion and emotion, two processes controlled by our 

sophisticated and delicate nervous system. During development, billions of neurons make 

connections with specific synaptic partners in both central and peripheral nervous systems. How 

such specificity is achieved and maintained is a long-standing question in neurobiology. A 

prevailing hypothesis is that cell surface proteins function as a “lock-and-key” to guide the 

recognition between pre- and postsynaptic neurons. We focus on two Drosophila immunoglobin 

subfamilies, the Dprs (defective proboscis extension response, 21 members) and DIPs (Dpr-

interacting proteins, 11 members). Dprs and DIPs can form homophilic or heterophilic 

interactions, and these interactions are proposed to guide synaptic recognition. A small subset of 

Dprs and DIPs have been examined in larvae and adults, but most Dpr-DIP pairs have not been 

studied, in part, due to the likely redundancy and their unknown expression patterns.  

To gain a deeper understanding of Dprs and DIPs, I conducted an expression profiling. 

We generated a Dpr/DIP GAL4 collection and examined their expression in larval sensory 

neurons and the neuromuscular system. I described detailed expression maps of each dpr and 

DIP in all larval sensory neurons, motor neurons, glial cells, and muscles. I found that similar 

neurons express similar dprs and DIPs. In addition, I uncovered previously unidentified motor 

neurons using these GAL4 lines and found specific dprs and DIPs that are required for synaptic 

recognition. In summary, the expression map and the GAL4 lines will provide the field an entry 

point and a genetic toolbox to explore the functions of Dprs and DIPs. 

 Dpr-DIP interactions were implicated in synaptic connectivity, and we wondered whether 

neuromuscular function was also affected when perturbing connectivity. In the Drosophila larval 

neuromuscular system, each muscle normally receives two glutamatergic motor neuron inputs. 



xv 

 

We asked whether loss of one input will perturb synaptic function or instead, will induce 

morphological and/or functional compensatory changes from the nearby motor neuron input. 

Interestingly, we found that ablation of one neuron significantly induced morphological and 

functional compensation from adjacent healthy neurons – a process we termed “cross-neuron 

plasticity”. We examined multiple motor neuron-muscle pairs and found different motor neurons 

have different compensability. Next, we investigated the mechanism underlying cross-neuron 

plasticity and found that an engulfment receptor, Draper, is required. In draper mutants, 

significant debris from degenerating neurons accumulated in glial cells and healthy neurons lose 

both morphological and functional plasticity, suggesting that Draper is required to transmit a 

signal to nearby healthy neurons. This study has implications for neurodegenerative diseases 

marked by synaptic dysfunction and eventual neuron death as cross-neuron plasticity could 

provide compensatory functional changes from the remaining neurons.  

 Taken together, my Ph.D. work focused on Dpr-DIP mediated synaptic recognition and 

cross-neuron plasticity. I described the expression of dprs and DIPs in the Drosophila larval 

nervous system and identified a new type of synaptic plasticity which empowers healthy neurons 

to respond to nearby neuronal cell death. These studies have expanded our understanding of 

synaptic connectivity and plasticity and have generated many exciting, testable hypotheses.
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CHAPTER 1 

INTRODUCTION 

The way we perceive and respond to the environment relies on our precise and robust 

neuronal connections. In the human brain, ~90 billion neurons interconnect with each other to 

form complex but stereotyped neural networks (Herculano-Houzel, 2012). During development, 

each neuron must identify the correct synaptic partners among thousands of potential targets. 

Such specificity is achieved through a series of steps including axon pathfinding, partner 

recognition, and synaptic pruning. In the past few decades, researchers have identified genes and 

mechanisms underlying these processes in different neural circuits and in different model 

organisms from invertebrates like Drosophila and C. elegans to vertebrates such as zebrafish and 

mice. Many of these genes are homologous to those involved in human nervous system 

development and diseases (Sanes and Zipursky, 2020, 2010). However, our current knowledge of 

how synaptic connections are specified is still relatively limited as only a few recognition 

molecules are characterized compared to the number of specific neural connections. Although 

many potential recognition molecules have been proposed, their function are yet to be explored. 

In addition, the downstream signaling pathways of these recognition molecules is not clear. 

Answering these questions will require systematic analyses of downstream components and 

technological innovations.  

Once a specific neural connection is established, it is important to maintain its synaptic 

function to support robust brain operation. Although neurons are well protected by the dura and 

skull, they can still encounter external perturbations like physical injury and infection, or internal 

perturbations like immune responses and ageing. Interestingly, neurons or synapses can fine tune 

their function to maintain a homeostatic point; this process is known as synaptic plasticity (Citri 
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and Malenka, 2008). Several synaptic plasticity mechanisms have been found when perturbations 

occur either pre- or postsynaptically (Davis and Müller, 2015; Frank et al., 2020). However, the 

field has mostly focused on how synapses autonomously respond to perturbations and largely 

ignored how such perturbations affect nearby healthy neurons or synapses.  

During aging or neurodegenerative diseases, such as amyotrophic lateral sclerosis (ALS), 

Alzheimer’s disease, and brain stroke, neuronal cell death leads to a complete loss of neurons 

and the associated synapses, causing a larger defect beyond merely synaptic perturbation 

(Fricker et al., 2018). Extensive research and clinical work have focused on how to slow down 

neuronal cell death progression or to replace the dead neurons to restore function. However, it is 

of great interest to examine how the nearby healthy neurons respond to the death of their 

neighbors as these healthy neurons serve as great candidates to restore circuit function. Indeed, it 

has been well documented that sensory loss leads to adaption of the brain circuits to utilize the 

remaining senses to navigate, known as cross-modal recruitment and compensatory plasticity 

(Brussel et al., 2011; Lee and Whitt, 2015). In addition, (Hutson et al., 2019) observed an 

increase of dendritic branching in the remaining neurons in a spinal cord injury mouse model. 

Moreover, (Merlo et al., 2019) found that in Alzheimer’s disease, the remaining healthy brain 

areas show increased activity. These studies provide exciting hints about the potential of the 

remaining healthy neurons to compensate the circuit damage. However, the phenotypes observed 

in these studies are only examined globally and have not been characterized in detail nor are the 

underlying mechanisms known. 

My thesis work focused on the areas of synaptic connectivity and plasticity using the 

Drosophila nervous system as a model. First, I asked how synaptic connectivity is faithfully 

established during development through the interaction of CSPs. Second, I described 
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morphological and functional compensation in healthy neurons after ablating nearby neurons. I 

also characterized a potential mechanism for this synaptic plasticity. My work provides insights 

for how CSPs instruct nervous system wiring and how healthy neurons respond to adjacent 

neuron death, as seen in aging and neurodegenerative diseases, and sheds light on potential new 

therapies to recover circuit function after partial neuronal loss. 

 

1.1 The Drosophila larval nervous system is an ideal model to study 

synaptic development and plasticity 

Invertebrate models offer an extensive variety of experimental tools to address 

outstanding questions underlying developmental processes and diseases. Drosophila is an 

excellent invertebrate model utilized to study signaling pathways, embryo development, and 

tissue morphogenesis, due to their short lifespan (Figure 1.1), the genetic accessibility, and most 

importantly, the common developmental mechanisms shared with vertebrates. 

The small size of Drosophila larvae and their semi-transparent epidermis facilitate their 

examination and access to the nervous system. The larval body plan is segmentally repeated 

including three thoracic segments (numbered T1 to T3), and nine abdominal segments 

(numbered A1 to A9) (Bloom, 1996). Each abdominal segment has a similar arrangement and 

layout of cells including the body wall muscles and the axons that innervate them. The larval 

nervous system is “simple” compared to the billions of connections in many vertebrates, but it 

still resembles the sophisticated vertebrate nervous system due to similar circuit assembly, 

shared neurotransmitters, and conserved developmental and plasticity mechanisms, thus making 

it a great model to approach complex neurobiology questions. 
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Figure 1.1 Development and lifespan of Drosophila melanogaster.  

The larval stage of Drosophila takes about 5-6 days at 25°C to complete. Three instar stages 

transition the animal from embryo to pupa including first, second and third instar stages. The 

body structure is established by first instar and then expands in size during larval development.  

 

 

 

1.1.1 Overview of the Drosophila larval nervous system 

The Drosophila larval nervous system is comprised of two major components, the central 

nervous system (CNS) and the peripheral nervous system (PNS) (Figure 1.2), and it is 

established within the 24 hours of embryonic development (Figure 1.1) (Crews, 2019). The CNS 

contains approximately 10,000 neurons including 2,000 neurons located in the brain and the 

remaining in the ventral nerve cord (VNC) (Heckscher et al., 2014).  
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The larval VNC integrates and processes sensory motor control information as it contains 

the axon terminals of sensory neurons (SNs), interneurons, cell bodies and dendrites of motor 

neurons (MNs), and multiple types of glial cells (Niven et al., 2008; Urbach et al., 2016). SNs in 

the PNS receive external stimulation or proprioceptive information and transmit to the VNC 

where they connect to interneurons. Interneurons form a complex connectome to process 

information and transmit to MNs that innervate peripheral muscle fibers through neuromuscular 

junctions (NMJs) and instruct muscle contractions (Figure 1.2) (Gowda et al., 2021). 

 

 
 

Figure 1.2 Schematic of the Drosophila larval CNS and PNS.  

(A) The larval CNS is located at the anterior of the animal whereas the PNS is distributed along 

the body wall. (B) The larval CNS contains the brain and the VNC, which resemble the 

vertebrate brain and spinal cord, respectively. The VNC is also segmented (not shown in this 

schematic) and interneurons within the VNC receive inputs from sensory neurons and output 

through MNs to body wall muscles. 

 

 

1.1.1.1 The ventral nerve cord (VNC) 

The segmentally repeated Drosophila larval VNC resembles the vertebrate spinal cord 

albeit with fewer segments and significantly less neurons. In the VNC, each segment has a 
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defined set of MNs and interneurons surrounded by glial cells. The cell bodies are located in the 

outer layer of the VNC known as the cortex, and axons and dendrites project into the center 

region called the neuropil where synaptic connections are formed (Figure 1.3) (Ito et al., 1995). 

The cells in each hemineuromere are generated from about 100 neuroblasts that divide 

and differentiate in a highly stereotyped manner (Urbach and Technau, 2003; Walsh and Doe, 

2017). The location of each cell body is known, and each cell and its dendrites and axon are 

insulated by glial processes (Kottmeier et al., 2020). As the sensory and motor circuit processing 

centers, each hemineuromere receives and sends information through one nerve bundle which 

contains the incoming axons of SNs, the outgoing axons of MNs, and several peripheral glial cell 

types. 

 
 

 

Figure 1.3 Structure of  the larval VNC.  

Cell bodies of neurons and glial cells are localized at the periphery of the VNC, and they extend 

their processes into the neuropil where synapses are formed. Images adapted from (Ito et al., 

1995). 
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1.1.1.2 The sensory neurons (SNs) 

In the PNS, each hemisegment has a set of SNs that respond to various external 

stimulation including heat and touch. Two morphologically distinct types of SNs can be 

classified in the larval body wall (Orgogozo and Grueber, 2005; Veling et al., 2019). Type-I SNs 

project a single dendrite that associates with chordotonal (ch) organs or external sensory (es) 

organs to detect mechanical and chemical stimuli. Type-II SNs are multidendritic neurons that 

transmit proprioceptive information. Type-II SNs can be further classified into bipolar dendrite 

(bd) neurons, tracheal dendrite (td) neurons, and dendritic arborization (da) neurons. The da 

neurons are then subdivided into four classes based on the complexity of their dendrite 

morphology (da-I, da-II, da-III and da-IV) (Figure 1B) (Grueber et al., 2002). A schematic of the 

SN map is provided in Figure 1.4A. 

Although SNs from the same type are distributed throughout the hemisegment and 

project their afferent axons through different trajectories, their axon terminals innervate the same 

region in the VNC and contact common interneuron partners (Grueber et al., 2007; Landgraf et 

al., 2003b; Merritt and Murphey, 1992; Murphey et al., 1989). For example, the ventral, ventral’, 

and lateral mechanosensory ch neurons all project to the ventral medial region of the VNC and 

share synapses with the same interneurons (Heckscher et al., 2015; Valdes-Aleman et al., 2021). 

Similarly, different classes of da neurons innervate unique sections of the VNC (Grueber et al., 

2007; Merritt and Whitington, 1995; Schrader and Merritt, 2000) (Figure 1.4B). Therefore, the 

same class of SNs show similar axonal terminal morphology and share common synaptic 

partners in the VNC, suggesting that connectivity mechanisms may also be shared. 
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Figure 1.4 Distribution and VNC projections of SNs.  

(A) In each hemisegment, different classes of SNs are located between muscles and epithelial 

tissue. Each color and shape combination represents a class of SNs, including es (grey), ch 

(purple), bd (red), td (brown), md (white star), da-I (blue), da-II (orange), da-III (yellow), da-IV 

(green) neurons. (B) Although the same class of da neurons are distributed far away from each 

other, they project to the same area in the VNC where they connect to common interneuron 

partners. Thus, they display similar axonal terminal morphology. Images adapted from (Grueber 

et al., 2007). 

 

 

1.1.1.3 The motor neurons (MNs) and neuromuscular junction (NMJ) 

Over four decades ago, the Jan and Jan lab introduced the larval neuromuscular system as 

a model to study synapse development and function, and it continues to be the system of choice 

in many labs investigating these areas of research (Jan and Jan, 1976). Each larval abdominal 

hemisegment consists of 30 muscles that are grouped into three major muscle groups – ventral, 
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lateral, and dorsal (Bate, 1990; Hooper, 1986; Zarin et al., 2019) – and further divided into six 

subgroups based on their orientation – dorsal longitudinal (DL), dorsal oblique (DO), ventral 

longitudinal (VL), ventral oblique (DO), ventral acute (VA), and lateral transverse (LT) (Figure 

1.5A).  

Innervating these muscles are 33 MNs classified as type-I (29), type-II (3), and type-III 

(1) based on their terminal morphology and neurotransmitter type (Choi et al., 2004; Hoang and 

Chiba, 2001; Landgraf et al., 1997; Zarin and Labrador, 2019). All MN axon terminals contain 

strings of bead-like structures called boutons which house the active zones (AZs) (Figure 1.5B-

C). Type-I MNs are excitatory glutamatergic neurons, and they are further subdivided into type-I 

big (Ib) and type-I small (Is) according to their bouton size and innervation patterns. Ib MNs (in 

the larva named MN1-Ib to MN30-Ib corresponding to the muscle number) generally have larger 

boutons and innervate single muscle fibers whereas Is MNs have smaller boutons and innervate 

muscle groups (Choi et al., 2014; Lnenicka and Keshishian, 2000) (Figure 1.5B). The Is MN that 

innervates ventral muscles is referred to as the ventral common exciter (vCE), RP5, or 

MNISNb/d-Is, and the Is MN that innervates dorsal muscles is called the dorsal common exciter 

(dCE), RP2, or MNISN-Is (Broadus et al., 1995; Doe et al., 1988; Takizawa et al., 2007). 

Similarly, three neuromodulatory type-II MNs innervate the ventral, lateral, and dorsal muscle 

groups, and the single type-III MN primarily innervates m12 (Hoang and Chiba, 2001; Schmid et 

al., 1999). 

The NMJ from each MN is highly stereotyped in terms of morphology and size, and the 

size of a NMJ can be estimated by the number of boutons or the number of AZs. AZs are the 

functional units within each bouton where neurotransmitter-filled vesicles are released. Each AZ 

is composed of the structural protein, Brunchpilot (BRP), and several functional proteins 
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including the calcium channel cacophony (Cac) (Figure 1.5C) (Kawasaki et al., 2000; Kittel et 

al., 2006). When an action potential travels from the axon to the presynaptic terminal, Ca2+ 

influx through voltage-gated calcium channels triggers the fusion of SNARE proteins on vesicles 

and cell membranes and the release of glutamate (Sauvola and Littleton, 2021). Postsynaptic 

ionotropic glutamate receptors bind glutamate triggering an influx of cations and an excitatory 

postsynaptic potential (EPSP) in the muscle (DiAntonio, 2006; Featherstone, 2005). Notably, 

even without an action potential, spontaneous vesicle fusion can occur and trigger a miniature 

EPSP (mEPSP) in the muscle. 

On the muscle side, glutamatergic receptors cluster opposite to the AZ at type-I NMJs 

(Figure 1.5D) (DiAntonio, 2006). In addition, type-I boutons are surrounded by subsynaptic 

reticulum (SSR), a variation of the endoplasmic reticulum in muscles that is responsible for Ca2+ 

storage and release, that couples the presynaptic action potential and muscle contraction (Lahey 

et al., 1994). The postsynaptic structural protein, DLG, accumulates at the SSR and functions as 

a scaffold to set up the postsynaptic field (Guan et al., 1996). Immunostaining with an antibody 

against DLG allows visualization of the SSR and serves as a method to distinguish NMJ types. 

Specifically, type Ib boutons are surrounded by more SSR as compared to the type Is boutons, 

resulting in the differential staining of the two types (Guan et al., 1996). In addition, DLG is 

absent in types II and III boutons. 
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Figure 1.5 Schematic of muscle groups and NMJ architecture.  

(A) Each hemisegment has 30 body wall muscles classified into six spatial groups, the dorsal 

longitudinal (DL), dorsal oblique (DO), ventral longitudinal (VL), ventral oblique (DO) ventral 

acute (VA), and lateral transverse (LT) muscle groups. Neurons innervating these muscles are 

not displayed. (B) Glutamatergic type-Ib and type-Is MNs differ in bouton size and the amount 

of surrounding SSR. Type-II and type-III MNs have even smaller boutons and no significant 

SSR accumulation. (C) Representative image of larval NMJ active zones (AZs, labeled by Brp) 

and the postsynaptic structural protein DLG. (D) Protein composition of the AZ and the 

postsynaptic field. Presynaptic scaffold protein Brp clusters the Ca2+ channel, Cac, and 

associates with synaptic vesicles. On the postsynaptic membrane, glutamate receptors form 

clusters and respond to glutamate neurotransmitters. Images adapted from (Menon et al., 2013). 

 

 

1.1.1.4 The glial cells 

The majority of cells in the vertebrate brain are glial cells. Glial cells were originally 

thought to only provide structural and metabolic support to neurons, but more recent studies 

reveal that glia function in all aspects of nervous system development and function (Altenhein et 

al., 2016; Crews, 2010; Freeman, 2015; Ito et al., 1995). In the Drosophila nervous system, 
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several types of glial cells have been characterized in the CNS and PNS and many share similar 

functions to vertebrate glial cells.  

The outer layer of both the CNS and PNS are surrounded by perineurial glial cells (PG), 

which form a blood-brain barrier type structure (Altenhein et al., 2016; Beckervordersandforth et 

al., 2008). PG do not directly contact neurons, and instead, they contact the hemolymph and 

subperineurial glial cells (SPG) (Figure 1.6A-C) (Beckervordersandforth et al., 2008; Hilchen et 

al., 2008; Schwabe et al., 2005; Silies et al., 2007; Unhavaithaya and Orr-Weaver, 2012; 

Volkenhoff et al., 2015). PGs and SPGs are generated during embryonic stages and maintained 

throughout larval development (Kremer et al., 2017; Omoto et al., 2016; Stork et al., 2008). 

Septate junctions between SPGs coordinate their enormous growth during larval development 

(Banerjee et al., 2008; Carlson et al., 2000; Schwabe et al., 2005; Stork et al., 2008). At the NMJ, 

SPGs extend processes into the bouton areas and are responsible for removing excess synaptic 

materials during synaptic growth and pruning (Fuentes-Medel et al., 2009). 

Drosophila larvae have an additional peripheral glial cell type, called wrapping glial cells 

(WG) (Figure 1.6C) (Bauke et al., 2015). WGs directly contact and wrap all axons from afferent 

SNs and efferent MNs. Each segmental nerve has four WGs, and each WG wraps approximately 

3 mm of axons in third instar larva (Hilchen et al., 2013; Matzat et al., 2015). 

In the CNS, cortex glial cells (CG) are interspersed between SPG and neuronal cell 

bodies (Figure 1.6B) (Beckervordersandforth et al., 2008; Pereanu et al., 2005). CGs form a 

network surrounding the entire lineage of a neuroblast including about 55 neurons (McLaughlin 

et al., 2019; Pereanu et al., 2005; Spéder and Brand, 2018). In addition to CGs, two neuropil 

associated glial cell types, ensheathing glial cells (EG) and astrocyte-like glial cells (AG) 

surround and invade the neuropil, respectively (Figure 1.6B). EGs have flattened cell bodies that 
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lay outside the neuropil surface, and send processes into the nerve root, resembling WGs 

(Beckervordersandforth et al., 2008; Peco et al., 2016; Pereanu et al., 2007). Highly polarized 

AGs resemble vertebrate astrocytes as they extend finely branched processes into the neuropil 

(MacNamee et al., 2016; Omoto et al., 2015; Peco et al., 2016; Stork et al., 2014). AGs 

participate in neural development and synaptic homeostasis as they were found important to tune 

critical periods and to balance excitatory/inhibitory synapses (Freeman et al., 2003; Stork et al., 

2014).  

 

 

Figure 1.6 Classification of glial cell types in the larval nervous system.  

(A) Schematic of the larval VNC. Red dashed lines represent the positions of cross-section 

shown in B and C. (B) A cross-section of the VNC showing astrocyte-like glial cells (AG), 

ensheathing glial cells (EG), cortex glial cells (CG), perineurial glial cells (PG), and 

subperineurial glial cells (SPG). (C) A cross-section of a segmental nerve showing PG, SPG, and 

wrapping glial cells (WG). Images adapted from (Yildirim et al., 2019). 

 

 

1.1.1.5 The Drosophila nervous system resembles the vertebrate nervous system 

One of the many strengths of using Drosophila larvae to study neural development and 

synaptic plasticity lies in its amenability to genetic manipulation and the fact that their nervous 

system is composed of many fewer cells. Although the larval nervous system is much simpler, it 
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still resembles the vertebrate nervous system due to similar circuit wiring patterns, synaptic 

components, and molecular mechanisms (Holland, 2016). 

 In the vertebrate nervous system, SNs project into the spinal cord where they connect to 

interneurons, which then transmit the signals to the motor cortex or directly to MNs. The brain 

controls locomotion and receives feedback through several orders of interneurons that reside in 

spinothalamic and corticospinal tracts (Curry and Gordon, 1972; Morin et al., 1951; Verhaart and 

Kramer, 1952). The Drosophila larva has a similar SN-interneuron-MN circuit wiring pattern 

that allows larva to quickly respond to its environment. Recent electron microscopy (EM) 

reconstruction of the larval VNC identified many descending interneurons that connect the brain 

and VNC, resembling the interneurons in the vertebrate spinal cord (Chen et al., 2021; Gerhard 

et al., 2017; Schneider-Mizell et al., 2016). Subsequent functional studies revealed an important 

role for these neurons in animal locomotion (Kim, 2017; Namiki et al., 2022; Schnell et al., 

2017).  

 At the synaptic level, the Drosophila NMJs and excitatory synapses in the vertebrate 

CNS share the same neurotransmitter (L-glutamate) and similar synaptic machinery. For 

example, the Drosophila pre-synaptic SNARE protein, Complexin, was shown to be a regulator 

of synaptic vesicle fusion and neurotransmitter release, and its human homolog has been linked 

to a number of human neurological diseases (Cho et al., 2010; Hu et al., 2002; Huntwork and 

Littleton, 2007; Jorquera et al., 2012). In addition, the Drosophila postsynaptic structural protein 

DLG and its vertebrate homolog PSD-95 (also known as DLG4) were found to participate in 

synaptic plasticity and the stabilization of synaptic changes during long-term potentiation (Cho et 

al., 1992; Meyer et al., 2014; Stathakis et al., 1997). The vertebrate ionotropic AMPA/Kainate 
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glutamate receptors also resemble the two Drosophila ionotropic glutamate receptors at the 

NMJ: GluRIIA or GluRIIB (Marrus, 2004). 

 Drosophila and vertebrates also have similar glial cell types, especially at the functional 

level. In the vertebrate CNS, astrocytes are the most abundant glial cell type; astrocytes have 

complex projections that participate in formation of the blood brain barrier and create a nutrient 

exchange pathway between neurons and blood vessels (Suárez et al., 1995; Tao and Zhang, 

2014). Drosophila have a similar cell type known as astrocyte-like glial cell (AG) (Figure 1.6B). 

In addition, the vertebrate CNS has oligodendrocytes that surround axons and form a specialized 

membrane called myelin (Baumann and Pham-Dinh, 2001; Shoykhet and Clark, 2011). In the 

PNS, Schwann cells have similar function as oligodendrocytes to provide myelination to axons 

(Bhatheja and Field, 2006). Although Drosophila axons are not myelinated, PGs, SPGs, and 

WGs wrap axons to provide insulation and protection, similar to oligodendrocytes and Schwann 

cells (Yildirim et al., 2019).  

In summary, the Drosophila nervous system is an excellent model to study synaptic 

connectivity and plasticity. Similar to the vertebrate nervous system, Drosophila neurons and 

glia are intimately associated and required for normal synaptic development and function. The 

synaptic molecular machinery is also shared, and mechanisms uncovered in Drosophila can 

provide insight into vertebrate circuit development. 
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1.1.2 Electrophysiology and imaging technologies empower the functional study of the 

Drosophila nervous system 

The simplicity of the Drosophila neuromuscular system allows for direct, physical access 

to synapses. In this section, I will discuss the electrophysiology and imaging tools that enable 

quantitative and robust functional examination of larval NMJs.  

Based on the question at hand, neural activity can be examined at the synaptic resolution 

or more globally with behavioral analyses. At the synaptic level, genetically encoded Ca2+ 

sensors (GCaMPs) together with microscopy technologies allow for direct visualization of Ca2+ 

fluctuations (Nakai et al., 2001). Recent advances in genetically encoded neurotransmitter 

sensors expanded the toolbox and provide high-resolution, in vivo tracking of neurotransmitter 

release (Dong et al., 2021; Wan et al., 2021; Wu et al., 2022; Zhang et al., 2019). Unlike 

genetically encoded sensors, electrophysiological recordings require physical access to the cells 

to detect activity with electrodes. Several electrophysiology protocols, such as patch clamping, 

voltage clamping, and current clamping, have been developed to examine different aspects of 

channel gating, membrane potential dynamics, and action potential properties (Scanziani and 

Häusser, 2009). Finally, to study circuit activity, behavioral analyses can be utilized. Recent 

advances in developing GAL4 lines to target specific cells with optogenetic tools uncovered a 

series of neural circuits involved in Drosophila locomotion, foraging, navigation, and circadian 

rhythm (Lee et al., 2018; Pfeiffer et al., 2010, 2008). 

 

1.1.2.1 Electrophysiology recording at Drosophila larval NMJ 

The layout of the Drosophila larval neuromuscular system facilitates access to the NMJs 

for electrophysiology recordings (Jan and Jan, 1976). In a dissected larva, the nerve bundle can 
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be stimulated by a suction/stimulation electrode to simultaneously activate all motor axons in the 

corresponding hemisegment (Figure 1.7A). This stimulus will generate action potentials in MNs 

that travel to the NMJ to trigger Ca2+ influx and neurotransmitter release. The neurotransmitter, 

glutamate in this case, binds to glutamate receptors and opens cation channels to induce a change 

in the muscle membrane potential. Ca2+ is the major ion flowing into the muscle and triggers 

additional Ca2+ release from the SSR. The stimulation induces a membrane potential change, 

known as an EPSP, and can be detected by another electrode placed into the muscle (Figure 

1.7A) (Imlach and McCabe, 2009; Jan and Jan, 1976; Kurdyak et al., 1994; Stewart et al., 1994; 

Zhang and Stewart, 2010). 

 EPSPs are characterized by a fast depolarization and a gradual return to the resting 

membrane potential (Figure 1.7B). In physiological saline, the EPSP amplitude of most muscles 

lies between 20-40 mV, and Ca2+ recycling restores the cell to resting membrane potential within 

200 ms (Figure 1.7B) (Zhang and Stewart, 2010).  

 In addition to recording EPSPs, the electrode in the muscle can detect mEPSPs without 

presynaptic stimulation. mEPSPs are caused by spontaneous vesicle fusion and neurotransmitter 

release, and the amplitude of each mEPSP is ~1 mV (Figure 1.7C). The mEPSP amplitude 

represents the muscle response to a single synaptic vesicle, indicating the abundance and the 

density of glutamate receptors on the muscle membrane (Daniels et al., 2006; Huntwork and 

Littleton, 2007). The mEPSP frequency can also be calculated to determine the probability of 

spontaneous release (Newman et al., 2022, 2017). Finally, dividing the EPSP amplitude by the 

mEPSP amplitude estimates how many synaptic vesicles are released per stimulus, and this value 

is known as the quantal content (Martin, 1955). Overall, EPSP amplitude, mEPSP amplitude, 

mEPSP frequency, and quantal content provide important insights into NMJ function.  
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Each muscle fiber is innervated by two excitatory MNs, the type-Ib MN and the type-Is 

MN (Figure 1.7A) (Hoang and Chiba, 2001; Menon et al., 2013). Due to the stimulation of the 

entire nerve, the EPSP and mEPSP recorded in the muscle are a combination of both MNs 

inputs. Specifically, the EPSP amplitude is the sum of the Ib EPSP amplitude and the Is EPSP 

amplitude, and the mEPSP frequency is the sum of the Ib mEPSP frequency and the Is mEPSP 

frequency. In previous studies, researchers did not carefully distinguish the electrophysiology 

properties of Ib and Is MNs and assumed they were identical. More recent studies, however, 

revealed fundamental differences between tonic Ib MNs and phasic Is MNs (Aponte-Santiago et 

al., 2020; Aponte-Santiago and Littleton, 2020; Wang et al., 2021a). For example, Ib MNs trigger 

smaller mEPSP amplitudes but with a higher mEPSP frequency. These features correspond to the 

general properties of a tonic neuron – producing a sustained response and being activated during 

the course of the stimulus. Conversely, Is MNs trigger a larger mEPSP amplitude but with a 

lower mEPSP frequency, matching the phasic neuron properties – producing a transient response 

followed by quick adaptation (Newman et al., 2017). In addition, Ib MNs and Is MNs also 

produce different EPSP amplitudes in a muscle specific manner. Thus, it is important to 

distinguish the contribution of Ib and Is MNs when collecting electrophysiology data at the 

Drosophila larval NMJ. 
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Figure 1.7 Schematics of electrophysiology recording at larval NMJ.  

(A) A stimulating electrode generates action potential in MN axons and trigger synaptic release 

at NMJs. Recording electrode reads membrane potential changes from the muscle side. (B) 

Representative trace of EPSP showing its large amplitude and fast membrane recovery. (C) 

Representative trace of mEPSP showing the small amplitude and high frequency of mEPSPs. 

 

 

1.1.2.2 The genetically encoded calcium sensor (GCaMP) allows for direct visualization of 

neural activity 

GCaMP is a fusion protein comprised of green fluorescent protein (GFP), calmodulin 

(CaM), and a peptide sequence from myosin light-chain kinase (Nakai et al., 2001). Upon Ca2+ 

binding, conformational changes of GCaMP leads to fluorescence with an excitation wavelength 

of 488 nm and an emission wavelength of 510 nm. In recent years, the Janelia Research Campus 

generated a series of GCaMP variants with high sensitivity and resolution, allowing precise in 

vivo Ca2+ imaging (Chen et al., 2013; Dana et al., 2019). 

Utilizing GCaMP imaging, direct Ca2+ release can be visualized at the Drosophila NMJ, 

allowing for visualization of activity from specific MNs (Figure 1.8A-B) (Akbergenova et al., 

2018). This approach has enabled researchers to discover that subsets of AZs are specialized for 
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spontaneous neurotransmitter release versus evoked neurotransmitter release (Akbergenova et 

al., 2018; Buhl et al., 2013; Peled et al., 2014; Peled and Isacoff, 2011; Walter et al., 2014). 

Additionally, only a subset of AZs is capable of neurotransmitter release while others remain in a 

silent state (Figure 1.8C-D). Within these activated AZs, some show high release probability (Pr) 

for spontaneous release while others are more recruitable upon stimulation (Figure 1.8C-D). 

Therefore, morphological identical AZs are functionally heterogeneous and further 

characterization will reveal the underlying molecular differences. 

 

 

Figure 1.8 Morphological identical AZs are heterogenous.  

(A) Endogenous labeling of Cac showing the positions of AZs. (B) GCaMP imaging reveal the 

positions of neurotransmitter release. Note that Cac abundance is positively correlated to the 

release probability (Pr). (C) Pr map of evoked neurotransmission. (D) Pr map of spontaneous 

neurotransmission. Comparison between (C) and (D) suggests that some AZs favor evoked 

neurotransmitter release, others favor spontaneous neurotransmitter release, and some remain 

silent. Images are adapted from (Akbergenova et al., 2018). 

 

 

 

1.2 Roles of the Dpr-DIP interactome in nervous system development 

Precise neural wiring is achieved through a series of steps including axon pathfinding, 

partner recognition, and synaptic pruning (Sanes and Zipursky, 2020; Zarin and Labrador, 2019). 
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Although the mechanisms underlying these processes are not completely understood, one 

prevailing model proposes that CSPs instruct chemo attraction and repulsion, self-avoidance, and 

synaptic partner recognition (Honig and Shapiro, 2020; Wit and Ghosh, 2016). CSPs fall into 

several protein families, including the immunoglobin superfamily (IgSF), the Cadherin protein 

family (Cdhs), the leucine-rich repeat protein family (LRRs), the receptor tyrosine kinases 

(RTKs), and many more (Jontes, 2017; Kurusu et al., 2008; Sanes and Zipursky, 2020; Zinn and 

Özkan, 2017). In vitro biochemical studies showed that subsets of these CSPs interact homo- or 

heterophilically, and many of these interactions are implicated in synaptic connectivity in both 

vertebrates and invertebrates (Cheng et al., 2019b; Honig and Shapiro, 2020; Ö zkan et al., 2013; Wit 

and Ghosh, 2016).  

In a previous “interactome” screen, we and others identified two subfamilies of the 

Drosophila IgSF, the Defective proboscis response proteins (Dprs; 21 members) and the Dpr-

interacting proteins (DIPs; 11 members) (Carrillo et al., 2015; Özkan et al., 2013; Tan et al., 

2015). Dprs and DIPs are different from other CSPs found to wire the neural circuits because 

they have more family members and can interact both homo- and heterophilically, providing a 

vast repertoire of unique combinations for synaptic specificity. In this section, I will review 

current understanding about the function of CSPs, especially Dprs and DIPs, and discuss the 

open questions in the field.  

 

1.2.1 Synaptic recognition is mediated by cell surface proteins 

In the well-studied vertebrate retina, retinal ganglion cells require multiple CSPs, 

including Dscams and Sidekicks (Sdks) 1 and 2, to avoid self-synapses and form stereotyped 

connections, respectively (Garrett et al., 2018; Krishnaswamy et al., 2015; Yamagata and Sanes, 
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2019). Similarly, ON-OFF direction-selective ganglion cells and ON-OFF bipolar interneurons 

establish correct partnership by homophilic interactions of classical Cdhs (Duan et al., 2018, 

2014). In hard wired invertebrate nervous systems, such as C. elegans, the heterophilic 

interaction between two IgSF proteins, Syg1 and Syg2, is required for HSNL motor neuron 

synapse formation (Shen et al., 2004; Shen and Bargmann, 2003). In the Drosophila mushroom 

body, neurons rely on different isoforms of Dscam1 to discriminate self-/non-self (Hattori et al., 

2009; Wang et al., 2004; Zhan et al., 2004). In the olfactory system, epidermal growth factor 

(EGF)-repeat containing transmembrane Teneurin proteins, Ten-m and Ten-a, are required for 

the one-to-one matching between a subset of olfactory receptor neurons and projection neurons 

(Hong et al., 2012; Pederick et al., 2021).  

Specificity challenges are also encountered in the Drosophila larval neuromuscular 

system. Several CSPs have been identified as recognition cues between MNs and muscles, 

including Toll (Inaki et al., 2010; Rose et al., 1997), Connectin (Nose et al., 1997, 1992), 

Capricious (Kurusu et al., 2008; Shishido et al., 1998) from the LRR family, and Fasciclin 2 

(Davis et al., 1997; Winberg et al., 1998) and Fasciclin 3 (Chiba et al., 1995; Kose et al., 1997) 

from the IgSF. For example, loss of Teneurin signaling causes a 90% decrease of MN3-Ib 

innervation (Hong et al., 2012), and Toll null mutants revealed defects in 35% of MN6/7-Ib 

(Rose et al., 1997). 

Although these CSPs have been implicated in synaptic recognition and the same set of 

CSPs can be utilized in different circuits, we still do not understand how most synaptic partners 

are recognized. Thus, examining new CSP family members and their functions are necessary to 

understand circuit wiring. 
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1.2.2 Biochemical feature of Dprs and DIPs 

The Drosophila genome encodes ~1000 CSPs (Özkan et al., 2013). Most CSPs interact 

via specific domains, including the cadherin domain or the immunoglobulin (Ig) domain, and 

each CSP can have multiple domains and interacting partners, generating a large repertoire of 

interaction possibilities (Honig and Shapiro, 2020).  

Dprs and DIPs are two subfamilies of the IgSF that contain 2 and 3 Ig domains, 

respectively. Through an in vitro biochemical binding assay, the interactome of 21 Dprs and 11 

DIPs was established by (Özkan et al., 2013) and later refined by biochemical and biophysical 

approaches (Cheng et al., 2019a; Cosmanescu et al., 2018; Sergeeva et al., 2020) (Figure 1.9). 

Dprs and DIPs interact homo- or heterophilically through their first Ig domains. Some Dprs and 

DIPs interactions are highly specific, such as Dpr12-DIP-delta, and others are promiscuous, such 

as DIP-η which interacts with Dpr1-5 (Figure 1.9). The same Dpr or DIP interacts with its 

interacting partners through different interfaces, thus leading to different binding affinities 

(Honig and Shapiro, 2020). Evolutionarily, Dprs and DIPs are evolved from an ancestral Wirin 

gene, which produced a widely distributed family of two- and three- Ig domain molecules with 

neural wiring functions, including Dprs and DIPs, and the nematode RIG-5 and ZIG-8 and 

vertebrate IgLON family (Cheng et al., 2019b). The homologs also form homophilic and 

heterophilic interactions, and such interactions can be broken by mutations predicted by Dpr-DIP 

interactions (Cheng et al., 2019b). The biochemical and evolutionary relationship of these CSPs 

across species suggest conserved functional roles in the metazoan nervous system. 

In addition to interacting with other CSPs, secreted molecules, and extracellular matrix, 

many CSPs signal intracellularly. Some CSPs, such as Ig proteins Nectins and Sdks, are single 

transmembrane proteins containing a transmembrane helix followed by a cytoplasmic region 
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which interacts with downstream signaling molecules (Takai et al., 2008; Yamagata, 2020). 

Other CSPs, such as the mammalian Contactins, are glycosylphosphatidylinositol (GPI) 

anchored proteins which are linked to the outer leaflet of cell membrane through a post-

translational modification (Kinoshita, 2020; Zuko et al., 2011). How GPI anchored CSPs signal 

intracellularly is not well understood as they do not have typical intracellular domains. Some 

models include interactions with co-receptors or proteolytic cleavage to allow for interactions 

with other CSPs at longer distances. Most Dprs and DIPs do not have predicted transmembrane 

domains, suggesting that GPI modifications may allow for membrane association. Indeed, the 

mammalian IgLON orthologs are GPI-linked and preliminary data from our lab indicates that 

most can be cleaved from the membrane by phospholipase C. Future studies will examine the 

downstream signaling pathways of Dprs and DIPs. 

 

 

Figure 1.9 The Dpr-DIP interactome.  

Dprs and DIPs form homophilic or heterophilic interactions with different binding affinities. The 

interactome is divided into seven sub-groups based on heterophilic interactions, represented by 

different colors within Dpr and DIP families. Image is adapted from (Honig and Shapiro, 2020). 
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1.2.3 Dpr-DIP interactions guide synaptic recognition, neural survival, and synaptic 

development 

Dpr1 was discovered by the Montell lab in a screen for genes that regulate salt aversion 

(Nakamura et al., 2002) and was found to be part of a highly related Ig protein family. The 

discovery of the DIPs in 2013 and their interactions with Dprs spawned a newfound interest in 

these IgSF proteins (Özkan et al., 2013). The first functional study of a Dpr-DIP pair was 

reported by (Carrillo et al., 2015); Dpr11 and its partner DIP-γ were implicated in synaptic 

connectivity in the optic lobe and axon terminal development in the neuromuscular circuit. 

Several high-profile studies have been published in the past five years and a majority reveal that 

Dpr-DIP interactions instruct synaptic connectivity. Here, we review current knowledge about 

the function of Dprs and DIPs in different neural circuits.  

 

1.2.3.1 Role of Dpr-DIP interactions in synaptic connectivity 

 In the larval neuromuscular system, DIP-α is only expressed in the two Is MNs that 

innervate the ventral and dorsal muscle groups, and a DIP-α interacting partner, Dpr10, is 

expressed in muscles (Figure 1.10A) (Ashley et al., 2019). Removal of either DIP-α or dpr10 

causes a complete loss of Is MN innervation of muscle 4 (we refer to this branch as m4-Is), while 

Is innervation on other muscles is only mildly unaffected (Figure 1.10B). Interestingly, 

overexpression of DIP-α or dpr10 in either the MNs or the muscles will also lead to loss of m4-

Is innervation, suggesting that expression levels of these CSPs are important for MN-muscle 

recognition (Figure 1.10C) (Ashley et al., 2019). In addition, site-specific disruption of the DIP-

α homophilic interaction interface causes loss of m4-Is innervation, indicating DIP-α 

homodimerization is also involved in synaptic recognition (Cheng et al., 2019a). 
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Figure 1.10 Function of Dpr10-DIP-α interactions at the larval NMJ.  

(A) Wild type m4 expresses Dpr10 and is innervated by the DIP-α negative Ib MN and the DIP-

α positive Is MNs. (B) In DIP-α mutants, the Is MN no longer innervates m4. (C) Summary of 

m4-Is innervation in different genetic background. Note that overexpression of Dpr10 or DIP-α 

pre- or postsynaptically also disrupt m4-Is innervation. 
 

 

Dpr10-DIP-α interactions are also implicated in synaptic connectivity in the adult visual 

system. DIP-α is expressed in several medulla neurons of the pupal optic lobe, including Dm1, 

Dm4, and Dm12, which innervate the M1, M3 and M3 medulla layers, respectively 



27 

 

(Cosmanescu et al., 2018; Tan et al., 2015; Xu et al., 2018). Lamina neuron 3 (L3) is presynaptic 

to Dm4 and Dm12 and expresses DIP-α interacting partners, Dpr6 and Dpr10. Disrupting 

Dpr6/10-DIP-α interaction leads to mistargeting defects in about 60% of Dm12 neurons which 

now ectopically innervate M8 (Xu et al., 2018). Substituting wild type DIP-α, dpr6, or dpr10 

with mutants that alter affinity and disrupt Dpr6/10-DIP-α interactions to varying degrees 

revealed a graded mistargeting defect (Xu et al., 2022, 2018). In addition, shifting Dpr6 and 

Dpr10 expression from M3 to M10 rerouted innervation of Dm4 and Dm12 to M10 (Xu et al., 

2022, 2018). Overall, these studies showed that Dpr6/10 and DIP-α control synaptic connectivity 

in an affinity-dependent manner. 

Similar connectivity defects in visual circuits are also observed in dpr11 and DIP-γ 

mutants (Carrillo et al., 2015; Courgeon and Desplan, 2019; Menon et al., 2019). Photoreceptors 

in the retina detect different wavelengths of light, and in order for flies to properly navigate the 

environment, photoreceptors must innervate appropriate downstream synaptic partners. A subset 

of photoreceptors, called the yR7 type, connect to yellow Dm8 (yDm8) medulla neurons, and 

express the cognate interactors Dpr11 and DIP-γ, respectively (Courgeon and Desplan, 2019). 

Loss of dpr11 and DIP-γ disrupt yR7-yDm8 synaptic connectivity. Neighboring synaptic 

partners pR7-pDm8 do not express dpr11 or DIP-γ and as predicted, their connectivity is not 

perturbed in dpr11 and DIP-γ mutants (Figure 1.11) (Courgeon and Desplan, 2019; Menon et al., 

2019).  
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Figure 1.11 Dpr11-DIP-γ interactions are required for yR7-yDm8 recognition and yDm8 

cell survival.  

(A) Dm8 cell fate are specified independent of R7. (B) yR7 (yellow) expresses Dpr11 that 

interacts with DIP-γ expressed in yDm8 (yellow). Dpr11 negative pR7 (purple) connects to DIP-

γ negative pDm8 (purple). (C) Dpr11-DIP-γ interactions provide trophic support to yDm8 as 

unmatched yDm8 neurons undergo apoptosis. Image is adapted from (Courgeon and Desplan, 

2019). 
 

 

In another study, DIP-β and DIP-γ were found in L4 neurons which normally innervate 

the proximal medulla layers (Xu et al., 2019). Double knock out of DIP-β and DIP-γ causes 

ectopic L4 synapses in the distal medulla layers, suggesting that DIP-β and DIP-γ restrict L4 

synaptic connectivity (Xu et al., 2019). Additionally, this study indicates a default capacity of 

neurons to form a broad range of synapses and that synaptic specificity is achieved through a 

preference for specific partners. 

 In the Drosophila olfactory system, 50 classes of olfactory receptor neurons (ORNs) are 

primary odor responders which transmit information to 50 classes of specific projection neurons 

(PNs) in stereotypically positioned glomeruli in the antennal lobe. dprs and DIPs are expressed 

in the olfactory circuit and disrupting dprs and DIPs in ORNs lead to local projection defects of 

ORN axons and positioning defects in glomeruli (Barish et al., 2018). For example, DIP-η 
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knockdown in Or47b ORNs disrupts axon targeting leading to expansion and invasion of Or47b 

axons into neighboring glomeruli, and double knockdown of DIP-η and DIP-δ caused a split of 

the Or47b glomerulus (Barish et al., 2018). These results suggest that Dprs and DIPs may act 

independently or combinatorially to organize ORN axon terminals and glomerular positions. 

 In addition, Dpr-DIP interactions are also implicated in the Drosophila mushroom body 

(MB) where the intrinsic MB neurons, known as Kenyon cells (KCs), connect to the MB output 

neurons and dopaminergic neurons (DANs) (Bornstein et al., 2021). Dpr12 is expressed in γ-KC 

neurons and accumulates in γ4/5 region where it interacts with DAN-derived DIP-δ. Lack of 

dpr12 or DIP-δ revealed defects in axon extension of γ-KC neurons and compartmentation in the 

MB. Importantly, these defects can be rescued by other Dpr-DIP pairs but not with other 

adhesive molecules (Bornstein et al., 2021). This study suggested that the matching of a Dpr-DIP 

pair mediates the formation of MB circuits via a mechanism that requires not solely adhesive 

functions. 

In summary, interactions between Dprs and DIPs are important for synaptic connectivity 

and the same Dpr-DIP pair can be utilized in different circuits. However, the partial penetrance 

of most phenotypes described above suggests redundancy and the involvement of other 

recognition molecules to assemble neural circuits. 

 

1.2.3.2 Role of Dpr-DIP interactions in neural survival 

During nervous system development, programmed neuronal cell death contributes to a 

sculpting process to remove excess neurons born during neurogenesis. For example, failure to 

form synaptic connections can trigger canonical apoptotic pathways in the disconnected neuron 

to create space and save energy (Carvalho et al., 2008). Several studies revealed that Dpr-DIP 
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interactions do not only establish the synaptic connection, but also provide trophic support to 

both pre- and post-synaptic neurons as they actively signal to each other to avoid programmed 

cell death.  

 As described above, Dprs and DIPs are required in the olfactory system for proper ORN 

axon projection and innervation. In the same study, the researchers found that DIP-η knock down 

not only leads to invasion of Or47b axons into the Or88a glomerulus but also a decrease of 

Or88a cell numbers (Barish et al., 2018). Thus, DIP-η may non-cell autonomously affect cell 

survival of Or88a neurons. Conversely, knocking down the widely expressed dpr10 in ORNs 

leads to cell death of Or47a neurons cell autonomously (Barish et al., 2018). These data suggest 

that Dprs and DIPs act pre- and postsynaptically to support cell survival. 

 Studies in the fly visual system have expanded the roles of Dprs and DIPs in neuron 

survival. The fate and differentiation of two types of Dm8 neurons, the yDm8 and pDm8, are 

determined before they are innervated by corresponding presynaptic partners yR7 and pR7 

(Figure 1.11A). The yR7-yDm8 synaptic partnership requires the complementary expression of 

Dpr11 and DIP-γ, respectively (Figure 1.11B) (Courgeon and Desplan, 2019; Menon et al., 

2019). During normal development, approximately 40% of yDm8s do not receive yR7 input and 

eventually undergo apoptosis (Figure 1.11C). Interestingly, loss of either dpr11 or DIP-γ lead to 

yR7 and yDm8 not recognizing each other and subsequent excessive yDm8 cell death (Carrillo et 

al., 2015; Courgeon and Desplan, 2019; Menon et al., 2019). In addition, DIP-α null mutants or 

dpr6, dpr10 double null mutants also show reduced numbers of Dm1, Dm4, and Dm12 neurons 

in an affinity-dependent manner (Xu et al., 2022, 2018). Interestingly, the affinity threshold for 

Dpr10-DIP-α mediated synaptic recognition is higher than the threshold for cell survival, 
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indicating that different downstream signaling pathways may underlie each function (Xu et al., 

2022).  

 

1.2.3.3 Role of Dpr-DIP interactions in synaptic development 

After synaptic recognition, synapses must form and be maintained for proper function. 

Many CSPs and related signaling pathways are implicated in synaptic development in the 

Drosophila NMJ, such as Neurexin-Neuroligin interaction, Fasciclin II, Teneurin-a, Teneurin-m, 

and Dprs and DIPs (Davis et al., 1997; Winberg et al., 1998). 

 At the larval NMJ, Dpr11-DIP-γ interactions restrict synaptic bouton formation, 

presumably by downregulating BMP pathway activity. Disrupting dpr11 or DIP-γ leads to both 

structural and functional alternations – an increase of small, immature boutons, known as 

satellite boutons, and an increase of the mEPSP frequency (Carrillo et al., 2015). At the adult 

NMJ, Dpr10-DIP-α interactions are required to establish and maintain MN terminal branches, 

specifically after MNs reach the muscle fields (Venkatasubramanian et al., 2019), suggesting 

roles in synaptic growth and maintenance, rather than initial axon sorting and MN-muscle 

recognition.  

 

1.2.4 Open Questions 

The floodgates of Dpr and DIP research were opened after the publication of the Dpr-DIP 

interactome, and the multifaceted roles of Dpr-DIP interactions are only beginning to be 

revealed. Many key questions related to Dprs and DIPs remain and are actively being explored, 

including their broad functions, the upstream regulation, and the downstream signaling 

pathways. 
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1.2.4.1 The broad functions of Dpr-DIP interactions 

Compared to the vast Dpr-DIP interactome, studies to date have only examined a small 

subset of Dpr-DIP interactions likely due to several limitations. First, to study interacting CSP 

pairs, the expression of each CSP expedites functional analyses. However, the expression 

patterns of all Dprs and DIPs is unknown which hinders examination of phenotypes. For 

example, if a Dpr-DIP pair is selectively expressed in a pair of pre- and postsynaptic neurons, 

one can focus on those specific connections when examining mutants. A systematic expression 

profiling of Dprs and DIPs in different neural circuits will provide insights about candidate 

selection (Brovero et al., 2021). Second, genetic tools are limited to examine individual neurons 

from the overlapping tissue while simultaneously generating dpr and DIP mutations and not 

causing lethality. In the neuromuscular system and optical lobe, specific synaptic partners are 

more easily distinguishable and Mosaic Analysis with a Repressible Cell Marker (MARCM) 

facilitates examination of individual cells (Lee and Luo, 2001, 1999). Third, many fundamental 

development programs are regulated by redundant mechanisms to ensure proper function. 

Previous studies have revealed that circuit wiring also relies on redundant CSPs (Duan et al., 

2018; Jontes, 2017). The Dpr-DIP interactome also suggests redundancy since most Dprs and 

DIPs interact with multiple members of the other family. Thus, simultaneous removal of multiple 

dprs and DIPs, alone or together with other CSPs, may uncover novel functions of Dpr-DIP 

interactions. However, to determine which dprs and DIPs to knockout will also require 

knowledge of their expression. 
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1.2.4.2 The upstream regulation of Dprs and DIPs 

To achieve cell specific expression, as observed for many dprs and DIPs, genes must be 

under the control of combinations of transcriptional activators and repressors. However, there is 

limited knowledge about transcriptional factors that regulate dprs and DIPs (Courgeon and 

Desplan, 2019; Ma et al., 2021; Peng et al., 2018). Understanding how dprs and DIPs are 

transcriptionally regulated will provide insights about how transcriptional factors establish neural 

circuits. After transcription and translation, Dprs and DIPs must be localized to specific 

subcellular compartments, including dendrites and axon terminals, to enable Dpr-DIP 

transsynaptic interactions. Several studies in the optic lobe and the neuromuscular system 

revealed localization of specific Dprs and DIPs to synaptic sites, suggesting that they are not 

ubiquitously distributed throughout the cells (Ashley et al., 2019; Courgeon and Desplan, 2019). 

Engineering endogenously tagged Dprs and DIPs and combining these tools with live imaging 

will provide valuable insight into when and how these CSPs are localized to synapses. 

 

1.2.4.3 The downstream signaling pathway of Dpr-DIP interactions 

Although Dpr-DIP interactions have been implicated in multiple functions, the 

downstream signaling pathways are still unknown. How do Dpr-DIP interactions establish a 

stable synaptic connection? How do Dpr-DIP interactions ensure cell survival? And how do Dpr-

DIP interactions promote synaptic growth? Dpr-DIP interactions may simply be adhesive but 

substituting with other adhesive CSPs does not rescue, suggesting that merely interacting is not 

sufficient (Bornstein et al., 2021). Therefore, unique downstream signaling pathways may exist 

for specific Dpr-DIP pairs and specific functions. However, most Dprs and DIPs seem to lack a 
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transmembrane domain suggesting that intracellular signaling is not direct, and instead, Dprs and 

DIPs may recruit co-receptors for signaling. 

In summary, the field of Dprs and DIPs is still in its infancy, but exciting recent studies 

highlight their multifaceted roles in several aspects of nervous system development. Investments 

in expression profiling, tool building, and in-depth genetic analyses will expedite the 

simultaneous examination of many Dprs and DIPs to not only implicate other Dpr-DIP pairs in 

circuit wiring but potentially reveal novel functions for these CSPs. 

 

1.3 Synaptic plasticity compensates dysfunction in neural circuits 

One of the most remarkable features of the brain is its plasticity – the capacity of neural 

circuits and specific neurons to adapt to experiences or perturbations by modifying their neural 

activity. Normal brain functions, such as learning, can trigger short-term and long-term synaptic 

plasticity to build and store memories (France et al., 2022; Volianskis et al., 2013). Synaptic 

plasticity also enables synaptic homeostasis, a compensatory mechanism to regulate and 

maintain stable functionality in a changing environment (Goel and Dickman, 2021). In my thesis, 

I will refer to synaptic plasticity with this latter context and discuss the discovery of a new form 

of synaptic plasticity. 

 

1.3.1 Neurons may counteract different types of perturbations 

After initial synaptic connections are established, synapses must be sufficiently flexible 

to enable changes induced by various perturbations. Perturbations can act locally at specific 

synapses or more globally at the level of entire neurons or circuits and include physical 
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perturbations, biochemical perturbations, and perturbations caused by ageing and disease related 

neural degeneration. 

Physical perturbations such as accidental injury, brain stroke, and intracerebral 

hemorrhage usually cause neural degeneration and/or neuronal cell death (Courtine et al., 2009; 

Moraud et al., 2016). Physical injury usually leads to severing of the axon from the cell body and 

Wallerian degeneration of the axon, a conserved process mediated by a reduction of NAD+ 

(Hoopfer et al., 2006; Osterloh et al., 2012; Wang et al., 2005). In addition to the cell 

autonomous changes, several studies also observed an increase of axonal branching from 

adjacent uninjured neurons in a mouse spinal cord injury model (Hutson et al., 2019; Moraud et 

al., 2016); however, the mechanisms and functional consequences of such compensatory 

branching is not known.  

Biochemical perturbations are generally milder than physical injury, but they can still 

significantly alter synaptic function. Drug abuse, neural toxins, infections, and immune 

responses may alter the microenvironment or directly target the synapse, thus impairing synaptic 

function to different extents. Depending on the severity of the perturbation, synaptic plasticity 

mechanisms such as synaptic scaling, presynaptic homeostatic potentiation (PHP), and 

postsynaptic homeostatic depression (PHD), will maintain synaptic function at normal levels 

(Davis and Müller, 2015; Frank et al., 2020; Karunanithi et al., 2020b, 2020a; Srinivasan et al., 

2021). For example, synaptic scaling is triggered by abnormal activity in presynaptic neurons; 

hyper-activating presynaptic neurons will lead to a down scaling of presynaptic boutons, whereas 

upscaling was observed at hypo-activated presynaptic neurons (Ackerman et al., 2021; Choi et 

al., 2014; Knodel et al., 2014; Wen and Turrigiano, 2021). Several mechanisms have been 

implicated in synaptic scaling, including activity-dependent increases of vesicular glutamate 
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transporter (VGLUT) expression, Ca2+ dependent modification of the IP3 receptor, and 

remodeling of the miRNA-induced silencing complex (miRISC) (Aguilar et al., 2017; Shao et 

al., 2022; Srinivasan et al., 2021). Further studies are needed to better understand how neurons 

dynamically regulate synaptic growth through these discrete pathways. 

 

 

 

Figure 1.12 Genes involved in PHP.  

Genetically mutate GluR subunit A (GluRIIA) or pharmacologically treat NMJ with 

philanthotoxin (PhTx) induces PHP. Many genes were found involved in PHP, including a 

retrograde signal derived from the muscle, and a complex response in presynaptic neuron. 

Images are adapted from (Davis and Müller, 2015). 

 

 

On the other hand, PHP and PHD are fine scale synaptic plasticity mechanisms that act in 

the presynaptic side to maintain synaptic homeostasis when synaptic machineries are impaired. 

In PHP, genetic or pharmacological inhibition of postsynaptic GluRs will induce a compensatory 

increase of presynaptic neurotransmitter release through a series of mechanisms including down 

regulation of postsynaptic CaMKII activity (Goel et al., 2017; Li et al., 2018b, 2018a), retrograde 
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signaling cascade mediated by PlexB/Sema-2b (Orr et al., 2017), and RBP/RIM-dependent 

regulation of the presynaptic readily releasable pool (RRP) (Böhme et al., 2019; Mrestani et al., 

2021; Müller et al., 2015) (Figure 1.12). Conversely, in PHD, presynaptic VGLUT 

overexpression leads to an increase of neurotransmitter vesicle size and a compensatory decrease 

of synaptic vesicle release (Gratz et al., 2019; Li et al., 2018b; Yeates and Frank, 2021), but the 

underlying molecular mechanisms are not well-studied. 

In addition to physical and biological perturbations, ageing and neurodegenerative 

diseases are endogenous perturbations that challenge the nervous system. During ageing, 

memory, learning, motor coordination, and attention are gradually impaired with a corresponding 

significant loss of neuronal tissue in the brain (Peters, 2006). Neurodegenerative diseases, such 

as Alzheimer’s disease and Parkinson’s disease, tend to manifest in older individuals, but others, 

such as ALS, can be induced at younger ages (Erkkinen et al., 2018; Wang et al., 2020). Because 

cell death shares general features with many neurodegenerative diseases, many studies and 

therapeutics are examining way to prevent neuronal loss (Salman et al., 2021; Taoufik et al., 

2018). Recent advances in artificial intelligence-based drug design and stimulation of adult stem 

cells to generate new neurons may provide new avenues for treating these diseases (Salman et 

al., 2021; Taoufik et al., 2018). 

Taken together, neurons face multifaceted perturbations from external and internal 

sources. In many cases, small scale perturbations can be compensated by synaptic plasticity 

mechanisms. However, large scale neuronal cell death, as observed in many neurodegenerative 

diseases, is more damaging and whether synaptic plasticity can overcome these perturbations, 

potentially by altering nearby healthy neuron, is not known. 
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1.3.2 Neuronal cell death induces Draper-JNK pathway in glial cells 

In the above section, we discussed potential causes of neuronal cell death. However, an 

important question remains – what are the effects of the dead or dying neuron to nearby tissues, 

including glial cells and other neurons? Using the Drosophila nervous system, the glial Draper-c-

Jun N-terminal kinase (JNK) signaling pathway was found to be activated by neuronal cell death 

and is responsible for removing debris generated by the dying neuron (Awasaki et al., 2006; 

Freeman, 2015; Hoopfer et al., 2006; Lin, 2003; Logan et al., 2012; Lu et al., 2017; MacDonald 

et al., 2006). Thus, examining this pathway may provide novel insights into synaptic plasticity 

mechanisms that promote compensation between neurons. 

 

1.3.2.1 Draper-JNK pathway is required for debris clearance after neuronal injury 

Draper is an engulfment receptor expressed in various tissues including the salivary 

gland, glial cells, muscles, and epidermal cells and was found to mediate autophagy in a cell-

autonomous manner or promote dendrite pruning and debris removal non-cell autonomously 

(Han et al., 2014; Hilu‐Dadia et al., 2018; Lu et al., 2017; McLaughlin et al., 2019; McPhee et 

al., 2010; Purice et al., 2016). 

During physical injury induced neuronal cell death, axonal debris activates Draper, 

possibly through known ligands, Six-Microns-Under, Pretaporter, and the membrane 

phospholipid phosphatidylserine (Ji et al., 2022; Kuraishi et al., 2009; Kurant et al., 2008; Park et 

al., 2021; Shacham-Silverberg et al., 2018; Tung et al., 2013). Draper activation signals to the 

nucleus via Drosophila JNK/activator protein-1 (AP1) and STAT92E to promote engulfment 

gene expression, including draper itself (Figure 1.13) (Doherty et al., 2014; Lu et al., 2017; 

Purice et al., 2016). Draper also activates a Src-family signaling cascade composed of Src42a 



39 

 

and Shark, which, together with the PTB-domain protein dCed-6, promote engulfment of axon 

debris. Glial specific draper knockdown leads to significant delays in axon debris, highlighting 

the role of glia in injury responses (Awasaki et al., 2006; Doherty et al., 2014; Lu et al., 2014; 

Ziegenfuss et al., 2012, 2008). 

 

 

 

Figure 1.13 Draper-mediated axonal debris removal.  

Axonal debris activates the Draper signaling pathway and leads to engulfment gene expression 

(Step 1). Glial membranes are then recruited to engulf and internalize the debris through dCed-6 

and Rac1 (Step 2 and 3). Final acidification and degradation require the GEFs dCed-12/Mbc/Crk 

and Drk/Dos. Image is adapted from (Freeman, 2015). 
 

 

1.3.2.2 Draper has different functions in glial cells and muscles 

In addition to injury induced glial responses, Draper has an important role during normal 

synaptic development. During metamorphosis, extensive axon and dendrite pruning in the brain 

sculpt neural circuits in a Draper-dependent manner (Awasaki et al., 2006). At the larval NMJ, 
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Draper is expressed in both glial cells and muscles but absent in neurons (Fuentes-Medel et al., 

2009). During larval development, the NMJ is continuously expanding, and the Draper/Ced-6 

pathway modulate the synaptic growth speed (Wu et al., 2009). Specifically, muscle-derived 

Draper is responsible for removing immature and unstable boutons, also known as ghost 

boutons, whereas glial Draper is important for removing presynaptic debris generated by excess 

synaptic growth (Fuentes-Medel et al., 2009). 

 

1.3.3 Open Questions 

In the above section, we discussed the consequences of different types of perturbations to 

the nervous system. Perturbations that only affect synaptic function can trigger pre- and 

postsynaptic plasticity mechanisms to compensate for dysfunction and limit damage to the 

circuit. Other perturbations can lead to neuronal cell death and trigger debris removal 

mechanisms, but how cell death impacts the entire circuit function is not well understood. An 

exciting hypothesis is that the remaining healthy neurons may potentially compensate for the 

functional loss of other circuit members by elevating their synaptic release, thus providing an 

entry point for restoring circuit function. Recent data revealed that uninjured, healthy neurons 

detect nearby cell death by Draper-dependent glial signaling (Hsu et al., 2020). Therefore, glial 

cell roles in normal development and under perturbed states may share signaling components to 

enable normal circuit function.  

In my thesis, I will address fundamental questions about synaptic plasticity and ask 

whether and how neuronal cell death induces compensation from nearby healthy neurons. 

Revealing the contribution of remaining healthy neurons to circuit function will significantly 
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enhance our understanding of synaptic plasticity and provide new perspectives of how to restore 

synaptic function.  
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CHAPTER 2 

SYSTEMATIC EXPRESSION PROFILING OF DPRS AND DIPS 

REVEALS CELL SURFACE CODES IN DROSOPHILA LARVAL MOTOR 

AND SENSORY NEURONS 

 

2.1 Introduction 

In complex nervous systems, neurons must identify their correct partners to form synaptic 

connections. The prevailing model to ensure correct recognition posits that cell surface proteins 

(CSPs) in individual neurons act as identification tags (Sperry, 1963). Thus, knowing what cells 

express which CSPs would provide insights into neural development, synaptic connectivity, and 

nervous system evolution.  

A recent interactome screen of a subset Drosophila CSPs revealed many novel 

interactors, including interactions between two IgSF subfamilies, the Dprs and DIPs (Carrillo et 

al., 2015; Özkan et al., 2013; Tan et al., 2015). The 21 Dprs interact with 11 DIPs 

heterophilically and some members also interact homophilically. Additionally, most Dprs and 

DIPs are promiscuous and interact with several members of the other family. Since the discovery 

of the Dpr-DIP interactome, interactions between Dprs and DIPs have been implicated in 

synaptic connectivity, cell survival, and synaptic growth (Ashley et al., 2019; Bornstein et al., 

2021; Carrillo et al., 2015; Courgeon and Desplan, 2019; Menon et al., 2019; Sanes and 

Zipursky, 2020; Venkatasubramanian et al., 2019; Xu et al., 2019, 2022, 2018). However, most 

studies focused on Dprs and DIPs have implicated only a small subset, likely due to low-

penetrance targeting defects and molecular redundancy. For example, in the larval 

neuromuscular circuit, loss of DIP-α leads to complete loss of muscle 4 innervation by a specific 
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motor neuron; however, neuromuscular junctions (NMJs) on other muscles formed by the same 

neuron are unaffected, suggesting different synaptic recognitions utilize different pairs of CSPs 

even within the same neuron (Ashley et al., 2019). Thus, obtaining a complete expression map of 

families of CSPs in individual neurons within specific circuits would facilitate subsequent 

functional studies. 

Different approaches are available to map the expression patterns of genes of interest. 

Modern technologies like single cell RNA sequencing (scRNAseq) provide enormous 

information about gene expression in each cell type and has been successfully applied in the fly 

nervous system (Avalos et al., 2019; Li, 2020; Tang et al., 2009). However, most scRNAseq 

datasets do not capture the dynamic expression during development, and it is difficult to identify 

individual cell types from heterogenous clusters. Another approach, possibly more accurate for 

closely related cells, is to generate genetic reporter lines for genes of interest and directly 

visualize their expression. For example, in Drosophila, a collection of GAL4 drivers 

representing Gr taste receptors were used to map the projection of Gr expressing neurons (Kwon 

et al., 2014). These genetic reporters together with imaging allow unambiguous characterization 

of gene expression at a higher spatial and temporal resolution. 

In this study, we interrogate the expression patterns of dprs and DIPs. These IgSF CSPs 

form extensive interactions and are highly enriched in the nervous system, suggesting important 

roles in circuit development. To access the expression of these genes, we and others generated a 

collection of GAL4 lines of 19 dprs and 11 DIPs. We utilized different UAS reporters to 

examine expression of dprs and DIPs in the Drosophila larval neuromuscular and sensory 

circuits. The distinct and stereotyped morphologies and positions of these cells allow us to 

unambiguously identify the reporter gene expression patterns. Here, we generated expression 
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maps of dprs and DIPs in MNs, SNs, and muscles, and found that each MN and SN expresses a 

unique subset of dprs and DIPs. Utilizing hierarchical clustering, we found that the same class of 

SNs expresses similar dprs and DIPs, suggesting roles in identifying overlapping synaptic 

partners. Finally, the highly distinct expression patterns of dprs and DIPs in MNs revealed 

previously unidentified MNs. The expression analyses generated by this study will benefit future 

functional studies of Dprs and DIPs in the motor and sensory circuits. The genetic tools and 

pipeline provided here will facilitate expression studies of dprs and DIPs, and other CSPs, in 

other Drosophila neural circuits to promote the discovery of identification tags utilized for 

circuit assembly. 

 

2.2 Results 

2.2.1 Generating a GAL4 collection of dprs and DIPs 

Using Drosophila Minos-Mediated Integration Cassette (MiMIC) insertions followed by 

Trojan conversion, and CRISPR-Mediated Integration Cassette (CRIMIC) insertions, we and 

others generated a collection of GAL4 lines of all DIPs and dpr1-dpr19 (Diao et al., 2015; Kanca 

et al., 2019; Lee et al., 2018; Nagarkar-Jaiswal et al., 2015b; Venken et al., 2011) (Figure 2.1A). 

The Drosophila line information and contributors are summarized in Table 2.1. For each dpr- 

and DIP-GAL4, the cassette is inserted into a common intron or the 5’UTR shared by all 

isoforms (Figure 2.1A). Therefore, GAL4 expression should report the expression of all isoforms 

of each gene. Insertion of the SA-T2A-GAL4-PolyA tail should generate truncated transcripts 

because of the presence of the PolyA tail (Logan et al., 1987; Zhang et al., 2015). In addition, the 

presence of a T2A-GAL4 leads to an arrest during translation at the T2A site followed by a 

reinitiation of translation at the GAL4 sequence (Diao et al., 2015; Szymczak-Workman et al., 
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2012). To confirm the disruption of the gene of interest, my colleague Meike Lobb-Rabe 

measured transcript expression by qRT-PCR using primers downstream of the insertion site and 

confirmed that most GAL4 lines are loss-of-function alleles. For example, in homozygous viable 

GAL4 lines, DIP-α-GAL4 and DIP-ζ-GAL4 showed no detectable DIP-α and DIP-ζ mRNA, 

respectively suggesting they are null alleles (Figure 2.2). Several GAL4 lines, like DIP-β-GAL4 

and dpr15-GAL4, showed a reduction in mRNA levels, whereas some lines like DIP-ι-GAL4 and 

dpr16-GAL4 showed no change in mRNA expression. Although these GAL4 lines do not show a 

significant loss of transcription, the T2A sequence should still disrupt translation and generate 

mutant proteins. For homozygous lethal lines, we examined mRNA levels in heterozygous 

animals and found most GAL4 lines show expression near 50% (Figure 2.2), suggesting these 

GAL4 lines are severe loss-of-function alleles. The qRT-PCR results are summarized in Table 

2.2. In summary, approximately 70% of the insertions cause a severe disruption of transcription.  

Because most GAL4 insertions are mutants, we used heterozygotes to map dpr and DIP 

expression. Loss of a single copy of any dpr or DIP did not affect gross viability, cell survival, or 

synaptic connectivity in heterozygotes as revealed by postsynaptic marker, DLG, and 

presynaptic marker, anti-horseradish peroxidase (HRP; a marker for all neuronal membranes (Jan 

and Jan, 1982)). Thus, the dpr/DIP-GAL4 driver lines should faithfully report the cells that 

express dprs and DIPs (Lee et al., 2018; Nagarkar-Jaiswal et al., 2015a). 



46 

 

 

 

Figure 2.1 Schematic of GAL4 insertion.  

MiMIC or CRIMIC cassettes were inserted into a common intron or 5’UTR to capture the 

expression of all isoforms for each dpr and DIP. MiMIC insertions were flanked by two attP 

sites which are later swapped by a GAL4 exon or T2A-GAL4 trojan exon. 
 

 

Figure 2.2 Respective mRNA level in dpr/DIP-GAL4 lines.  

(A) qRT-PCR results of homozygous viable dpr/DIP-GAL4 lines. mRNA levels were double 

normalized to control animal and Rpl32 internal control. (B) qRT-PCR results of homozygous 

lethal dpr/DIP-GAL4 lines. mRNA levels were double normalized to control animal and Rpl32 

internal control.  
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2.2.2 Profiling dprs and DIPs expression in MNs, muscles, glial cells, and SNs 

The unique morphology of MN axon terminals allows us to unambiguously determine 

MN identities. To examine the expression of dprs and DIPs in MNs, we first crossed each GAL4 

line to a fluorescent reporter line and monitored reporter expression at third instar NMJs (Figure 

2.3). GAL4 lines derived from MiMIC insertions were crossed to a GFP reporter, whereas 

CRIMIC GAL4 lines were crossed to an mCherry reporter as CRIMIC insertions carry a 3XP3-

GFP marker that expresses in glial cells and the lateral bipolar dendrite (lbd) neuron. To identify 

all NMJs, we labeled preparations with antibodies against DLG and HRP and confirmed that the 

gross muscle innervation was normal in dpr/DIP-GAL4 heterozygous lines. GFP or RFP labeling 

of NMJs revealed the corresponding MNs that express each dpr and DIP. We followed this 

pipeline for each dpr/DIP-GAL4 to record expression in all MNs, muscles, glial cells, and SNs. 

 

 

 

Figure 2.3 Schematic showing the experimental procedure.  

Each dpr/DIP-GAL4 line was crossed to a real-time reporter (UAS-GFP or UAS-mCherry) and a 

permanent reporter (UAS-GFP, UAS-FLP, actin-(FRT.STOP)-GAL4) to reveal the dynamic 

expression of dprs and DIPs. 
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2.2.2.1 Expression of dprs and DIPs in MNs 

We mapped the expression of dprs and DIPs in all larval MNs. The expression of GAL4 

and the fluorescent reporter should correlate with the endogenous gene expression. In prior work, 

we observed expression of dpr6, dpr10, dpr11, DIP-α, and DIP-γ in MNs (Ashley et al., 2019; 

Carrillo et al., 2015). Here, we confirmed these expression patterns; for example, DIP-α was 

selectively expressed in Is MNs but not in Ib MNs (Figure 2.4A). Our data also revealed that 

several dprs and DIPs are not always expressed at the same level in a specific MN. For example, 

DIP-δ-GAL4 only labeled 22% of abdominal MN12-Ib (10 out of 45 MN12-Ib examined, Figure 

2.4B). Similarly, dpr16-GAL4 was expressed in 10 out of 25 MN30-Ib and 9 out of 25 MN14-Ib 

examined. Additionally, some dprs and DIPs are expressed in a gradient along the anterior to 

posterior axis. For example, dpr2 showed high expression in MN1-Ib in the anterior but became 

undetectable from abdominal segment 4 (A4) to the posterior (Figure 2.5A). DIP-ζ-GAL4, on the 

other hand, labeled anterior MN16/17-Ib weakly (also known as MN15/16/17-Ib from (Hoang 

and Chiba, 2001; Kim et al., 2009)) but was much stronger in the posterior (Figure 2.5B). Note 

that dpr2 also has a variable expression in MN9-Ib (Figure 2.5A). These complex expression 

patterns suggest intricate regulatory mechanisms of dprs and DIPs. 
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Figure 2.4 Expression of DIP-α and DIP-δ in MNs.  

(A) Representative image showing the expression of DIP-α in Is MNs (arrowhead) but not in 

adjacent Ib MNs (arrow). (B) Representative images showing the varied expression of DIP-δ in 

MN12-Ib (arrow). Note that 22% MN12-Ib express DIP-δ (left) whereas 78% do not express 

(right). 
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Figure 2.5 Some dprs and DIPs are expressed in a gradient.  

(A) Example of a decrease in expression of dpr2-GAL4 in MN1-Ib (arrows) from anterior 

hemisegment A2 to posterior hemisegment A7. Note that the expression in nearby MN9-Ib 

(arrowheads) is also not robust as it was not expressed in A2 and A3 but expressed in A4 to A7. 

(B) Example of an increase in expression of DIP-ζ-GAL4 in MN16/17-Ib (arrows) from anterior 

hemisegment A2 to posterior hemisegment A7. Note that the expression in nearby MN15/16-Ib 

(arrowheads) was always absent.  
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 Work from our lab and others suggested that Dprs and DIPs are synaptic recognition 

molecules (Ashley et al., 2019; Bornstein et al., 2021; Carrillo et al., 2015; Courgeon and 

Desplan, 2019; Menon et al., 2019; Venkatasubramanian et al., 2019; Xu et al., 2021, 2018). In 

the fly neuromuscular circuit, MN axons explore the musculature field beginning in embryonic 

stage 14 and synaptic markers are observed in stage 16 (Yoshihara et al., 1997). A traditional 

UAS reporter in third instar larva will only report real-time expression and will not reveal if a 

dpr or DIP is temporally expressed earlier in development. To capture the temporal expression 

patterns of dprs and DIPs, we utilized a permanent labeling reporter to constantly label the 

GAL4-expressing neuron (Figure 2.3). This method takes advantage of the FLP-out system to 

remove a stop codon within two FRT sites and activate an actin-GAL4 to maintain GAL4 

expression in any cells that expressed the gene of interest GAL4. Interestingly, we observed only 

a few dprs and DIPs that are temporally expressed in MNs. For example, MN21/22-Ib is not 

labeled when dpr9-GAL4 is crossed to UAS-GFP, but with the permanent labeling reporter, the 

same neuron showed strong expression (Figure 2.6). It is noteworthy that the CRIMIC cassettes 

are excisable by Flippase as well due to the presence of flanking FRT sites (Figure 2.1). 

However, because of the activation of the permanent actin-GAL4, the excision of CRIMIC 

cassettes does not pose a technical issue. 
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Figure 2.6 Some dprs and DIPs are temporally expressed in MNs.  

Example of temporal expression of dpr9-GAL4 in MN21-Ib. MN21-Ib was not labeled by dpr9-

GAL4>GFP animals, but 50% of MN21-Ib were labeled in the cross to the permanent reporter. 
 

 

We summarized the expression of dprs and DIPs in all MNs in Figure 2.7. Here, we 

included variable expression patterns (defined by how frequent a cell expresses the reporter) and 

gradient and temporal expression patterns. Criteria for each expression category is described in 

the methods. In general, dprs are expressed in many MNs while DIPs are expressed much more 

selectively. Each MN expresses at least one DIP, and overall, each MN has a unique dpr and 

DIP expression signature. For example, we found that additional DIPs (DIP-γ, -ε, -ζ, -η, -θ, -κ) 

are also expressed in Is MNs. Interestingly, DIP-ε is expressed only in the ventral Is (vCE) 

whereas DIP-η is expressed only in the dorsal Is (dCE) (Figure 2.7). Taken together, we 

generated a dpr/DIP expression map in all larval MNs and found that each MN expresses a 

unique subset. 
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Figure 2.7 Expression map of dprs and DIPs in all larval MNs.  

Each column represents a MN including type-Ib, type-Is, type-II, type-III and the alary MN. 

Expression of each gene in each MN is characterized into a specific category as indicated in the 

legend. 
1 (Hoang and Chiba, 2001) names this neuron as MN15/16/17-Ib. 
2 Represents MN6-Ib only in A2 hemisegments, see further characterization below. 
3 Represents MN7-Ib only in A2 hemisegments, see further characterization below. 
4 Represents the newly identified MN23-Ib, see further characterization below.  

 



54 

 

2.2.2.2 Expression of dprs and DIPs in muscles 

In a previous study, we observed dpr10 expression in ventral and dorsal muscles and its 

interacting partner, DIP-α, in Is MNs (Ashley et al., 2019). To label muscle nuclei and report 

both temporal and real-time gene expression, we used the G-TRACE system (Evans et al., 2009) 

that takes advantage of FLP-FRT and GAL4/UAS (Figure 2.8A). If a GAL4 is transiently 

expressed, then cell nuclei will be GFP positive. However, if the cell nuclei are labeled by both 

GFP and RFP, this may suggest the GAL4 is consistently expressed. We utilized the G-TRACE 

system and confirmed expression of dpr10 in all longitudinal muscles, but not in oblique or 

transverse muscles (Figure 2.8B-C). This expression pattern suggests distinct transcriptional 

regulation programs between muscle groups (Bate, 1990). In addition, we found that a small 

subset of muscles, such as m5 and m8, showed inconsistent expression of dpr10 (Figure 2.8B, 

arrow). Also, all muscle nuclei co-labeled with GFP and RFP in dpr10-GAL4>G-TRACE, 

suggesting that dpr10 expression is maintained throughout larval development. 

We examined other dprs and DIPs and found that dpr19 is expressed in all muscles 

(Figure 2.8D), including the oblique and transverse muscles (Figure 2.8E). Unlike dpr10, most 

muscle nuclei in dpr19-GAL4>G-TRACE are only GFP positive, suggesting that dpr19 is 

temporally expressed and turned off in late larval stages. To confirm this temporal expression, 

we examined dpr19-GAL4>mCherry first instar larvae and observed a high level of muscle 

expression, which we did not observe in third instar (Figure 2.9). Taken together, we showed that 

muscles express many fewer dprs and DIPs compared to motor and sensory neurons (Figure 

2.8F). These results suggest that a subset of dprs and DIPs may function in the MN-muscle 

recognition and others in premotor neuron-MN recognition. 
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Figure 2.8 Using the G-TRACE system to probe expression of dprs and DIPs in muscles. 

(A) Schematic depiction showing the cross between dpr/DIP-GAL4 and the G-TRACE reporter. 

Red signal represents real-time GAL4 expression and green signal represents earlier GAL4 

expression. (B-C) dpr10 is consistently expressed in most muscles (B) but absent in transverse 

muscles (C) and some deeper ventral muscles. Expression in some muscles is not consistent. For 

example, in some hemisegments m5 nuclei are not labeled (arrowhead), but an adjacent 

hemisegment shows labeling of m5 nuclei (arrows). dpr10 expression is maintained throughout 

development as revealed by co-labeling with GFP and RFP. (D-E) dpr19 is expressed in all 

muscles (D) including transverse muscles (E). Compared to dpr10, these nuclei have less RFP 

intensity, which may indicate that dpr19 is temporally expressed in early development and 

turned off later. (F) Expression map of dpr10 and dpr19 in muscles. 
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Figure 2.9 dpr19 is expressed in muscles in early larval development.  

(A) Representative images of dpr19-GAL4>mCherry in first instar larvae. dpr19 is expressed in 

ventral (left) and dorsal (right) muscles. (B) Representative images of dpr19-GAL4>mCherry in 

third instar larvae. dpr19 is not expressed in ventral (left) or dorsal (right) muscles. 
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2.2.2.3 Expression of dprs and DIPs in glial cells 

In the Drosophila larval peripheral nervous system, glia play important roles in nervous 

system development and extensively interact with MN axons (Kottmeier et al., 2020). Therefore, 

we examined the glial expression of dprs and DIPs.  

To unambiguously distinguish glial and neuronal expression, we used G-TRACE to 

probe glial expression. We crossed each dpr/DIP-GAL4 line to the G-TRACE reporter and found 

that dpr1 is expressed in glia (Figure 2.10). Additionally, dpr1 expression is highly dynamic 

since some glia temporarily express dpr1 while others maintain dpr1 expression. This result 

suggests that Dpr1 in glia and its interacting partners DIP-η, DIP-θ and DIP-ι in MNs (Figure 

1.X) may be involved in glia-neuron interactions to guide various processes including neuronal 

development, axon path finding, and synaptic homeostasis (Bittern et al., 2020; Yildirim et al., 

2019).  

 

Figure 2.10 The G-TRACE system revealed dpr1 expression in peripheral glial cells.  

dpr1 is the only dpr/DIP expressed in peripheral glial cells. dpr1-GAL4 is expressed in subsets of 

peripheral glial cells as indicated by some glial nuclei labeled by both GFP and RFP, some only 

by GFP, and some lacking both GFP and RFP. 
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2.2.2.4 Expression of dprs and DIPs in SNs 

Two distinct types of SNs can be classified in the larval body wall, and they are 

subclassified into different classes based on their morphology and function. Here, we examined 

expression of dprs and DIPs in larval SNs using similar approaches. We labeled larvae with anti-

HRP to locate the cell bodies of SNs. The dpr/DIP expression map in all SNs is shown in Figure 

2.11. Similar to MNs, DIPs are more sparsely expressed in SNs compared to dprs which are 

broadly expressed. However, several dprs (dpr14, dpr15, and dpr17) are only expressed in a 

subset of SNs, unlike their broad expression pattern in MNs. We also observed that some dprs 

and DIPs are temporally expressed. For example, the dorsal da neurons (ddaA, C, F and D) are 

labeled when dpr5-GAL4 is crossed to the permanent labeling reporter, but not in dpr5-

GAL4>UAS-GFP animals (Figure 2.12).  

 Taken together, we generated expression data for dprs and DIPs in SNs (Figure 2.11) and 

showed that each SN expresses a unique subset of dprs and DIPs, providing support for their 

roles as identification tags. 
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Figure 2.11 Expression map of dprs and DIPs in all larval SNs.  

Each column represents a SN. Expression of each gene in each SN is characterized into a 

specific category as indicated in the legend.  
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Figure 2.12 Temporal expression of dpr5 in the dorsal da neuron cluster.  

ddaA, ddaC, ddaF and ddaD are not labeled in dpr5-GAL4>GFP larvae but are robustly labeled 

in the cross to the permanent reporter. Therefore, dpr5 is temporally expressed in these SNs. 

ddaB is labeled in the cross to the real-time reporter with a low frequency, thus dpr5 is 

considered as low expression in ddaB. 

 

2.2.3 SNs in the same class express similar subsets of dprs and DIPs 

Larval SNs can be divided into types based on their morphology and function, including 

ch, es, bd, td and da neurons. Although SNs from the same type are distributed throughout the 

body wall and project their afferent axons through different trajectories, their axon terminals 

innervate the same region in the VNC and contact common interneuron partners (Grueber et al., 

2007; Landgraf et al., 2003b; Merritt and Murphey, 1992; Murphey et al., 1989). For example, 

the ventral, ventral’, and lateral mechanosensory ch neurons all project to the ventral medial 

region of the VNC and share synapses with some interneurons (Heckscher et al., 2015; Valdes-

Aleman et al., 2021). Similarly, different classes of da neurons innervate unique sections of the 

VNC (Grueber et al., 2007; Merritt and Whitington, 1995; Schrader and Merritt, 2000). Overall, 
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these innervation patterns suggest that SNs from the same class may share similar identification 

tags to wire with common interneurons.  

Dprs and DIPs have been implicated in synaptic partner recognition so we hypothesized 

that shared dpr/DIP expression may be utilized by the same type/class of neurons to instruct 

connectivity. To test this model, we generated an unbiased hierarchical clustering of SNs based 

on their dpr/DIP expression (Figure 2.13A). Surprisingly, we found a high correlation between 

SN types/classes and expression of dprs and DIPs. For example, most es neurons are grouped 

together, as well as all ch neurons, indicating that these two subclasses of type-I SNs can be 

distinguished by their expression of dprs and DIPs. Similarly, subclasses of da neurons are 

clustered separately. We found that da-I neurons are identifiable by expression of DIP-θ and the 

lack of dpr2, dpr6, dpr9, dpr11, dpr13, and da-II/da-III neurons are grouped by expression of 

dpr2 and dpr18, and the lack of dpr9 (Figure 2.13A). These results suggest that SNs in the same 

type/class may utilize similar sets of dprs and DIPs to recognize common interneuron targets.  
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Figure 2.13 Hierarchical clustering of SNs and MNs reveals shared expression patterns 

of dprs and DIPs in neurons from the same class.  

(A) SNs from the same class are clustered together based on the expression pattern of dprs and 

DIPs. For example, most es neurons (grey), all chordotonal neurons (purple), and da neurons fall 

into distinct clusters. (B) Modulatory MNs (II and III) and type-Is MNs are distinct from the 

main type-Ib cluster. However, individual type-Ib MNs are not easily distinguished based on 

their expression of dprs and DIPs.  

 

2.2.4 Expression of dprs and DIPs is more diversified in MNs 

Next, we examined if MNs that project to the same muscle groups also share the same 

expression patterns of dprs and DIPs. Muscles are grouped into three main spatial and functional 

groups – ventral, lateral, dorsal – and further divided into six subgroups based on their 

orientation – dorsal longitudinal (DL), dorsal oblique (DO), ventral longitudinal (VL), ventral 

oblique (DO) ventral acute (VA), and lateral transverse (LT) (Figure 1.X) (Bate, 1990; Hooper, 

1986; Zarin et al., 2019). Each muscle is normally innervated by one Ib MN and previous studies 

showed that Ib MNs innervating a muscle group project their dendrites to the same region in the 
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VNC neuropil where they receive input from common premotor neurons (Kim et al., 2009; 

Landgraf et al., 2003a, 1997; Landgraf and Thor, 2006; Mauss et al., 2009; Zarin et al., 2019). 

Thus, if Ib MNs of the same muscle group share premotor neuron partners, they may share 

wiring molecules. We generated an unbiased hierarchical clustering based on expression of dprs 

and DIPs for all MNs (Figure 2.13B). Type-Is, type-II and type-III MNs form independent 

clusters and are distinct from Ib MNs. For example, DIP-α, DIP-ζ, dpr6 and dpr16 are expressed 

in type-Is MNs, and lateral and dorsal type-II MNs are identified by the lack of DIP-κ, dpr15, 

dpr17 and the expression of dpr3 and dpr16 (Figure 2.13B). However, within Ib MNs, only the 

MNs innervating LT and DL muscles are clustered together, whereas the other MNs appear 

randomly distributed. These results suggest that based on the expression patterns of dprs and 

DIPs, MNs can be clustered by their type, but Ib MNs cannot be further clustered by the muscles 

they innervate. MNs must identify distinct pre- and postsynaptic partners which may explain the 

inability to cluster Ib MNs based on their expression patterns of dprs and DIPs. Therefore, more 

complex identification codes may be necessary for MNs to distinguish both pre- and 

postsynaptic partners.  

 

2.2.5 dpr/DIP expression maps reveal additional MNs 

The map of Drosophila MNs and SNs was established decades ago using dye backfills 

(Broadus et al., 1995; Hoang and Chiba, 2001; Landgraf et al., 2003b). However, fluorescent 

dyes have some technical limitations since they do not always flow into every terminal structure, 

which may have resulted in some neurons being overlooked. In this study, we used a genetic 

approach to probe individual neurons and revealed three uncharacterized MNs – MN23-Ib, 

MN6-Ib (A2) and MN7-Ib (A2). 
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2.2.5.1 MN23-Ib 

Most Ib MNs have a single muscle target. However, some Ib MNs innervate two muscles 

in close proximity, likely due to shared recognition cues. For example, a previous study found 

that Ib MNs innervating the lateral muscles can synapse with neighboring muscles and thus 

named these neurons MN21/22-Ib, MN22/23-Ib, and MN23/24-Ib (Figure 2.14A) (Hoang and 

Chiba, 2001). These innervation patterns were later confirmed by MARCM analysis (Kim et al., 

2009).  

In our analyses, we observed that m23 has several Ib NMJ branches and m24 has only 

one NMJ (Figure 2.14B). While a single MN can form several branches on a muscle, we found 

some dpr/DIP-GAL4s that only label one Ib branch on m23 and no other branches on lateral 

muscles (Figure 2.14C). These data suggest the existence of an additional MN that solely 

innervates m23, and we named it MN23-Ib. The bouton size and DLG labeling intensity of M23-

Ib boutons indicates that it is a type-Ib NMJ. DIP-β and DIP-κ are expressed in MN23-Ib and not 

in the nearby MN22/23-Ib and MN23/24-Ib (Figure 2.14C). Note that MN23/24-Ib forms long, 

linear Ib NMJs on the underside of m23 before it reaches m24 (Figure 2.14A and C). We also 

found that dpr5 was expressed in MN23/24-Ib and nearby MN22/23-Ib, but not in MN23-Ib 

(Figure 2.14D), providing further evidence for an additional Ib MN solely innervating m23. 

Additional dprs and DIPs are expressed in both MN23-Ib and MN23/24-Ib (Figure 2.14B). Thus, 

we describe a previously unidentified Ib MN that innervates m23. 
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Figure 2.14 Differentially expressed dprs and DIPs reveal a MN that solely innervates 

m23.  

(A) Schematic depiction of transverse muscles 22, 23 and 24 (grey) with previously identified 

MN22/23-Ib (green), MN23/24-Ib (red) and newly identified MN23-Ib (blue). (B) 

Representative image showing dpr13-GAL4 expression in both MN23/24-Ib (red arrowheads) 

and MN23-Ib (blue arrows). Thus, all boutons on m23 and m24 are labeled by GFP. (C) 

Representative image showing DIP-β-GAL4 expression in MN23-Ib (blue arrow). Boutons 

underneath m23 and boutons from m22, m24 (red arrowheads) are not labeled by GFP, thus 

DIP-β-GAL4 is not expressed in MN22/23-Ib and MN23/24-Ib. (D) Representative image 

showing dpr5-GAL4 expression in MN22/23-Ib and MN23/24-Ib (red arrowheads), but not in 

MN23-Ib (blue arrow). The lack of GFP in the arbor on m23 indicated the existence of a MN 

that solely innervates m23. 
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2.2.5.2 MN6-Ib and MN7-Ib 

Another example of a dual-targeting Ib MN is MN6/7-Ib (also known as RP3 in the 

embryo) (Schmid et al., 1999; Sink and Whitington, 1991a, 1991b). The innervation pattern of 

MN6/7-Ib was initially identified by dye fill labeling and MARCM (Hoang and Chiba, 2001; 

Kim et al., 2009; Sink and Whitington, 1991b). Due to the ease of accessibility of m6 and m7, 

MN6/7-Ib is extensively used for studies of synaptic connectivity, synaptic growth, and synaptic 

homeostasis. 

Based on these previous studies, we predicted that if a dpr or DIP were expressed in 

MN6/7-Ib, the Ib NMJs on both m6 and m7 would be completely fluorescently labeled (Figure 

2.15A, right). Surprisingly, in A2, we observed several dpr/DIP-GAL4s that are expressed in Ib 

MNs that have large NMJs on m6 and others that are expressed mainly in the Ib NMJs on m7 

(Figure 2.15A, left). For example, DIP-β, DIP-γ, and DIP-ε were expressed in a MN that mainly 

innervates m6 (Figure 2.15B), whereas dpr15 was expressed in a MN that mainly innervates m7 

(Figure 2.15C). These expression patterns suggested that two Ib MNs innervate m6 and m7 in 

A2. Hereafter, we named these MNs as MN6-Ib and MN7-Ib. Prior studies hinted at the 

possibility of two MNs based on the larger synaptic terminal area on m6/7 in A2 compared to 

A3-A6 (Lnenicka and Keshishian, 2000). However, it was thought that the larger synaptic area 

was due to a large NMJ from a single Ib MN. In the larval neuromuscular circuit, the number of 

boutons reflect the size of the NMJ. We quantified the m6 and m7 Ib NMJs and observed a 

significantly larger arbor in A2 compared to A3 (Ib NMJ on m6: 34.2 on A2 and 18.5 on A3; Ib 

on m7: 23.1 on A2 and 11.7 on A3) (Figure 2.16). Taken together, m6 and m7 in A2 are 

innervated by two Ib MNs.  
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Figure 2.15 Differentially expressed dprs and DIPs reveal MN6-Ib and MN7-Ib in 

segment A2.  

(A) Schematic depiction of MN6-Ib (red) and MN7-Ib (blue) in segment A2, and MN6/7-Ib in 

A3-A7 (green). MN6-Ib preferentially innervates m6 but also forms a small NMJ on m7, 

whereas MN7-Ib prefers m7 but also forms a small NMJ on m6. (B) Representative images 

showing that DIP-β, DIP-ε and DIP-γ are specifically expressed in MN6-Ib (red arrows), but not 

in MN7-Ib (blue arrowheads). Note that MN6-Ib forms boutons with both m6 and m7, since 

there is a small GFP positive type-Ib NMJ on m7 (red arrows on m7). Conversely, the lack of 

GFP in most m7 type-Ib NMJ and the small m6 type-Ib NMJ (blue arrowheads) indicate MN7-Ib 

also dual innervates both muscles. (C) Representative image showing that dpr15 is specifically 

expressed in MN7-Ib (blue arrows) but not in MN6-Ib (red arrowheads). MN6-Ib and MN7-Ib 

also show dual innervation patterns in this genetic background. 
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Figure 2.16 Larger Ib NMJs on m6 and m7 in A2.  

(A) Representative images showing larger type-Ib NMJs on m6 and m7 in A2 compared to A3. 

(B) Bouton number counts from m6 and m7 in A2 and A3 confirmed that A2 NMJs are double 

the size of A3. 

 

A recent study reported a GAL4 driver (GMR79H07-GAL4) that labels MN6-Ib in A2 

(Aponte-Santiago et al., 2020). We tested this driver and confirmed MN6-Ib expression; 

however, it sometimes labels MN7-Ib NMJs or both MN6-Ib and MN7-Ib (Figure 2.17). We 

examined MN6-Ib and MN7-Ib further to better understand their innervation patterns and 

dendritic projections. Interestingly, we found that MN6-Ib and MN7-Ib preferentially innervate 

their corresponding muscle, but sometimes, these MNs also form minor NMJs on the 

neighboring muscle (Figure 2.15A). Next, we monitored the frequency of dual innervation of 

each MN using GMR79H07-GAL4 and found that 68.2% of MN6-Ib and 72.7% of MN7-Ib 

innervate both muscles (Figure 2.18A). We also determined the size of each NMJ by counting Ib 

boutons and found that on average MN6-Ib forms 48.6 boutons on m6 and 5.9 boutons on m7, 

while MN7-Ib forms 3.1 and 30.8 boutons on m6 and m7, respectively (Figure 2.18B).  
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Figure 2.17 GMR79H07-GAL4 randomly labels MN6-Ib and MN7-Ib.  

A previous study reported that GMR79H07-GAL4 labels type-Ib NMJs on m6 in A2 (Aponte-

Santiago et al., 2020). We crossed this driver to UAS-GFP and found inconsistent expression 

patterns since it (A) sometimes only labels MN6-Ib (red arrows), (B) sometimes only labels 

MN7-Ib (blue arrowheads), or (C) sometimes labels both MNs (white arrows). These expression 

patterns support the existence of MN6-Ib and MN7-Ib and their dual innervation properties. 
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Figure 2.18 Further characterization of MN6-Ib and MN7-Ib.  

(A) Quantification of the dual innervation frequencies of MN6-Ib and MN7-Ib. 68.2% of MN6-

Ib also innervate m7 and 72.7% of MN7-Ib also innervate m6. (B) Quantification of MN6-Ib and 

MN7-Ib NMJ sizes on both muscles. (C-D) A pan MN driver OK6-GAL4 driving MCFO 

revealed the dendritic morphology of MN6-Ib and MN7-Ib in the VNC. (E-F) Corresponding 

NMJ images from the same neuron shown in C (MN6-Ib) and D (MN7-Ib).  

 

 



71 

 

MN6/7-Ib (RP3) is derived from neuroblast 3-1 (NB3-1) (Schmid et al., 1999; Sink and 

Whitington, 1991a, 1991b). To visualize the dendritic projections of MN6-Ib and MN7-Ib, we 

examined their cell body position in the VNC and dendrite morphology using a pan MN driver, 

OK6-GAL4, with multi-color FLP-out (MCFO) (Nern et al., 2015). We found that the cell bodies 

of MN6-Ib and MN7-Ib are both localized at the dorsal neuropil and project axons to the 

contralateral hemineuromere. They also extend a small dendritic arbor to the ipsilateral side 

(Figure 2.18C-F). These features are shared with RP3 (MN6/7-Ib) (Kim et al., 2009). These data 

suggest that these two MNs likely both originated from NB3-1. Overall, we identified and 

confirmed the presence of two Ib MNs in A2 that preferentially innervate m6 or m7. 

 

2.2.6 dpr15 is required for MN7-Ib dual innervation 

One interesting question is how do morphological similar MN6-Ib and MN7-Ib recognize 

both m6 and m7 but maintain a unique preference. To date, the only differences between these 

two MNs are the differentially expressed dprs and DIPs. As synaptic partner recognition CSPs, 

we wonder whether any of these differentially expressed dprs and DIPs contribute to the 

innervation patterns of MN6-Ib and MN7-Ib. Here, we found that dpr15 is required for MN7-Ib 

dual innervation on m6 and m7. To distinguish MN6-Ib and MN7-Ib in a drp15 mutant 

background, we cross dpr15-GAL4 to a deficiency line spanning the dpr15 locus in combination 

with an UAS-GFP reporter. dpr15-GAL4 is a hypomorph as it reduces about 50% of mRNA 

transcripts. In dpr15 mutants, we observed a significant decrease in the dual innervation 

frequency of MN7-Ib as it does not recognize the opposite m6, while it still recognizes m7 

correctly (Figure 2.19A-B). In addition, the dual innervation frequency of MN6-Ib is not affected 
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(Figure 2.19C). Notably, dpr15 is expressed in MN7-Ib, suggesting it acts cell autonomously to 

control synaptic recognition of MN7-Ib.  

 

 

Figure 2.19 dpr15 is required for MN7-Ib dual innervation.  

(A) Schematic showing the dual innervation patterns of MN6-Ib and MN7-Ib in control animals 

and lack of MN7-Ib dual innervation in dpr15 mutants. (B) Quantification of MN7-Ib dual 

innervation frequency suggests that dpr15 affects synaptic recognition between MN7-Ib and m6. 

(C) Quantification of MN6-Ib dual innervation frequency shows that dpr15 is not required for 

synaptic recognition of MN6-Ib. **p<0.01, chi-square test. 

 

2.3 Discussion 

Dprs and DIPs play important roles in nervous system development, and they are widely 

expressed across many neural circuits. Several labs have utilized the GAL4/UAS system to 

visualize expression of dprs and DIPs in olfactory neurons (Barish et al., 2018), adult leg MNs 

and SNs (Venkatasubramanian et al., 2019), optic lobe neurons (Cosmanescu et al., 2018), and 

fru P1 neurons (Brovero et al., 2021). While these studies revealed unique dpr/DIP expression in 

the respective neurons, the depth of the expression map was limited due to the less complete 
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GAL4 collection at the time, and some studies only focused on a global expression pattern 

without characterization of individual cell types. 

Here, we reported a collection of GAL4 enhancer trap lines for all DIPs and 19 dprs, and 

examined their expression in larval MNs, muscles, peripheral glia, and SNs. Interestingly, we 

found that many dprs and DIPs are expressed in patterns including different expression levels, 

anterior-posterior gradients, and temporal expression. Our expression analyses also revealed 

previously uncharacterized larval MNs that differentially express dprs and DIPs. In addition, we 

found that dpr15 is required for MN7-Ib dual innervating both m6 and m7. The dpr/DIP 

expression map identified here, along with the GAL4 lines that are also hypomorphs or loss-of-

function alleles, will facilitate examination of Dpr-DIP interactions in development of motor, 

sensory, and many other circuits. 

 

2.3.1 Insights from dpr/DIP expression maps to functional studies 

The goal of developing expression maps for dprs and DIPs in MNs and SNs is to instruct 

the functional study of Dpr-DIP interactions. Here, we discuss potential directions based on our 

expression map that may serve as an entry point for future research.  

 Based on our expression map, all muscles express dpr19 and most also express dpr10. 

Dpr10 and Dpr19 interact with DIP-α/β/λ and DIP-ε/ζ, respectively, and a majority of MNs 

express at least one of these DIPs. Thus, Dpr-DIP interactions could instruct MN-muscle 

recognition and/or act combinatorially with other synaptic connectivity molecules. In addition, 

some MNs do not express any of these DIPs suggesting other CSPs are involved in MN-muscle 

recognition. 
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 Another way to approach the function of Dpr-DIP interactions is focusing on the 

commonly or differentially expressed dprs and DIPs. Hierarchical clustering analyses of SNs 

grouped SNs from the same class together based on the expression of dprs and DIPs, suggesting 

that similar SNs have common dprs and DIPs. Future studies can determine the dpr/DIP 

expression maps in the downstream interneurons to identify synaptic partners that express 

cognate Dpr-DIP pairs. However, one should also note that cluster analysis based solely on 

binary dpr and DIP expression ignores expression levels and localization of proteins which are 

important determinants for circuit wiring. Combining these with other parameters such as 

transcription factor expression can refine the clustering results and reduce unlikely correlations. 

Instead of commonly expressed genes, differentially expressed dprs and DIPs in similar 

projecting neurons can shed light on connectivity mechanisms. For example, MN6-Ib and MN7-

Ib identified in this study have similar morphology and innervation patterns, but with a 

preference for m6 and m7, respectively. One interesting question is how these neurons 

distinguish their muscle targets to generate such preference. Based on the expression map, MN6-

Ib and MN7-Ib co-express a large subset of dprs and DIPs, but DIP-β, DIP-γ, DIP-ε, and dpr15 

are selectively expressed. Further examination of these genes found that dpr15 is required for 

MN7-Ib innervation of m7. Similar approaches can be adapted to other MNs that innervate 

neighboring muscles. 

 The Dpr-DIP interactome (Carrillo et al., 2015; Cosmanescu et al., 2018; Özkan et al., 

2013) revealed promiscuity in the interactions and our expression maps showed that many cells 

co-express many dprs and DIPs, suggesting redundant mechanisms for synaptic recognition. 

Several subfamilies of CSPs are implicated in recognition, but loss-of-function mutants rarely 

are 100% penetrant. For example, loss of Teneurin signaling causes a 90% decrease of MN3-Ib 
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innervation (Hong et al., 2012), and Toll null mutants revealed defects in 35% of MN6/7-Ib 

(Rose et al., 1997). These data suggested other CSPs are required in the recognition between 

MNs and their respective muscles. Utilizing the dpr/DIP expression maps, co-expressed dprs and 

DIPs can be simultaneously knocked out in specific MNs or SNs to examine redundancy. For 

example, the dorsal Is MN expresses six DIPs, and DIP-α is required for Is innervation of m4 but 

only partially required for Is innervation of other muscles. If redundant DIP codes are required 

for specific innervations, a sextuple DIP mutant should reveal complete loss of dorsal Is NMJs. 

 

2.3.2 CSP expression patterns in the fly nervous system 

CSPs can serve several functions in nervous system development including molecular 

codes for partner recognition and self-avoidance. CSP expression patterns can suggest different 

functions - the expression of CSPs could be deterministic to instruct stereotyped synaptic 

connectivity or stochastic to avoid dendritic overlap and self-synapses. For example, Capricious 

is robustly expressed in MN12-Ib and some dorsal MNs (Nose, 2012; Shishido et al., 1998), and 

loss-of-function and gain-of-function approaches revealed neuromuscular wiring defects, 

suggesting that the robust expression of Capricious instructs synaptic partner recognition. In our 

study, we showed that many dprs and DIPs are robustly expressed in SNs and MNs, indicating 

their potential roles in synaptic wiring. 

On the other hand, some CSPs are stochastically expressed in subsets of cells. For 

example, probabilistic splicing of Dscam1 generates random isoform expression in SNs to 

mediate dendritic self-avoidance by inhibitory homophilic interactions (Miura et al., 2013). 

Interestingly, we found that many dprs and DIPs are also stochastically expressed in MNs and 
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SNs. Such irregular expression patterns may suggest additional functions of dprs and DIPs in 

circuit formation. 

 In this study, we also uncovered some dprs and DIPs that are expressed in a gradient 

along the anterior to posterior axis. Such patterns are reminiscent of the expression of several 

Hox genes in the VNC. For example, Ubx and Abd-A are highly expressed in anterior segments 

whereas Abd-B is mainly in the posterior (Estacio-Gómez and Díaz-Benjumea, 2013; Meng and 

Heckscher, 2020). These transcriptional factors were proposed to set up segmental cues in the 

nervous system, but the downstream genes and pathways are not completely understood. The 

similar expression patterns suggest that gradient transcriptional factors may regulate segmental 

development, in part, through dprs and DIPs. 

 

2.3.3 dpr/DIP-GAL4 collection to enable neuron identification and manipulation 

The map of Drosophila MNs and SNs was established decades ago using dye backfills 

(Broadus et al., 1995; Hoang and Chiba, 2001; Landgraf et al., 2003b). However, fluorescent 

dyes have some technical limitations since they do not always flow into every terminal structure, 

which may have resulted in some neurons being overlooked. In this study, we used a genetic 

approach to probe individual neurons and revealed three uncharacterized MNs – MN23-Ib, 

MN6-Ib (A2) and MN7-Ib (A2).  

In addition, the GAL4 lines in this study provide genetic access to manipulate subsets of 

neurons. In the Drosophila motor circuit, several studies have identified reporters that are 

expressed in subsets of motor neurons, muscles, and interneurons (Aponte-Santiago et al., 2020; 

Li et al., 2014; Pérez-Moreno and O’Kane, 2018; Wang et al., 2021a). However, the coverage of 

these reporters is very limited (i.e., only a small number of cells can be targeted). To generate 
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new genetic tools for targeting subsets of MNs, the dpr/DIP expression maps can be inspected 

for partially overlapping or non-overlapping dpr/DIP-GAL4s and converted to split-GAL4 or 

GAL80, respectively. Thus, the expression data in the present study and the MiMIC/CRIMIC 

lines provide a pipeline to expand the genetic toolbox and to label and manipulate neurons in a 

highly specific manner. 

 

2.3.4 Using the dpr/DIP code to annotate single cell RNA sequencing data 

Recent advances in single cell RNA sequencing (scRNAseq) provide a powerful, high-

throughput approach to identify large scale gene expression patterns. Various Drosophila neural 

tissues have been analyzed by scRNAseq (Li, 2020). However, most studies report the 

transcriptome of large cell clusters including MNs, ganglion cells, neuroblasts, and glial cells due 

to the difficultly of matching single cell reads to a specific cell type and identity, impeding 

detailed analyses from scRNAseq data.  

One method to deconvolve these large cell clusters is sorting cells before performing 

scRNAseq. On the other hand, researchers may also use the scRNAseq data to identify specific 

drivers, and then identify which neuron expresses this driver (Simon and Konstantinides, 2021). 

However, this approach reduces the scale because only a few cell types can be identified in this 

manner. Utilizing the expression of a gene family known to be differentially expressed within a 

specific subset of cells can provide a more complete examination. For example, the dpr/DIP 

expression map would generate a cell-specific atlas to annotate clusters in scRNAseq data and 

help to identify individual MNs from a MN cluster in a larval VNC sample (Nguyen et al., 2021; 

Vicidomini et al., 2021). In addition to dprs and DIPs, other CSP subfamilies have been reported 

in several scRNAseq datasets, suggesting that expression maps of other subfamilies and even 
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combinations of subfamilies can be utilized to refine cell types in datasets (Kurmangaliyev et al., 

2020; Ma et al., 2021; Xie et al., 2021). 

 

2.3.5 Limitations of using GAL4 lines to profile expression patterns 

In the current study, we presented the expression map of dprs and DIPs in a variety of 

cells using a GAL4 collection. However, several caveats exist. First, using a GAL4/UAS 

approach will not provide spatial information about where Dprs and DIPs are localized 

subcellularly – in axons or dendrites. Future work will generate endogenously tagged versions 

of, or antibodies against, Dprs and DIPs. In addition, using the current GAL4/UAS pipeline, we 

cannot unequivocally identify specific interneurons that express dprs and DIPs due to their 

indistinguishable cell morphologies in the densely packed VNC. Transcription factor staining 

and generation of split GAL4s can reveal interneurons identities but at relatively low throughput. 

Finally, utilizing a lineage tracing system, we uncovered temporally expressed dprs and DIPs. 

However, neither of our approaches revealed when dprs and DIPs were first expressed. Embryo 

or early-stage larval dissection will provide more temporal resolution. 

 

2.4 Methods and materials 

2.4.1 Drosophila and antibody resources 

All dpr/DIP-GAL4 lines are listed in Table 2.1. Other lines used in this study are listed in 

Table 2.3. Antibodies for immunostaining are listed in Table 2.4.  
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2.4.2 Fly genetics 

When examining available dpr/DIP-GAL4 lines to confirm the GAL4 insertion sites and 

the version of GAL4 used, we found that the original dpr13-GAL4 no longer contained the 

GAL4 sequence (Barish et al., 2018; Brovero et al., 2021). Here, we generated new dpr13-GAL4 

and dpr8-GAL4 from respective MiMIC insertion lines using Trojan exons (Diao et al., 2015). 

To generate DIP-λ CRIMIC insertions, gRNA (5’-AGCATCTATCGCTTGTGAAAGGG-3’) 

was designed to target the coding intron. The insertion sites and GAL4 versions are indicated in 

Table 2.1. 

 

2.4.3 qRT-PCR 

Five larvae per genotype were collected and homogenized using pellet pestles (Fisher 

Scientific). All samples tested contained a mix of males and females, except for dpr8-GAL4, 

where only females were used due to its location on the X-chromosome and its inability to 

homozygous. RNA was extracted using RNAqueous Total RNA Isolation Kit (ThermoFisher 

AM1912) and subsequently treated with DNaseI for 30 minutes at 37°C to remove genomic 

DNA. cDNA was generated from 1 μg of RNA using random hexamers and SuperScript IV 

First-Strand Synthesis System (ThermoFisher 18091050) and remaining RNA was removed 

using RNase H at 37°C for 20 minutes. Primers were designed to be 18-23 bp long, amplify 100-

200 bp, and have a melting temperature ~60°C (Table 2.2). All primer locations are downstream 

of mapped GAL4 insertion sites and were validated with control cDNA. qRT-PCR was 

performed with Power SYBR Green PCR Master Mix (Bio-Rad 4368577) and run on a 

QuantStudio 3 (ThermoFisher). All reactions were normalized to the housekeeping gene RpL32 
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and control flies, yielding ΔΔCt values (Ponton et al., 2011). Relative Fold Change was 

calculated as 2^-ΔΔCt. Each reaction was run in technical and biological triplicates. 

 

2.4.4 Dissection and immunocytochemistry 

Larval dissections and immunostaining were performed as previously described (Ashley 

et al., 2019). Briefly, wandering third instar larvae were dissected along the dorsal midline in 

PBS on a Sylgard plate and stretched out with insect pins. To visualize alary muscles, larva was 

dissected from the ventral side. Dissected body walls were washed once with PBS and fixed for 

30min with 4% paraformaldehyde. Samples were then washed three times with PBT 

(PBS+0.05% TritonX100). Samples were incubated with primary antibody at 4°C overnight, 

washed three times with PBT, and then incubated in secondary antibody at room temperature for 

2 hours. Samples were finally mounted in 30 μl vectashield (Vector Laboratories). 

Representative images were taken with a Zeiss LSM800 confocal microscope with a 40X plan-

neofluar 1.3NA objective and processed with ImageJ.  

 

2.4.5 Examining expression of dprs and DIPs in MNs and SNs 

We dissected six third instar larvae from each cross and immunostained for GFP/RFP, 

DLG and HRP. Mounted slices were examined under Zeiss AxioImager M2 with a Lumen light 

engine with a 20X plan-apo 0.8NA objective. Each sample was examined twice with the same 

criteria to reduce human error. To map the expression of dprs and DIPs in MNs, NMJs of each 

MN was identified by labeling for DLG or HRP, and then examined for GFP/RFP colocalization. 

For expression in SNs, SN cell bodies were located by HRP, and then examined for GFP/RFP 

colocalization. We counted all MNs and SNs from anterior to posterior hemisegments 
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(abdominal segment A2-A7) to gain a full dpr/DIP expression map across the body wall. Note 

that we did not observe the third type-Is MN (MNSNa-Is) described by (Hoang and Chiba, 

2001). The pipeline and criteria of determining the expression level is below (Figure 2.20). 

 

Figure 2.20 Criteria to determine the expression of GAL4 in a certain MN/SN. A 

graphical flow chart depicting how we scored the dpr/DIP expression data into categories. 

 

1. In dpr/DIP-GAL4>GFP/RFP animals, if the reporter gene expressed constantly in a 

specific MN/SN in all hemisegments, then this GAL4 line is counted as “high expression 

level” in this MN/SN. If the fluorescent reporter is not expressed consistently in a 

specific MN/SN, then: (1) if the fluorescent reporter shows a gradient increase or 

decrease along the anterior to posterior axis, then the expression of this GAL4 line is 

reported as “gradient increase” or “gradient decrease”, respectively; (2) if the reporter 

gene does not express in a gradient, but randomly expresses in a specific MN/SN, then 

the expression is counted as “medium expression level” in this MN/SN. Note we did not 

record gradient expression for SNs, because the reporter expression had higher variation 

in SNs comparing to MNs. 
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2. In the cross between dpr/DIP-GAL4 and the permanent labeling reporter, we first 

confirmed the high, medium, and gradient expression level described above. Then, if a 

GAL4 line showed no expression in the cross to UAS-GFP/RFP but did show expression 

in the cross to the permanent labeling reporter, we counted how frequent this MN/SN is 

labeled: (1) if the labeling frequency is lower than 30% across all hemisegments, then 

this GAL4 is recorded as “low expression level” in this MN/SN because the expression 

could be too low to detect in the cross to UAS-GFP/RFP but sufficient to trigger some 

FLP-out; (2) if the labeling frequency is between 30%-60%, then this GAL4 expression is 

recorded as “medium expression level” in this MN/SN; (3) if the labeling frequency is 

higher than 60%, then this GAL4 expression is considered as “temporal expression” as it 

indicates a high GAL4 expression level temporally in early developmental stages because 

it triggers high frequency FLP-out. Finally, if a GAL4 is not expressed in both the cross 

to UAS-GFP/RFP or permanent reporter, it is recorded as “null expression”. 

dpr10-GAL4 was crossed to UAS-GFP together with MHC-GAL80 to prevent muscle GFP 

expression, because high level of muscle GFP will mask NMJs and SN cell bodies. In addition, 

muscles expressing dprs (dpr10 and dpr19) were not crossed to the permanent labeling reporter. 

 

2.4.6 Examining expression of dprs and DIPs in glia and muscles 

We examined expression of dprs and DIPs in glia and muscles with the G-TRACE 

reporter (Evans et al., 2009). We dissected 6 larvae from each cross and immunostained for GFP, 

RFP, HRP, and Repo. Glial expression was confirmed by GFP/RFP colocalization with Repo. 

Muscle expression was confirmed by GFP/RFP positive muscle nuclei. Although the cross to 
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UAS-GFP/RFP and the permanent labeling line also showed muscle expression, the diffusible 

GFP signal impeded the clear distinction of muscle boundaries.  

 

2.4.7 Hierarchical clustering using dpr/DIP expression 

To perform hierarchical clustering, the expression of dprs and DIPs were first converted 

to binary values of “0” and “1”. Robust expression including high expression and temporal 

expression were considered as “1”, whereas medium and low expression, and gradient 

expression were considered as “0”. We reasoned that robust expression of dprs and DIPs may 

suggest more a significant role in the respective cell. Binary data was subjected to hierarchical 

analysis using Morpheus (Broad Institute) (Metric: Cosine Similarity; Method: Average). 

Figures were exported and color coded in Adobe Illustrator to indicate different types of MNs 

and SNs.  

 

2.4.8 Bouton number and dual innervation counting 

To quantify m6 and m7 NMJs in wild type animals, we located Ib NMJs by DLG 

labeling and counted bouton number by HRP labeling. To measure the MN6-Ib or MN7-Ib NMJ 

sizes in GMR79H07-GAL4>GFP animals, we first looked for GFP colocalization with DLG to 

distinguish MN6-Ib and MN7-Ib. For example, if the major Ib arbor on m6 is GFP positive, then 

it is formed by MN6-Ib, and the GFP negative boutons are formed by MN7-Ib. We then counted 

the bouton numbers of each Ib arbor by HRP labeling. Student t-test was used for comparison 

between two groups (followed by Welch’s correction in cases of unequal variance, Prism 8), and 

Chi-square test was used for comparing innervation frequency. Error bar indicates standard error 

of the mean (SEM).  
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Table 2.1 dpr/DIP-GAL4 lines used in this study. 
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Table 2.2 mRNA level and primer information. 
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Table 2.3 Drosophila lines used in this study. 
 

Genotype Source 

OK6-GAL4 BL#64199 

GMR79H07-GAL4 gift from Troy Littleton, MIT 

MHC-GAL80 gift from Timothy Mosca, Thomas 

Jefferson University 

10XUAS-mCD8::GFP BL#32184 

20XUAS-mCherry BL#52268 

UAS-2XEGFP; actin-(FRT.STOP)-

GAL4,UAS-FLP 

permanent reporter, gift from Ellie 

Heckscher, UChicago 

UAS-nRedStinger, UAS-FLP, Ubi-

p63E(FRT.STOP)-nStinger 

G-TRACE, BL#28280 

R57C10-FLP;;UAS-MCFO BL#64089 

yw; Sp/CyO; loxP(Trojan-GAL4)x3 BL#60311 

yw; loxP(Trojan-GAL4)x3; 

Dr/TM3,Sb,Ser 

BL#60310 

yw,Cre,vas-phiC31:int BL#60299 
 

 

Table 2.4 Antibodies used in this study. 
 

Antibody Concentration and Source 

Rabbit anti-GFP 1:40k, gift from Michael Glozter, University of Chicago 

Rabbit anti-HA 1:1000, Cell Signaling C29F4 

Mouse anti-DLG 1:100, Developmental Studies Hybridoma Bank 4F3 

Mouse anti-Repo 1:100, Developmental Studies Hybridoma Bank 8D12 

Mouse anti-Myosin 1:100, Invitrogen A31466 

Chicken anti-GFP 1:500, Invitrogen A10262 

Chicken anti-RFP 1:500, Novus Biologicals NBP2-25158 

Chicken anti-V5 1:500, Bethyl Laboratories A190-118A 

Rat anti-Flag 1:200, Novus Biologicals NBP1-06712 

Goat anti-Rabbit Alexa 488 1:500, Invitrogen A11008 

Goat anti-Rabbit Alexa 568 1:500, Invitrogen A11036 

Goat anti-Mouse Alexa 568 1:500, Invitrogen A11031 

Goat anti-Mouse Alexa 647 1:500, Invitrogen A32728 

Goat anti-Chicken Alexa 488 1:500, Invitrogen A11039 

Donkey anti-Chicken Cy3 1:500, Jackson Immunological Research 703-165-155 

Goat anti-Rat Alexa 647 1:500, Invitrogen A21247 

Goat anti-HRP Alexa 647 1:100, Jackson Immunological Research 123-605-021 

Goat anti-Phalloidin Alexa 405 1:100, Invitrogen A30104 
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CHAPTER 3 

NEURONAL CELL DEATH INDUCES STRUCTURAL AND 

FUNCTIONAL PLASTICITY 

 

3.1 Introduction 

The nervous system is characterized by complex wiring patterns that include different 

neurons converging onto the same postsynaptic cell. This wiring paradigm is found in pyramidal 

neurons that receive input from excitatory and inhibitory contacts (Megı́as et al., 2001), and in 

esophageal striated muscles that receive enteric and vagal nerve inputs (Neuhuber and Wörl, 

2016). While dynamic regulation of individual synapses has been examined (Berry and Nedivi, 

2017; Kruijssen and Wierenga, 2019), interplay between nearby neurons has been predominantly 

studied by monitoring postsynaptic spine changes (Chistiakova et al., 2019; Hedrick et al., 2016; 

Jungenitz et al., 2018). Understanding how nearby neurons respond to perturbations on their 

neighbors will shed light on the etiologies of neurodegenerative disorders, such as ALS, which 

display progressive neuronal cell death and devastating functional consequences (Agudelo et al., 

2020; Park et al., 2020). 

Analysis of individual inputs in the central nervous system is complicated by the high 

density of converging inputs on the same target cell. The Drosophila larval neuromuscular 

circuit, however, circumvents this with a simple, hard-wired connectivity map as each muscle 

normally receives two excitatory inputs, the Ib MN and Is MN. Therefore, we utilize the larval 

NMJ to examine how MNs respond to perturbations on their neighbors.  

Due to the fact that all MN axons are wrapped together in segmental nerve, 

electrophysiology recording cannot tease apart the activity of individual neurons, thus impeding 



88 

 

us to set up baseline Ib and Is activity in a wild type background. We first confirmed neural 

activity of Ib and Is MNs using GCaMP imaging together with electrophysiology. Specifically, 

we examined three muscles, m6, m12 and m4, and found different contributions of Ib and Is on 

these muscles. Next, we ablated Is MNs and examined changes on nearby Ib NMJs. We found 

that all three Ib NMJs increased their bouton numbers and rate of spontaneous neurotransmitter 

release and some Ib NMJs also partially increased their evoked neurotransmission, indicating 

both structural and functional plasticity. In addition, we analyzed conditions where Is MN cell 

bodies and axons are unaffected but only specific muscle innervations are missing. Surprisingly, 

we found that Ib synaptic plasticity does not initiate if only the local Is innervations are lost, 

suggesting a signal from the axon or cell body is required. Overall, an ablation-dependent 

synaptic plasticity mechanism instructs neighboring MNs to compensate the death of a circuit 

member and provides insights into nervous system plasticity in both healthy and disease states. 

 

3.2 Results 

3.2.1 Ib and Is MNs contribute to postsynaptic activity in a target-specific manner 

Converging inputs contribute to the overall postsynaptic response. In this study, we 

examined to what extent one input can influence the nearby input’s structure and function. To 

address this, we first determined the activity contribution of each MN on the postsynaptic muscle 

target in a wild-type condition. We chose m6, m12 and m4 because 1) prior studies showed that 

each Ib contributes a unique percentage of the total postsynaptic activity, 2) these muscles have 

been frequently analyzed in NMJ studies (Menon et al., 2013; Nose, 2012), and 3) the Ib and Is 

innervation patterns on these muscles enabled identification of common and muscle-specific 
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principles (all muscles have unique Ib MNs but m6 and m12 are innervated by the same Is MN) 

(Figure 3.1A).  

We measured the Ib MN contribution to the total EPSP on a muscle by muscle basis. We 

combined NMJ electrophysiology with a postsynaptically targeted GCaMP, SynapGCaMP6f 

(MHC-CD8-GCaMP6f; (Newman et al., 2017)). Some of the earliest evidence for the existence 

of two distinct MN populations was uncovered over 40 years ago (Jan and Jan, 1976) through 

observations that different voltage injections elicited two populations of muscle EPSPs. It was 

later found that lower voltage injection generated action potentials in Ib MNs (Lnenicka and 

Keshishian, 2000), therefore we varied the stimulus protocol to independently elicit and record 

EPSPs from Ib alone and Ib+Is together. SynapGCaMP6f fluorescence changes at Ib and Is 

NMJs confirmed whether the recorded EPSPs were due to Ib alone or Ib+Is activity (Figure 

3.1B). Using this procedure, the average total EPSP amplitude (Ib+Is) in m6 was 31.55 mV and 

the average Ib-derived EPSP was 17.17mV (Figure 3.1C, F). Thus, the MN6-Ib contributes 54% 

of the total m6 EPSP (Figure 3.1I). Interestingly, at m12, MN12-Ib contributes 31% of the total 

EPSP, and at m4, MN4-Ib represents 62% (Figure 3.1D, E, G-I). Thus, we determined the 

contribution of each MN (Ib and Is) to the postsynaptic muscle activity in wild type larvae and 

found that the relative strength of each Ib MN differed between muscles, with the MN4-Ib 

contributing the most and the MN12-Ib the least. Notably, MN6-Ib and MN12-Ib contributions 

are different even though they are innervated by the same Is MN. These data established a model 

in which to introduce perturbations and examine synaptic plasticity. 
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Figure 3.1 Ib and Is MNs differentially contribute to the total EPSPs.  

(A) Schematic of the innervation pattern of a subset of Is MNs (vCE: dark green, dCE: light 

green) and Ib MNs (MN6-Ib: rust, MN12-Ib: orange, MN4-Ib: peach). Muscles analyzed in this 

study are marked by the red boxes. (B) Representative frames showing the baseline fluorescence 

(top), Ib+Is firing event (middle) and Ib alone firing event (bottom), of m6 in MHC-CD8-

SynapGCaMP6f larvae (Ib: red, Is: blue). (C-E) Representative traces of Ib+Is and Ib alone on 

(C) m6, (D) m12, and (E) m4. Traces and graphs are color-coded as indicated in the color key. 

(F-H) Paired EPSP amplitudes of (F) m6 (t(14)=18.60, p<0.0001, paired t test), (G) m12 

(t(14)=15.73, p<0.0001, paired t test) and (H) m4 (t(15)=7.43, p<0.0001, paired t test). (I) 

Calculated EPSP ratios of Ib/Ib+Is of m6, m12 and m4 (F(2,43)=26.03, p<0.0001, one-way 

ANOVA, Tukey post hoc test). Error bars indicate ±SEM. ****p<0.0001. n (NMJs/larva) are 

15/12, 15/12, and 16/15 respectively.  
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3.2.2 Cell-specific genetic ablation of Is MNs by ectopic hid,rpr expression 

To begin to examine if one input can respond to perturbations in an adjacent input, we 

needed to disrupt one MN and monitor the impact on the nearby MN. Therefore, we need drivers 

that specifically express within subsets of these MNs. To gain genetic access specifically to the 

Is MNs, we examined a GAL4 driver derived from the DIP-α promoter. In the adult 

neuromuscular circuit, this driver (hereafter referred to as A8-GAL4, or A8) was found to express 

in a small subset of MNs (Venkatasubramanian et al., 2019). We used A8-GAL4 to drive UAS-

GFP and found expression in only two pairs of segmentally repeated neurons in the third instar 

VNC (Figure 3.2A-B, arrows). The labeled neurons located ventrally in the VNC have axons that 

project medially and dorsally towards the neuropil (Figure 3.2C arrow). The other A8-expressing 

neurons are located in the dorsal region of the VNC and showed an ipsilateral projection with a 

large dendritic arbor (Figure 3.2D, arrowhead). Examination of nerves exiting the VNC showed 

two axons in each bundle (Figure 3.2B and D asterisks), suggesting that these A8 positive 

neurons are MNs. The dorsal neurons were co-labeled with the transcription factor Even-skipped 

(Eve), which labels three medial neurons, aCC, pCC, and MNISN-Is (Broadus et al., 1995; Doe 

et al., 1988), and thus these neurons were confirmed as MNISN-Is (also called the dorsal 

common exciter, dCE) based on their location (Figure 3.2B). Drosophila larval MNs make 

connections with their muscle targets with very high fidelity, allowing us to unequivocally 

determine the identity of the MNs based on their innervation pattern. In A8>GFP third instar 

larvae, one axon innervates the ventral muscles including muscles 6, 7, 12, and 13, similar to the 

connectivity pattern of MNISNb/d-Is (also called the ventral common exciter, vCE; (Meng et al., 

2020)). The other axon innervates the dorsal muscles, corresponding to dCE (Figures 3.2E-F). 
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Importantly, A8 does not label any other MNs but only a few additional cells in one segment of 

the VNC (Figure 3.2A, carets). In summary, A8 labels two Is MNs within each hemisegment. 

 We used A8-GAL4 to drive head involution defective (hid) and reaper (rpr) in vCE and 

dCE. hid and rpr have important functions in programmed cell death, and ectopic expression of 

both genes more reliably induces neuronal death than either gene alone (Pauls et al., 2014; Zhou 

et al., 1997). As shown in Figure 3.2A-F, A8>GFP robustly labels Is MNs but in third instar 

larvae that ectopically express hid,rpr (A8>GFP,hid,rpr), all vCE or dCE cell bodies and NMJs 

are absent (Figure 3.2G-J). Thus, expression of hid,rpr is sufficient to genetically ablate Is MNs.  
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Figure 3.2 A8-GAL4 drives expression in Is MNs and can be used to ablate Is MNs.  

(A-B) Representative third instar larval VNC Z-sections showing (A) ventral and (B) dorsal cell 

bodies labeled with GFP (green) and Eve (magenta, labels nuclei of dCE and other neurons), in 

A8>GFP. Arrows indicate GFP positive vCE and dCE cell bodies. Carets indicate other cells 

that express A8. Asterisks indicate two axons exiting the VNC. (C-D) 3D representations of A8 

expressing neurons in the VNC viewed from (C) lateral and (D) dorsal sides (same VNC as A-

B). Arrow in (C) shows a ventral cell (left, green) that projects an axon to the dorsal midline. 

Arrowhead in (D) shows an ipsilateral projection from a dorsal cell. Heat map colors are as 

follows: red denotes the dorsal most region and blue denotes the ventral most region. Asterisks 

indicate axons exiting the VNC similar to (B).  
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Figure 3.2 (continued) (E-F) Representative third instar larval abdominal hemisegment labeled 

with GFP (green) and the DLG (magenta), in A8>GFP. (E) Ventral muscles (m6, m7, m13 and 

m12) innervated by vCE and (F) dorsal muscles (m4, m3, m2 and m1) innervated by dCE. 

Arrows indicate Is NMJs and arrowheads indicate Ib NMJs. (G-H) Representative third instar 

larval VNCs lacking (G) vCE and (H) dCE labeled with GFP (green) and Eve (magenta) in 

A8>GFP,hid,rpr. Dashed circles mark the absence of vCE and dCE. Note that both vCE and 

dCE cell bodies are ablated by the third instar stage. Asterisk marks a GFP positive cell that 

remained. (I,J) Representative third instar larval abdominal hemisegment showing (I) ventral 

muscles and (J) dorsal muscles, labeled with GFP (green) and DLG (magenta) in 

A8>GFP,hid,rpr. Note all NMJs from vCE and dCE are absent (no GFP). Arrowheads indicate 

Ib NMJs. 
 

 

To determine the timing of hid,rpr induced cell death, we examined earlier 

developmental stages and visualized GFP in Is MN cell bodies and NMJs in A8>GFP and 

A8>GFP,hid,rpr. Neuromuscular innervation is established at embryonic stage 16 (Broadie and 

Bate, 1993; Halpern et al., 1991; Yoshihara et al., 1997), so we focused on stage 15 and later 

stages including stage 17 and first instar larvae. In stage 15 embryo controls (A8>GFP), only a 

subset of Is MNs are detected since not all dCE cell bodies (Eve positive) are co-stained with 

GFP and no vCE cell bodies are observed (Figure 3.3A-B). Age matched A8>GFP,hid,rpr 

embryos showed similar GFP expression patterns to controls (Figure 3.3C-D); thus, no cell death 

occurred before neuromuscular innervation. By embryonic stage 17, more vCE and dCE cell 

bodies expressed A8 but the lack of GFP in some cells suggests that A8 expression has not 

reached maximal levels (Figure 3.3E-F). In stage 17 A8>GFP,hid,rpr embryos, cells were 

undergoing apoptosis as revealed by significant decreases in GFP and by loss of Eve staining 

(suggesting nuclear degradation) (Figure 3.3G-H). Finally, in A8>GFP early first instar larvae, 

all vCE and dCE cell bodies were labeled (Figure 3.3I-J) and NMJs were present (Figure 3.3M). 

Age-matched A8>GFP,hid,rpr larvae completely lacked vCE and dCE cell bodies (Figure 3.3K 

and L), although some Is NMJs were still observed (Figure 3.3M-N), suggesting that Is NMJs 
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were established before ablation in this genetic background. By late first instar stage, 

A8>GFP,hid,rpr larvae showed no traces of Is NMJs on m6, m12 and m4 (Figure 3.3O). Taken 

together, A8-GAL4 is specifically expressed in vCE and dCE and driving ectopic expression of 

cell death genes with A8 triggers apoptosis in Is MNs during early developmental stages.  
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Figure 3.3 A8>hid,rpr-induced cell death occurs after Is innervation.  

(A-L) Representative images depicting the presence or absence of vCE and dCE cell bodies from 

(A-D) embryonic stage 15, (E-H) stage 17 and (I-L) early first instar larval VNCs labeled with 

GFP (green), Eve (magenta), and Fasciclin 2 (blue) in control (A8>GFP) and Is ablated 

(A8>GFP,hid,rpr) animals. Arrows and asterisks indicate the cells expressing or not expressing 

A8, respectively. A8 expression begins at (A-B) embryonic stage 15. In A8>GFP,hid,rpr, vCEs 

and dCEs undergo apoptosis starting at (G-H) embryonic stage 17, noted by the loss of Eve 

staining in dCE and GFP positive debris (indicated by arrowhead), and are completely absent in 

(K-L) early first instar larvae. (M-N) Representative Is NMJs labeled with GFP (green) and a 

muscle marker, phalloidin (magenta), in (M) control and (N) Is ablated early first instar larvae. 

Note Is NMJs are labeled by GFP in control animals and some Is NMJs are still present in 

A8>GFP,hid,rpr animals, suggesting A8>GFP,hid,rpr-induced cell death happens after Is NMJ 

formation. (O) Innervation frequency of Is MNs in control and Is ablated late first instar larvae. 

Three muscles (m6, m12, and m4) were pooled and analyzed together. All Is NMJs were 

eliminated in Is ablated animals by this stage. n (NMJs/larva) are 76/5 and 86/5 for (O). 
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3.2.3 Ib NMJs expand upon loss of adjacent Is MNs 

NMJ structural plasticity can be induced by perturbation of synaptic function (Budnik et 

al., 1990; Goel et al., 2019; Jarecki and Keshishian, 1995; Perry et al., 2020; Sigrist et al., 2003). 

Here, we examined whether loss of Is MNs can induce structural changes at adjacent Ib NMJs. 

The size of each NMJ is well characterized (represented by the number of boutons) and this 

allows us to observe structural changes due to perturbations. We genetically ablated Is MNs 

(vCE and dCE) and counted the number of boutons on m6, m12, and m4 in wandering third 

instar larvae (NMJ expansion is complete (Li et al., 2002)). We observed an increase in the 

number of Ib boutons on all three muscles (Figure 3.4A-G) when comparing to A8>GFP 

controls, suggesting that Ib NMJs expanded when adjacent Is MNs were ablated. Because m4-Is 

innervation frequency is ~80% in wild type (Aponte-Santiago et al., 2020; Ashley et al., 2019), 

we used A8>GFP to confirm the presence of m4-Is in controls and excluded muscles lacking Is 

innervation. Interestingly, we also found an increase in small budding boutons, called satellite 

boutons, emanating from Ib boutons (Figure 3.4D-F, insets, and 3.4H). These structures 

represent immature but functional boutons as they contain all synaptic machinery and 

postsynaptic receptors (Carrillo et al., 2015; Dickman et al., 2006; Lee and Wu, 2010). Thus, all 

Ib NMJs initiate structural plasticity mechanisms to respond to loss of adjacent Is MNs.  
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Figure 3.4 Ib NMJs expand upon ablation of Is MNs.  

(A-F) Representative NMJ arbors (Ib arbors and Is arbors, arrowheads and arrows, respectively) 

of (A,D) m6, (B,E) m12 and (C,F) m4 labeled with DLG (green) and HRP (magenta) in control 

(A8>GFP) and Is ablated (A8>GFP,hid,rpr) third instar larvae. Insets are 5X zoomed images of 

corresponding dashed regions in (D-F). Satellite boutons are indicated by asterisks. Note Is 

NMJs are absent in Is ablated animals. Images and graphs are color-coded as indicated in the 

color key. (G) Quantification of Ib bouton number of m6 (t(30)=2.458, p=0.02, unpaired t test), 

m12 (t(26)=4.449, p=0.0001, unpaired t test), and m4 (t(28)=4.431, p=0.0001, unpaired t test) in 

control and Is ablated animals (satellite Ib boutons were not included). (H) Quantification of 

satellite boutons of m6 (t(30)=2.359, p=0.025, unpaired t test), m12 (t(19.05)=2.397, p=0.0269, 

unpaired t test with Welch’s correction), and m4 (t(16.41)=3.682, p=0.0019, unpaired t test with 

Welch’s correction) in control and Is ablated animals. Error bars indicate ±SEM. *p<0.05, 

**p<0.01, ***p<0.001. n (NMJs/larva) are 16/8, 16/8, 16/8, 15/8, 15/8, and 15/8 respectively. 
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3.2.4 Ib NMJs elevate their rate of spontaneous release upon loss of Is MNs 

To determine to what extent perturbations on one synaptic input can influence the nearby 

input’s functional synaptic plasticity, we first examined Ib spontaneous neurotransmitter release 

at muscles where Is MNs are ablated. Ib and Is MNs have unique spontaneous release properties. 

For example, Ib-derived spontaneous events (stimulus-independent release of neurotransmitter 

vesicles; also referred to as mini EPSPs, mEPSPs), have smaller amplitudes compared to Is-

derived mEPSPs (Newman et al., 2017; Nguyen and Stewart, 2016). Therefore, ablation of Is 

inputs should shift the mean mEPSP amplitude towards the smaller Ib-like amplitude if there is 

no compensation. We performed current clamp recordings from m6, m12 and m4. Indeed, 

A8>GFP,hid,rpr revealed decreased mEPSP amplitudes compared to A8>GFP controls, and a 

significant shift in cumulative amplitude probability distribution (Figure 3.5A-G). Due to the 

inability of standard NMJ electrophysiology experiments to distinguish between Ib and Is 

mEPSPs in controls, we are unable to unambiguously determine if the Ib mEPSP amplitudes are 

affected by the loss of Is inputs. Nonetheless, we can conclude Ib NMJs cannot fully restore the 

average mEPSP amplitudes to wild type levels.  

 Another measure of stimulus-independent activity is the rate of spontaneous 

neurotransmitter release. In prior studies, mEPSP frequencies were found to be higher at Ib 

NMJs than Is NMJs (e.g., 2.3 Hz at m4-Ib NMJ and 1 Hz at m4-Is NMJ; (Newman et al., 2017)); 

thus, if elimination of Is MNs does not affect the rate of Ib spontaneous release, overall mEPSP 

frequencies should decrease about one third. However, we did not observe any reduction of 

mEPSP frequencies on m6, m12, and m4 when comparing A8>GFP and A8>GFP,hid,rpr 

animals, and m12 even showed an increased rate of spontaneous release (Figure 3.5A-C, H).   
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Figure 3.5 Loss of Is MNs decreases overall mEPSP amplitudes and increases Ib 

mEPSP frequencies.  

(A-C) Representative mEPSP recordings of (A) m6, (B) m12, and (C) m4 in control (A8>GFP) 

and Is ablated (A8>GFP,hid,rpr) animals. Traces and graphs are color-coded as indicated in the 

color key. (D-F) Pooled cumulative probability distributions of (D) m6 (p<0.0001, K-S test), (E) 

m12 (p<0.0001, K-S test), and (F) m4 (p<0.0001, K-S test). (G) Quantification of mEPSP 

amplitude of m6 (t(22)=2.630, p=0.0153, unpaired t test), m12 (t(22)=2.294, p=0.0317, unpaired t 

test), and m4 (t(29)=3.700, p=0.0009, unpaired t test) in control and Is ablated animals. Each data 

point represents the average mEPSP amplitude from one sample. (H) Quantification of mEPSP 

frequencies of m6 (t(22)=1.224, p=0.2339, unpaired t test), m12 (t(22)=2.331, p=0.0293, unpaired t 

test), and m4 (t(29)=0.8369, p=0.4095, unpaired t test) in control and Is ablated animals. Each data 

point represents the average mEPSP frequency from one sample. Error bars indicate ±SEM. 

*p<0.05, **p<0.01, ***p<0.001, ****p<0.0001. n (NMJs/larva) are 12/9, 12/11, 12/9, 12/12, 

14/11, and 17/14 respectively. 
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 Importantly, these spontaneous events correspond to Ib-derived mEPSPs since a) the 

mean amplitudes decrease (Figure 3.5G), and b) there are no remaining Is NMJs (Figure 3.2I-J). 

These results strongly suggest that Ib MN synaptic plasticity mechanisms respond to the loss of 

Is inputs and elevate their rate of spontaneous neurotransmitter release. Spontaneous 

neurotransmitter release has been implicated in synaptic maturation (Andreae and Burrone, 2018; 

Cho et al., 2015; Kavalali, 2015), and thus, the increased mEPSP frequencies we observe could 

underlie the increased Ib bouton numbers. 

 

3.2.5 Ib MNs elevate evoked neurotransmission upon loss of Is MNs in a target-specific 

manner 

Having demonstrated Ib synaptic plasticity of spontaneous activity, we next examined 

whether Ib evoked neurotransmission could also be modified by the loss of Is MNs. Unlike 

spontaneous neurotransmitter release, EPSPs require stimulation to depolarize the presynaptic 

neuron above threshold. This suprathreshold stimulation triggers an action potential to induce 

neurotransmitter release and elicit a postsynaptic response. In order to examine if Ib MNs can 

compensate for the loss of Is synaptic drive, we recorded EPSPs in both A8>GFP and 

A8>GFP,hid,rpr (Figure 3.6A-F). To determine if Ib-derived EPSP amplitudes are affected by 

loss of Is inputs, we normalized the EPSPs (A8>GFP,hid,rpr EPSP/A8>GFP EPSP) and 

compared these values to the calculated Ib/Ib+Is ratio in Figure 3.1I. This analysis allows for the 

comparison of Ib-derived EPSPs with and without Is MNs. 

We observed target-specific changes in Ib-derived EPSPs (Figure 3.6G-I). At m4, we 

observed a significant increase in Ib-derived EPSPs compared to the control Ib/Ib+Is ratio 

(Figure 3.6I). By repeating the analysis at other muscles, we found a mild increase in Ib-derived 
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EPSPs at m6 (Figure 3.6G), and surprisingly, no change at m12 (Figure 3.6H). When comparing 

the degree of EPSP compensations (Figure 3.6G-I) to the wild type Ib contribution to total EPSP 

at each muscle (Figure 3.1I), a pattern arises whereby the m4-Ib has both the most compensation 

and the largest Ib contribution. Meanwhile, m12-Ib did not compensate and displayed the 

smallest Ib contribution.  

Next, we examined quantal content (QC), a calculation of the approximate amount of 

neurotransmitter released per stimulation. We found that the normalized QC of MN4-Ib in 

A8>GFP,hid,rpr was significantly increased compared to the MN4-Ib baseline QC, whereas 

there was no change at MN6-Ib, and even a decrease at MN12-Ib (Figure 3.6J-L). 

To test if loss of Is MNs perturbed short-term Ib NMJ plasticity, we examined paired-

pulse facilitation (PPF) as it is a measure of evoked release probability (Pr). We measured m6 

PPF in A8>GFP,hid,rpr and found an enhancement compared to A8>GFP controls (Figure 3.7). 

Although this data suggests an increase in Ib Pr, this can also be explained by the loss of Is-

specific synaptic depression (Newman et al., 2017) as both MNs are stimulated in controls. 

Furthermore, we were unable to definitively isolate Ib-specific PPF in controls as the second 

EPSC could be either Ib-derived or Ib+Is-derived (Peled et al., 2014). Overall, when ablating Is 

MNs, Ib MNs that innervate the same muscle upregulated their rate of spontaneous release, and 

importantly, the MN4-Ib significantly compensated the total EPSP by increasing 

neurotransmitter release.   
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Figure 3.6 Ib NMJs elevate evoked neurotransmission in a target-specific manner in the 

absence Is inputs.  

(A-C) Representative EPSP traces of Ib+Is and Ib alone of (A) m6, (B) m12, and (C) m4. Traces 

and graphs are color-coded as indicated in the color key. (D-F) Quantification of EPSP 

amplitudes in (D) m6 (t(22)=8.306, p<0.0001, unpaired t test), (E) m12 (t(22)=13.82, p<0.0001, 

unpaired t test), and (F) m4 (t(29)=3.057, p=0.0048, unpaired t test) in control (A8>GFP) and Is 
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Figure 3.6 (continued)  ablated (A8>GFP,hid,rpr) animals. (G-I) Normalized EPSPs of (G) m6 

(t(25)=2.301, p=0.0300, unpaired t test), (H) m12 (t(25)=1.552, p=0.1332, unpaired t test), and (I) 

m4 (t(31)=4.605, p<0.0001, unpaired t test) in control and Is ablated third instar larvae. 

Normalized EPSPs in A8>GFP,hid,rpr are compared to the EPSP ratio of Ib/Ib+Is calculated 

from corresponding muscles in Figure 3.1I, indicated by grey dashed line. Note MN6-Ib slightly 

compensates, MN12-Ib does not compensate and MN4-Ib largely compensates the loss of Is 

MNs. (J-L) Normalized quantal content (QC) of (J) m6 (t(25)=1.239, p=0.2268, unpaired t test), 

(K) m12 (t(25)=2.119, p=0.0442, unpaired t test), and (L) m4 (t(31)=4.639, p<0.0001, unpaired t 

test) in control and Is ablated larvae. Normalized QCs were compared to Ib baseline QC. Note 

MN4-Ib shows increased QC, while MN12-Ib shows a decrease. Error bars indicate ±SEM. 

*p<0.05, **p<0.01, ****p<0.0001. n (NMJs/larva) are 12/9, 12/11, 12/9, 12/12, 14/11, and 

17/14 respectively. 
 

 

 

 

 

Figure 3.7 Overall paired-pulse ratio is increased upon the ablation of Is MNs.  

(A) Representative paired-pulse recordings of m6 in control (A8>GFP) and Is ablated 

(A8>GFP,hid,rpr) animals. (B) Quantification of paired-pulse ratio (EPSC2/EPSC1) in control 

(red) and Is ablated animals (orange) (t(26)=3.120, p=0.0044, unpaired t test). n (NMJs/larva) are 

15/10, 13/10. Error bars indicate ±SEM. **p<0.01. 

 

3.2.6 Ib synaptic plasticity is induced by Is MN ablation, but not by the loss of Is synapses 

Next, we sought to examine the mechanisms by which Is ablation induces Ib plasticity. 

Ablating Is MNs is a gross manipulation as it removes axons, cell bodies, and dendrites in 
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addition to the Is synapses. Therefore, we are unable to determine if the trigger of Ib plasticity is 

the loss of convergent Is synapses or instead, ablation of the entire Is MN. Specifically, loss of 

co-innervated Is synapses may be sensed by muscles which then induce Ib plasticity through a 

retrograde signal. Conversely, ablating the entire Is MN may induce a glial response which then 

signals to nearby healthy neurons. To distinguish these possibilities, we examined mutants that 

specifically perturb local innervation while keeping the MN intact and muscles that receive Ib 

innervation from the same nerve but no Is input. 

 

3.2.6.1 Ib synaptic plasticity is not induced in DIP-α mutants 

We focused on m4 since MN4-Ib shows the strongest plasticity (Figure 3.6). In a 

previous study, we found that DIP-α mutants lack Is innervation on m4 (Figure 3.8A-B). We 

confirmed that no Is boutons are observed on m4 in DIP-αnull even in early first instar larvae 

(Figure 3.8C). Quantification of m4-Ib boutons and satellite boutons in DIP-αnull mutants showed 

no difference from controls (Figure 3.8D-E). Also, in DIP-αnull mutants, m4 mEPSP frequency 

was significantly reduced (Figure 3.8F-G), in contrast to the Is ablation (Figure 3.5H). These 

results suggest that the MN4-Ib failed to compensate when the corresponding Is NMJ never 

formed. Next, we examined EPSPs (Figure 3.8F and H). Surprisingly, lack of Is innervation in 

DIP-αnull mutant larvae revealed only a slight increase in the Ib-derived EPSP amplitude on m4 

(Figure 3.8I) and no change in QC (Figure 3.8J). Thus, MN4-Ib synaptic plasticity is not as 

robust in DIP-αnull larvae compared to A8>GFP,hid,rpr.  
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Figure 3.8 Lack of Is innervation on m4 is not sufficient to induce robust Ib plasticity.  

(A-B) Representative m4 NMJs labeled with DLG (green) and HRP (magenta) in (A) control 

(A8>GFP: dark green) and (B) mutant (DIP-αnull, A8>GFP: light green) animals. (C) 

Quantification of Is innervation frequency in control and mutant first instar larvae. No m4-Is 

NMJs observed in mutants. (D) Quantification of Ib boutons from m4 in control and mutant 

animals (t(27)=1.552, p=0.1323, unpaired t test). Images, representative traces, and graphs are 

color-coded as indicated in the color key. (E) Quantification of satellite boutons from m4 in 

control and mutant animals (t(27)=0.1563, p=0.8770, unpaired t test). (F) Representative mEPSP 

and EPSP recordings from control and mutant animals. (G) Quantification of mEPSP frequencies 

from m4 in control and mutant animals (t(27)=2.824, p=0.0088, unpaired t test). (H) 

Quantification of EPSP amplitudes in control and mutant animals (t(27)=7.505, p<0.0001, 

unpaired t test). (I) Normalized EPSPs from m4 in control and mutant animals (t(29)=2.215, 

p=0.0348, unpaired t test). Normalized mutant EPSP is compared to the EPSP ratio of Ib/Ib+Is 

calculated from m4 in Figure 3.1I, indicated by grey dashed line. Note MN4-Ib-derived EPSP 

increases 23% in DIP-α mutants but increases 45% in A8>GFP,hid,rpr (Figure 3.6I). (J) 

Normalized QC from m4 in control and mutant animals (t(20.14)=0.086, p=0.9326, unpaired t test 

with Welch’s correction). Normalized QC was compared to Ib baseline QC. Error bars indicate 

±SEM. *p<0.05, **p<0.01, ****p<0.0001. n (NMJs/larva) are 46/8, 20/4 for (C), 13/8,16/8 for 

(D,E) and 13/10, 16/10 for (F-J). 
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3.2.6.2 Ib synaptic plasticity is not induced on m4s that naturally lack Is innervation 

Utilizing DIP-α mutants is not ideal because DIP-α is also expressed in interneurons that 

may connect to MNs, and interneuron-MN communication may affect synaptic plasticity. 

Therefore, we examined Ib structural and functional plasticity in another context where m4 is 

naturally missing Is innervation. In wild type larvae, approximately 20% of m4s lack Is NMJs 

(Figure 3.9C). However, comparing wild type m4s that naturally lack Is innervation with those 

that have Is innervation, we observed no change in Ib bouton numbers (Figure 3.9A-B). 

Similarly, Ib-derived EPSP and QC were unaffected (Figure 3.9C-F). This confirms that lack of 

synaptic plasticity in DIP-αnull larvae is not due to the genetic manipulation. Further, these data 

show that MN4-Ib NMJs that naturally lack adjacent Is NMJs are unable to compensate, 

suggesting that robust MN4-Ib synaptic plasticity is not due to the loss of Is co-innervation.  
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Figure 3.9 m4s that naturally lack Is innervation do not show Ib plasticity.  

(A) Quantification of Ib boutons from m4s with and without Is innervation (t(44)=1.885, 

p=0.0661, unpaired t test). (B) Quantification of satellite boutons from m4s with and without Is 

innervation (t(44)=0.3895, p=0.6988, unpaired t test). (C) Quantification of mEPSP frequencies 

from m4s with and without Is innervation (t(18)=2.414, p=0.0267, unpaired t test). (D) 

Quantification of EPSP amplitudes from m4s with and without Is innervation (t(18)=4.576, 

p=0.0002, unpaired t test). (E) Normalized EPSPs from m4s without Is innervation is compared 

to the EPSP ratio of Ib/Ib+Is calculated from m4 in Figure 3.1I, indicated by grey dashed line 

(t(24)=1.263, p=0.2186, unpaired t test). (F) Normalized QC from m4s without Is innervation is 

compared to the Ib baseline QC (t(24)=0.1449, p=0.8860, unpaired t test). Error bars indicate 

±SEM. *p<0.05, ***p<0.001. n (NMJs/larva) are 23/17 and 23/17 for (A-B), 10/7 and 10/9 for 

(C-F). 
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3.2.6.3 Synaptic plasticity can be induced at Ib MNs that do not have Is co-innervation 

Given that loss of Is co-innervation does not trigger Ib plasticity, we hypothesized that 

the Is MN ablation (i.e., removal of the entire neuron) is likely the trigger of Ib plasticity. 

Further, because MN axons are surrounded by glia, we hypothesized that Is ablation may trigger 

a glial response that transmits a signal to all nearby Ib axons within the nerve. Thus, structural 

and functional plasticity in Ib MNs would be induced even if the muscle target is not co-

innervated by a Is MN. To test this model, we examined MN11-Ib that innervates m11, which 

never receives Is input. Surprisingly, we observed an increase of MN11-Ib bouton number, EPSP 

amplitude, and QC when Is MNs are ablated (Figure 3.10A-D). These results suggest that even 

without Is co-innervation of m11, MN11-Ib responds to Is MN ablation in the shared nerve.  
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Figure 3.10 Is MN ablation induces synaptic plasticity in MN11-Ib.  

(A) Representative m11 NMJs labeled with DLG (green) and HRP (magenta) in control 

(A8>GFP) and Is ablated (A8>GFP,rpr,hid) animals. (B) Quantification of Ib boutons from m11 

in control and Is ablated  animals (t(61)=3.408, p=0.0012, unpaired t test). (C) Quantification of 

EPSP amplitudes in control and Is ablated animals (t(17)=3.823, p=0.0021, unpaired t test with 

Welch’s correction). (D) Quantification of QC in control and Is ablated animals (t(17)=3.068, 

p=0.0070, unpaired t test). (E) Quantification of mEPSP frequency in control and Is ablated 

animals (t(17)=0.4256, p=0.6758, unpaired t test). (F) Quantification of mEPSP amplitudes in 

control and Is ablated animals (t(17)=0.2435, p=0.8106, unpaired t test). Error bars indicate 

±SEM. **p<0.01. n (NMJs/larva) are 31/10 and 32/10 for (A-B), 9/9 and 10/8 for (C-F). 
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 Interestingly, we did not observe an increase of mEPSP frequency or mEPSP amplitude 

at MN11-Ib NMJ after Is ablation (Figure 3.10E-F), whereas other Ib MNs innervating m6, m12 

and m4 show compensation of mEPSP frequency (Figure 3.5). We reason that this is due to 

different regulatory mechanisms of individual MNs, as each MNs displays plasticity at different 

levels (Figure 3.11). Specifically, MN6-Ib and MN4-Ib show structural (i.e., bouton numbers), 

spontaneous, and evoked plasticity. MN12-Ib and MN11-Ib show structural plasticity, whereas 

MN12-Ib lacks evoked plasticity and MN11-Ib lacks the spontaneous release plasticity. In 

addition, another study revealed that MN1-Ib compensates the evoked activity but no change in 

structure (Aponte-Santiago et al., 2020). Taken together, these results suggest that (1) Ib synaptic 

plasticity is induced by neuron ablation, rather than loss of local synaptic inputs, (2) different 

MNs show different levels of synaptic plasticity, and (3) each form of synaptic plasticity is likely 

uncoupled. 

 

 

Figure 3.11 Summary of Ib synaptic plasticity after Is ablation.  

Different MNs show plasticity on different levels after Is ablation, including the bouton number 

increase (structure plasticity), increase of mEPSP frequency (plasticity of spontaneous release), 

and the increase of EPSP amplitude (or QC, plasticity of evoked release). N.A. = not applicable. 
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3.3 Discussion 

The major gap this study addresses is to what extent one synaptic input can influence a 

nearby input’s structural and functional plasticity. Here, we examine the Drosophila 

neuromuscular circuit and demonstrate Ib synaptic plasticity upon the ablation of Is MNs. First, 

we established an activity baseline in wild type and uncovered that Ib MNs contribute a unique 

percentage of the total EPSP in a muscle-specific manner. Genetic ablation of Is MNs (vCE and 

dCE) led to expansion of Ib NMJs and elevation of their spontaneous release rates. Furthermore, 

some Ib MNs elevated evoked neurotransmission while others remained unchanged. Here, we 

term this non-cell autonomous synaptic plasticity phenomenon as cross-neuron plasticity. A 

recent study examining m1 found similar Ib functional plasticity when m1-Is was ablated 

(Aponte-Santiago et al., 2020), but no structural compensation. This target specificity indicates 

heterogeneity in the mechanisms of cross-neuron plasticity.  

 

3.3.1 Potential mechanisms underlying cross-neuron plasticity 

As motor neurons, Ib and Is MNs do not form direct synapses with each other. How do 

the Ib MNs detect the ablation of Is MNs? What is the signal that instructs Ib MNs to 

compensate? One important player may be the muscle since muscles normally should receive 

both Ib and Is inputs. After Is MN ablation, the muscle could transmit a signal to the Ib NMJs to 

trigger compensation. Another hypothesis is that glial cells that wrap the MN axons transmit the 

signal. In support of this model, glial cells can detect axonal injuries and affect axon 

transportation in nearby healthy neurons (Hsu et al., 2020). To distinguish these two possibilities, 

we examined muscles that do not receive Is innervation (Figures 3.8-3.10). Surprisingly, we 

observed cross-neuron plasticity in corresponding Ib MNs, suggesting that the signal that triggers 
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cross-neuron plasticity in Ib MNs is likely not transmitted through muscles, but instead, through 

glial cells in the segmental nerve or in the VNC. In addition, these results indicate that cross-

neuron plasticity relies on the ablation of Is MNs, rather than loss of the co-innervated Is MNs. 

In Chapter 4, I will examine the mechanisms underlying cross-neuron plasticity.  

 

3.3.2 Correlation between synaptic weight and target-specific plasticity 

In complex neural circuits, dissecting contributions of individual inputs to the total 

postsynaptic activity, also referred to as synaptic weight (Bhalla, 2008; Magee and Cook, 2000), 

remains difficult due to thousands of converging inputs on a single cell. The larval NMJ 

facilitates the partitioning of synaptic inputs as each muscle is innervated by few MNs. In this 

study, we combined electrophysiology with calcium imaging and found that Ib synaptic weights 

differ on m6, m12, and m4. Taken together with the degree of EPSP compensation after ablation 

of Is MNs, there was a direct correlation with the level of target-specific synaptic weight. Thus, 

robust Ib MNs that carry more synaptic drive may be endowed with certain synaptic plasticity 

mechanisms that respond to loss of adjacent inputs. However, we cannot rule out regulatory roles 

for type II and type III MNs (Chang and Keshishian, 1996; Gorczyca et al., 1993; Koon et al., 

2010) that are present on some muscles. 

Interestingly, a similar correlation exists in Hebbian plasticity, where stronger synapses 

are more likely strengthened than weaker ones (Babadi and Abbott, 2010; Song et al., 2000). 

This correlation is also reflected in PHP. Two studies examined input-specific PHP on different 

muscles: on m4, PHP can be only induced at Ib NMJs (Newman et al., 2017); however, on m6, 

PHP can be induced on both Ib and Is NMJs (Genç and Davis, 2019). This correlates with our 

observation that the MN4-Ib has more synaptic weight than m4-Is, whereas MN6-Ib and m6-Is 
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have similar synaptic weights. Taken together, homeostatic plasticity varies in target-specific and 

input-specific manners, suggesting heterogeneous mechanisms. 

 

3.3.3 Cross-neuron plasticity in other neural circuits 

Mechanisms uncovered at the NMJ can act in more complex circuits in vertebrates. 

Similar to cross-neuron plasticity, cross modal plasticity happens on a larger scale and is 

triggered by sensory deprivation. For example, in blind people the visual cortex is not silent but 

instead, recruited for other sensory processing to augment perceptual, auditory, and attentional 

sensation. In deaf individuals, although the auditory cortex no longer receives input from the 

ears, they can still use specific regions of the cortex to process visual stimuli. In addition, in age- 

and disease-related conditions (A. and William, 2002; Griffith et al., 2014; Mattson and Magnus, 

2006; Salvadores et al., 2017), such as patients and animal models of Alzheimer’s disease, while 

some neurons are depressed in amyloid-β plaque enriched regions, other neurons show a 

compensatory hyperactivation (Busche et al., 2012; Merlo et al., 2019). However, the 

mechanisms underlying these compensatory changes is not clear. Thus, future studies at the NMJ 

and other circuits will elucidate the mechanisms governing how neurons respond to 

dysfunctional neighbors and provide new prospective to therapies for neurodegenerative disease.  

 

3.4 Methods and materials 

Methods and materials for Chapter 3 are described together in Chapter 4. 

  



115 

 

CHAPTER 4 

DRAPER IS REQUIRED FOR CROSS-NEURON PLASTICITY 

 

4.1 Introduction 

In Chapter 3, we described cross-neuron plasticity, a novel form of synaptic plasticity 

that enables nearby MNs to structural and functional compensate when other MNs are ablated. 

The mechanism underlying cross-neuron plasticity is unknown, and here, we examine potential 

signaling pathways. 

 The Is MN axons are housed in nerve bundles that include other MN and SN axons and 

surrounded by three glial cell types (Crews, 2019). Glial processes are interdigitated between and 

around axons and may provide direct signaling between axons (Ackerman et al., 2021; Ahtiainen 

et al., 2021; Hsu et al., 2020; Kottmeier et al., 2020; Lee et al., 2020; Ribot et al., 2021). We 

hypothesize that ablation of Is MNs is detected by glia which then signal to healthy adjacent 

MNs to activate cross-neuron plasticity. Glial cells actively remove axonal debris during 

development and during axon injury through Draper, an engulfment receptor, that recognizes 

“eat me” signals exposed from the axon (Awasaki et al., 2006; Hoopfer et al., 2006; MacDonald 

et al., 2006). Thus, the Draper pathway is an excellent candidate for the detection/delivery of the 

compensatory signal to healthy Ib MNs. Previous studies utilized physical injury to demonstrate 

Draper-dependent axon debris removal (McPhee et al., 2010; Purice et al., 2016; Wu et al., 2009; 

Ziegenfuss et al., 2008), whereas we use genetic ablation to kill specific MNs. Although the 

perturbations are different, they may utilize similar clearance and downstream pathways. 

Therefore, we first examined Draper’s role in debris clearance after MN ablation. Indeed, we 

found that Draper is required to clear Is MN debris in both the VNC and segmental nerve. Next, 
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we examined cross-neuron plasticity and found that loss of draper impairs structural and 

functional changes in MN4-Ib. This result, combined with the requirement of Draper for axon 

debris removal, suggests that the Draper mediated signaling underlies cross-neuron plasticity. A 

recent study using wing sensory neurons demonstrated that Draper signaling in glia is required to 

modulate axonal transport in bystander neurons (Hsu et al., 2020); a similar mechanism may 

detect the ablated MNs and instruct compensatory changes in nearby healthy MNs. Thus, glial 

mechanisms utilized during normal development, such as Draper signaling, may also instruct 

responses to perturbations such as neuron injury and death.  

 

4.2 Results 

4.2.1 Draper is required to efficiently clear debris from degenerating neurons 

Draper-JNK signaling is implicated in axonal debris clearance in several Drosophila 

nerve injury models including axotomy of olfactory and wing sensory neurons (Awasaki et al., 

2006; Logan et al., 2012). However, whether Draper is also involved in clearance of axonal 

debris generated by rpr,hid-induced cell death is not clear. Here, we ablated Is MNs in a draper 

mutant background and examined the morphology and function of MN4-Ib. In the nerve bundle, 

A8>GFP labels the Is axons (Figure 4.1A and A’), which are absent in A8>GFP,rpr,hid larvae 

(Figure 4.1B and B’). However, ablation of Is MNs in draper mutant animals lead to significant 

accumulation of GFP in the segmental nerve (Figure 4.1C-C’ and D-D’), suggesting a failure of 

axonal debris clearance. In addition, the retained GFP signal co-localized with the glial cell 

marker, Repo (Figure 4.1D’). GFP positive glial cells were only observed when Is MNs were 

ablated in draper mutants (Figure 4.1F). There are three types of glial cells in the segmental 

nerve – perineurial glial cells (PG), sub-perineurial glial cells (SPG), and wrapping glial cells 
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(WG). In draper mutant NMJs, GFP was occasionally observed in filopodia-like structures 

(Figure 4.1E and E’). SPG processes can extend into the NMJ, suggesting that these GFP 

positive filopodia may be from SPGs (Fuentes-Medel et al., 2009).   

 Next, we examined the VNC where Is cell bodies and dendrites are located. We found 

complete clearance of VNC debris in wild type animals, but a significant retention of GFP when 

repeating the experiment in draper mutants (Figure 4.1G-K). Interestingly, unlike the GFP 

accumulation in segmental nerve, the GFP signal in the VNC is more diffuse and sometimes 

accumulated in specific cells (Figure 4.1J, arrows).  To determine which cell type clears VNC 

debris independent of Draper, we immunolabeled with Repo, a glial cell marker, and Elav, a 

neuronal marker. Interestingly, these GFP positive cells were not labeled with Repo (Figure 

4.2A-D) or Elav (Figure 4.2E-H), suggesting other cells may be capable of clearing neuronal 

debris in the VNC. In summary, we showed that Draper is required to efficiently remove 

neuronal debris in both the segmental nerve and the VNC. 
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Figure 4.1 Draper is required to remove neuronal debris in segmental nerves and the 

VNC.  

(A-D) Representative images showing the nerve (anti HRP, blue), Is axon (GFP, green) and glial 

cell nuclei (Repo, magenta), in wild type (A8>GFP), Is ablated animals (A8>GFP,rpr,hid), 

draper mutant (draperΔ5) and Is ablation in draper mutant (draperΔ5, A8>GFP,rpr,hid). Dashed 

line indicates place of cross section displayed in A’-D’. Note that GFP signal is retained in the 

outer layer of segmental nerve in D. (E and E’) Representative images of NMJ showing GFP 

positive extension at the NMJ. (F) Quantification of the number of GFP+ glial cells per animal 

(F(3,57)=14.09, p<0.0001, one-way ANOVA). (G-J) Representative images of VNC stained with 

HRP and GFP, showing GFP is retained within the VNC when ablating Is MNs in draper 

mutants. Arrows in J denote GFP accumulation in some cells. (K) Quantification of normalized 

GFP intensity in VNC, (t(12)=7.703, p<0.0001, unpaired t test). ****p<0.0001. n (larva) are 15, 

14, 16 and 16 for (F), 7 and 7 for (K). 
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Figure 4.2 GFP+ debris accumulate in unknown cell type in the VNC.  

(A-D) Representative images showing the Is MNs (GFP, green) and glial cell nuclei (Repo, red), 

in wild type (A8>GFP), Is ablated animals (A8>GFP,rpr,hid), draper mutant (draperΔ5) and Is 

ablation in draper mutant (draperΔ5, A8>GFP,rpr,hid). Arrows in (D)mark GFP+ cells. Note 

that these GFP+ cells are Repo negative. (E-H) Representative images showing the Is MNs 

(GFP, green) and neuronal cell nuclei (Elav, red). Arrows in (H) mark GFP+ cells. Note that 

these GFP+ cells are also Elav negative. 
 

 

4.2.2 Draper is required for cross-neuron plasticity 

After establishing that Draper is required for neuronal debris clearance after Is ablation, 

we asked whether Draper is required for cross-neuron plasticity. We focused on MN4-Ib as it 

shows robust structural and functional plasticity when the adjacent Is MN is ablated. First we 

examined the NMJ size. A previous study reported that draper mutants have enlarged boutons 

with satellite boutons (Fuentes-Medel et al., 2009); therefore, to faithfully analyze Ib NMJ size, 

we labeled Brp to quantify the AZ number of MN4-Ib. We found that Is ablation induced an 

increase in the number of AZs per NMJ, similar to our previously study (Figure 4.3A,B and E). 

In draper mutants, the number of AZs on m4 is similar to wild type, suggesting Draper itself 

does not affect NMJ size (Figure 4.3C and E). Interestingly, when ablating Is MNs in draper 

mutants, we did not observe the increase in AZ number (Figure 4.3D-E). These results suggest 

that Draper is required for the structural changes in cross-neuron plasticity. 
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Figure 4.3 Structural plasticity is absent when Is neurons are ablated in draper mutants.  

(A-D) Representative images showing the AZs (Brp, green) and HRP (magenta), in wild type 

(A8>GFP), Is ablated animals (A8>GFP,rpr,hid), draper mutant (draperΔ5) and Is ablation in 

draper mutant (draperΔ5, A8>GFP,rpr,hid). (E) Quantification of AZ number per NMJ 

(F(3,63)=0.3050, overall p=0.8217, one-way ANOVA). *p<0.05. n (NMJs/larva) are 17/12, 17/12, 

16/12, 17/12, respectively.  
 

 

 Next, we examined whether Draper is required for Ib MN functional plasticity. Ablation 

of Is MNs in a wild type background lead to a decrease in mEPSP amplitude compared to control 

larvae (Figure 4.4A), indicating the loss of the Is-derived mEPSP. Interestingly, we did not 

observe a decrease of mEPSP amplitude when ablating Is MNs in the draper mutant (Figure 

4.4A). This may suggest an increase in postsynaptic glutamate receptor density at Ib NMJs, as 

the removal of Is normally leads to a decrease of overall mEPSP amplitude. Another parameter 

of spontaneous activity is the frequency of release. In a previous study, we found that Is ablation 

elevates mEPSP frequency of Ib MNs. Here, we confirmed the elevated spontaneous release, and 

interestingly, we found that ablation of Is MNs in draper mutants showed the same level of 

mEPSP frequency (Figure 4.4B), suggesting that Draper is not required for spontaneous release 

plasticity. 
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Figure 4.4 Functional plasticity is impaired in draper mutants.  
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Figure 4.4 (continued) (A-D) Representative traces of electrophysiological recordings of wild 

type (A8>GFP), Is ablated animals (A8>GFP,rpr,hid), draper mutants (draperΔ5) and Is ablation 

in draper mutants (draperΔ5, A8>GFP,rpr,hid). (E-H) Quantification of electrophysiological 

properties of wild type (A8>GFP), Is ablated animals (A8>GFP,rpr,hid), draper mutants 

(draperΔ5) and Is ablation in draper mutants (draperΔ5, A8>GFP,rpr,hid). (E) Quantification of 

mEPSP amplitude  (F(3,96)=3.056, overall p=0.0320, one-way ANOVA). (F) Quantification of 

mEPSP frequency (F(3,96)=0.8153, overall p=0.4885, one-way ANOVA). (G) Quantification of 

EPSP (F(3,96)=6.390, overall p=0.005, one-way ANOVA). Grey dashed line represents the 

baseline Ib EPSP. Comparison between Is ablated animals to baseline Ib EPSP: t(32)=4.221, 

p=0.0002, unpaired t test. Comparison between Is ablation in draper mutant to baseline Ib EPSP: 

t(36)=0.1714, p=0.8649, unpaired t test. (H) Quantification of QC (F(3,96)=1.773, overall 

p=0.1575, one-way ANOVA). Grey dashed line represents the baseline Ib QC. Comparison 

between Is ablated animals with baseline Ib QC: t(32)=3.981, p=0.0004, unpaired t test. 

Comparison between Is ablation in draper mutants with baseline Ib QC: t(32)=0.8048, p=0.4262, 

unpaired t test. *p<0.05, **p<0.01, ***p<0.001, ****p<0.001. n (NMJs/larva) are 22/14, 22/11, 

30/22, 26/15, respectively.  

 

MNs also release neurotransmitter in response to action potentials. We examined changes 

in evoked neurotransmission after Is MN ablation in draper mutants. Surprisingly, we found no 

change in EPSP or QC when compared to the control Ib baseline EPSP and QC (Figure 4.4C-D), 

indicating Draper is required for Ib MN evoked neurotransmission plasticity. Taken together, 

these results suggest that (1) functional plasticity is significantly impaired in draper mutants, (2) 

compensation of spontaneous release and evoked release are likely regulated independently, and 

(3) Draper may also function in postsynaptic muscles to regulate glutamate receptor density. 

 

4.3 Discussion 

Cross-neuron plasticity is a new type of synaptic plasticity, and the underlying 

mechanisms are not known. In this study, we examined Drosophila Draper and validated its role 

in cross-neuron plasticity. My preliminary results suggest that Draper is required for clearance of 

neuronal debris generated by programmed cell death, and further, is essential for structural and 
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functional cross-neuron plasticity. This work provides an entry point to further characterize the 

downstream signaling cascade of cross-neuron plasticity. 

 

4.3.1 Specific cell types are responsible for neuronal debris clearance through Draper 

In this study, we found that Draper is required to remove neuronal debris in both the 

VNC and segmental nerves. In draper mutants, significant amounts of GFP positive debris 

remain. We reasoned that this is due to defective engulfment in the primary debris clearing cells 

of the nervous system. Glial cells are important for axonal debris engulfment in many injury 

models (Hsu et al., 2020; MacDonald et al., 2006; Wu et al., 2009), and we hypothesize that glial 

cells are responsible for clearance of Is debris after ablation. Future experiments to validate this 

model will utilize a glial specific driver, Repo-GAL4, to knock down draper with and without 

ablation of Is MNs. In addition, GAL4s that target glial cell subtypes will identify the specific 

glial cell type that requires Draper. 

 Interestingly, we noticed that in draper mutants, GFP positive debris are sometimes 

retained in specific cells, such as SPG in the segmental nerve and unknown cells in the VNC. 

These results suggest that additional cells may provide secondary debris clearance if the glia 

cannot efficiently remove the debris. It will be interesting to examine the molecular differences 

between the primary engulfment cells and the secondary cells with regards to debris clearance, 

and whether different pathways are utilized in the secondary cells. This Draper independent 

debris engulfment could enhance our knowledge of glial cell specialization and their unique 

function in nervous system development. 
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4.3.2 Draper mediates the glial cell response during axonal injury 

In a previous study, Draper-JNK signaling is required in glial cells to efficiently remove 

axonal debris (McPhee et al., 2010; Purice et al., 2016). Activation of JNK signaling leads to the 

activation of the transcription factors dAP-1 and STAT92E which can trigger expression of 

genes involved in cell death/survival, proliferation, metabolism, and migration (Doherty et al., 

2014; Hilu‐Dadia et al., 2018; Lu et al., 2017; Purice et al., 2016). However, it is not understood 

how these glial responses will affect the glial cells themselves and the status of nearby healthy 

neurons. My preliminary results showed an essential role for Draper in cross-neuron plasticity. 

Loss of draper impairs neuronal debris clearance and structural and functional cross-neuron 

plasticity, thus providing a link between the Draper signaling pathway and the compensatory 

neuronal responses. However, a major gap of remains since the current study did not determine 

where Draper is required. In the neuromuscular system, Draper is expressed in muscles and glial 

cells so it is essential to distinguish the role of glial- and muscle-derived Draper (Draper et al., 

2019; Fuentes-Medel et al., 2009; Fullard and Baker, 2014). Given that ablation of Is MNs in 

draper mutants leads to an increase in Ib mEPSP amplitude (no change in overall mEPSP 

amplitude when comparing draper mutants to the Is ablated draper mutants), we hypothesize 

that Draper may function in the muscle to modulate the excessive glutamate receptor expression 

or localization. Tissue specific draper knock down will allow us to tease apart the glial and 

muscle Draper function. 

 

4.3.3 What is the ligand that Draper recognizes? 

Phagocytotic removal of cells and cellular debris is essential for animal development and 

tissue homeostasis. In the Drosophila nervous system, Draper mediated phagocytosis is activated 
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by “eat-me” signals expressed in the degenerating neuron. Several molecules have been reported 

to function as “eat-me” signals, including Six-microns-under (SIMU) (Kurant et al., 2008), 

Pretaporter (Kuraishi et al., 2009), and phosphatidylserine (PS) (Ji et al., 2022; Mazaheri et al., 

2014; Shacham-Silverberg et al., 2018; Tung et al., 2013). SIMU is required for efficient 

apoptotic cell clearance by glial cells. Genetic analysis showed that SIMU acts upstream of 

Draper and likely enables glial cells to recognize apoptotic neurons (Kurant et al., 2008). In 

addition, PS was found on injured axons of mouse neurons and on the severed dendrites of 

Drosophila SNs. Clearance of injured axons and dendrites requires Draper binding to PS (Ji et 

al., 2022; Mazaheri et al., 2014; Shacham-Silverberg et al., 2018; Tung et al., 2013). 

Additionally, another Draper ligand, Pretaporter, was found expressed in apoptotic cells but loss 

of pretaporter did not impair the clearance of the γ neurons during metamorphosis (Kuraishi et 

al., 2009). Therefore, SIMU and PS are potential ligands for Draper to recognize during cross-

neuron plasticity. To test this hypothesis, we can ectopically express SIMU or induce PS 

exposure in Is MNs and examine whether the plasticity in Ib MNs is activated. Alternatively, we 

can generate simu mutations to test if cross-neuron plasticity is blocked as we observed in draper 

mutants.  

In summary, this study generates an intriguing model that the Draper pathway mediates 

cross-neuron plasticity. However, additional research is needed to examine the Draper ligand, 

downstream mechanisms, and the corresponding synaptic changes in Ib MNs (see Chapter 5). 

 

4.4 Methods and materials for Chapter 3 and Chapter 4 
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4.4.1 Drosophila and antibody resources 

Drosophila strains used in Chapter 3 and 4 are listed in table 4.1. Antibodies used in Chapter 3 

and 4 are listed in table 4.2. 

 

4.4.2 Dissection and Immunocytochemistry 

Embryonic dissections were performed as previously described (Ashley et al., 2019). Egg laying 

chambers were setup with adult flies (15-20 females and 10-15 males) and capped with grape 

juice plates (3% agar, 1.3% sucrose, 25% grape juice in water). After six-hour laying periods, 

grape plates covered in embryos were collected. Embryos were staged on double sided tape 

using the autofluorescence and shape of the gut under a Zeiss V20 stereoscope, and then 

dechorionated with a sharpened metal probe and placed on grape juice agar. Embryos were 

transferred to double-sided tape on a Superfrost Plus slide (ThermoFisher #22-037-246) with the 

dissecting area outlined by a PAP pen (Research Products International, #195506), and then 

covered with 0.22µm filtered phosphate buffered saline (PBS) (0.01M Sodium Phosphate, 

150mM Sodium Chloride). Embryos were opened with an electrolytically sharpened tungsten 

wire, removed from the vitellin membrane and then adhered to the charged slide. Dissected 

embryos were washed once with PBS, and then fixed for 30 minutes at room temperature using 

4% paraformaldehyde (Electron Microscopy Sciences). Samples were then washed three times in 

0.05% PBST (PBS with 0.05% TritonX100), and then blocked for 1 hour in 5% normal goat 

serum (5% Goat serum diluted in 0.05% PBST). Samples were incubated in primary antibody 

solutions overnight at 4°C and washed three times in PBST. Samples were then incubated with 

secondary antibody solutions at room temperature for 2 hours and washed three times with 
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PBST. Samples were finally mounted in vectashield (Vector Laboratories) and the coverslip 

sealed with nail polish. 

First and third instar larval dissections were performed as previously described (Ashley et 

al., 2019). Wandering third instar larvae were dissected in PBS on Sylgard-184 (Dow) dishes and 

pinned down using sharpened 0.1 mm Insect Pins (FST #26002-10). For first instar larvae, 

electrolytically sharpened tungsten pins were used to accommodate the size of smaller larvae. 

Samples were then fixed for 30 minutes using 4% paraformaldehyde (or 5 minutes in Bouin’s 

solution for GluRIIA) and then transferred to 0.5 ml Eppendorf tubes. Samples were blocked and 

treated with primary and secondary antibodies as embryo samples above. All larval washes and 

antibody incubations were performed with mild agitation on a nutator.  

 

4.4.3 Image Acquisition 

All imaging was acquired on a Zeiss LSM800 confocal microscope with either a 20X 

plan-apo 0.8NA objective, a 40X plan-neofluar 1.3NA objective, or a 63X plan-apo 1.4NA 

objective. Laser intensity, pinhole and gain were adjusted to increase the signal but avoid 

overexposure. All samples from the same experiment were imaged under identical conditions. 

Representative images are the maximum projection of the corresponding confocal Z stack 

(ImageJ). 

 

4.4.4 Image Analysis 

dCE and vCE identification: Existence of vCE and dCE MNs (two Is type MNs) was confirmed 

in embryos and first instars. dCE was identified by the expression of GFP (A8>GFP), Eve and 

their positions in the ventral nerve cord (VNC). vCE motor neurons were identified by the 
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expression of GFP and their positions in the VNC. Final confirmation was done by identifying 

the muscle innervation patterns in larval abdominal hemisegments. 

Ib bouton counting: Ib bouton counting was performed in third instar samples. Boutons were 

examined using HRP and scored as Is or Ib based on DLG signal, as Is boutons have a smaller 

and dimmer DLG signal than Ib boutons. Satellite boutons were identified as small bud-like 

structures emerging from “parent” boutons. 

BRP and GluRIIA quantification: BRP and GluRIIA signals at Ib NMJs were quantified similar 

to (Han et al., 2020). Briefly, BRP and GluRIIA in Is NMJs were excluded in controls by using 

the GFP signal (A8>GFP) to create a surface boundary (Imaris, Oxford Instruments) and setting 

the BRP and GluRIIA signal intensities inside Is NMJs to zero. Next, a Ib NMJ surface was 

created based on the masked BRP, or GluRIIA, channel and the total intensities of HRP, DLG, 

and BRP or GluRIIA were collected. For normalization, A8>hid,rpr and control samples were 

normalized to corresponding mean control values. For BRP/HRP and GluRIIA/DLG ratios each 

sample was normalized to the sum intensity of either HRP or DLG, respectively. 

 

4.4.5 Electrophysiology and Analysis 

Current clamp recordings were performed as previously described (Meng et al., 2020). 

Third instar larvae were dissected in modified HL3 saline (70 mM NaCl, 5 mM KCl, 10 mM 

MgCl2, 10 mM NaHCO3, 5 mM Trehelose, 115 mM Sucrose, 5 mM HEPES) with 0.3 mM 

calcium. Segmental nerves were cut near the ventral nerve cord to remove VNC input and then 

the larval fillet was perfused with modified HL3 saline containing 0.5 mM calcium. Body-wall 

muscle 6, 12 or 4 in abdominal segment 3 were impaled with 15-30 MΩ sharp electrode filled 

with 3 M KCl and recorded for miniature excitatory postsynaptic potentials (mEPSPs) for 2 
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minutes. All mEPSP amplitudes from the same genotype were pooled together and binned with 

at 0.01mV increments to calculate the cumulative probability.  

Nerves were drawn into a suction electrode and stimulated to elicit excitatory 

postsynaptic potentials (EPSPs). Specifically, for muscle 6 and 12 EPSP recording, the whole 

segmental nerve bundle was stimulated whereas for muscle 4 and muscle 11 EPSP recording, the 

intersegmental nerve (ISN) above muscle 5 was stimulated. For each muscle, 24 EPSPs were 

elicited at 0.2 Hz and the largest 12 EPSPs were averaged to indicate the mean EPSP (while 

measuring EPSPs in A8>hid,rpr, we sometimes observed smaller EPSPs, similar to (Lnenicka 

and Keshishian, 2000).  

Due to non-linear summation of quantal units of large EPSPs, we calculated corrected 

EPSPs using the equation defined by (Martin, 1955) and elaborated by (Feeney et al., 1998). 

Quantal content (QC) was then calculated by dividing the corrected mean EPSP amplitude by the 

mean mEPSP amplitude for each muscle. Specifically, in genotypes where Ib and Is NMJs were 

both present, the mean of the smaller two thirds of mEPSP amplitudes was used to represent the 

Ib-derived mEPSP. This assumption was based on the published spontaneous frequencies of Ib 

and Is MNs (Newman et al., 2017). Then the Ib-derived EPSP was divided by the Ib-derived 

mEPSP amplitude to estimate the Ib-derived QC. Similarly, the Ib+Is EPSP was divided by the 

overall mEPSP amplitude to represent Ib+Is QC. Finally, the Ib-derived QC was normalized to 

the Ib+Is QC to indicate the estimated Ib baseline QC (Ib QC/Ib+Is QC).  

 Paired pulse recordings were performed under two-electrode voltage clamp configuration 

in modified HL3 saline with 0.5 mM calcium. A second sharp electrode with 10-15 MΩ 

resistance was used to inject current. Muscle 6 was clamped at -70 mV and the nerve was 

stimulated by two pulses 20 ms apart at 0.1 Hz. Only muscles with a leak current less than 10 nA 
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were subjected to analysis. Paired pulse ratios (EPSC2/EPSC1) were calculated by dividing the 

second EPSC by the first EPSC. 

Signals were amplified using a MultiClamp 700B (Molecular Devices, MD) (for EPSP 

and mEPSP recordings) or a Geneclamp 500B (MD) (for paired pulse recordings) and digitized 

with a Digidata 1550B (MD). Stimulus was triggered via a Master‐9 stimulator (A.M.P.I.). Data 

was acquired in pCLAMP 10 software (MD) and analyzed using Mini Analysis software 

(Synaptosoft). 

 

4.4.6 GCaMP Imaging coupled with Electrophysiology 

Third instar larvae of MHC-CD8::GCaMP6f-Sh were dissected in modified HL3 saline 

with 0.5 mM calcium and followed the same procedure of electrophysiology. Larval fillets were 

visualized using a Nikon FS microscope with a 40× long‐working distance objective and 

GCaMP positive Ib and Is NMJs of muscle 6, 12 and 4 were illuminated by an Aura II solid state 

illuminator. Together with electrophysiology stimulation, each stimulus triggered a GCaMP 

firing event with the corresponding EPSP. GCaMP signals were scanned and recorded by a PCO 

Edge 4.2 camera and NIS element software. Electrophysiology data was collected as described 

above. Given that Ib MNs have a lower evoked threshold than Is MNs, stimulating voltage was 

tuned to isolate Ib alone firing events and Ib+Is firing events. If a stimulation only triggered 

CaMP firing event at Ib NMJs but not Is NMJs, the corresponding EPSP was counted as Ib alone 

EPSP. If a stimulation triggered GCaMP firing events at both Ib and Is NMJs, the corresponding 

EPSP was counted as Ib+Is EPSP. For each sample, Ib alone EPSPs and Ib+Is EPSPs were 

averaged respectively. Ib alone/Ib+Is was calculated by dividing the mean Ib alone EPSP by the 

mean Ib+Is EPSP of each sample. 
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4.4.7 Experimental design and statistical analysis 

In all experiments, we included A8>GFP to ensure that Is NMJs were present in control 

animals. For experiments with DIP-αnull;A8>GFP larvae, males were selected as DIP-α is on the 

X chromosome. For A8>GFP/+ controls, males were also selected. All statistical analyses were 

performed using Prism 8 software (Graphpad). Average and standard error of the mean (SEM) 

are reported. Outliers are determined by Q-test and excluded from the sample pools. For each 

data point at least eight animals per genotype were dissected and at least two biological 

replicates were examined. All data was assumed to follow a Gaussian distribution. As we were 

making comparisons within specific target cells, and not between targets, most comparisons were 

performed by student t-test (Welch’s correction was used in cases of unequal variance) or 

Kolmogorov-Smirnov test (K-S test). Comparisons between target cells was performed with one-

way ANOVA followed by Tukey test.  
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Table 4.1 Drosophila lines used in this study. 
 

Genotype Source 

w1118 (Carrillo et al., 2015) 

A8-GAL4 (Venkatasubramanian et al., 2019) 

10XUAS-mCD8::GFP BL#32184 

10XUAS-mCD8::GFP,A8-GAL4 This study 

DIP-αnull (Xu et al., 2018) 

UAS-hid,rpr (Zhou et al., 1997) 

UAS-TNT BL#28838 

MHC-CD8::GCaMP6f-Sh (Newman et al., 2017) 

drprΔ5 (Fuentes-Medel et al., 2009) 

 

Table 4.2 Antibodies used in this study. 
 

Antibody Source 

Rabbit anti-GFP 1:500, ThermoFisher #A11122 

Chicken anti-GFP 1:500, ThermoFisher #A10262 

Rabbit anti-Fas2 1:3,500, Budnik Lab (Koh et al., 1999) 

Rabbit anti-DLG 1:40,000, Budnik Lab (Koh et al., 1999) 

Mouse anti-DLG 1:100, 4F3, Developmental Studies Hybridoma Bank 

(DSHB) 

Mouse anti-Eve 1:50, 3C10, Developmental Studies Hybridoma Bank 

(DSHB) 

Mouse anti-Bruchpilot (BRP) 1:50, nc82, Developmental Studies Hybridoma Bank 

(DSHB) 

Mouse anti-GluRIIA 1:50, 8B4D2, Developmental Studies Hybridoma Bank 

(DSHB) 

Goat anti-HRP 405 1:50, Jackson Immunological Research #123-475-021 

Goat anti-HRP-Alexa647 1:50, Jackson Immunological Research #123-605-021 

Goat anti-Mouse-Alexa568 1:500, ThermoFisher #A11031 

Goat anti-Chicken-Alexa488 1:500, ThermoFisher #A11039 

Goat anti-Rabbit-Alexa405 1:500, ThermoFisher #A31556  

Goat anti-Rabbit-Alexa568 1:500, ThermoFisher #A11036 

Goat anti-Rabbit-Alexa647 1:500, ThermoFisher #A32733 
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CHAPTER 5 

DISCUSSION AND FUTURE DIRECTIONS 

 

5.1 Summary 

Brain development is a complex process. Understanding how neurons recognize specific 

synaptic partners to form stereotyped neural circuits requires systematic knowledge about the 

function of wiring molecules expressed in these neurons. Furthermore, after establishing synaptic 

connections, neurons need to maintain robust synaptic function and counteract perturbations. My 

thesis work focused on two distinct but related areas: synaptic connectivity and synaptic 

plasticity. Specifically, in the first study, I asked how two Drosophila CSP subfamilies, the Dprs 

and DIPs, control synaptic recognition by profiling the expression patterns of dprs and DIPs 

using a collection of GAL4 driver lines. I described the expression map of dprs and DIPs in all 

Drosophila larval MNs, muscles, glial cells, and SNs with detailed precision. The diverse but 

unique expression patterns of dprs and DIPs allowed me to identify new MNs and revealed a 

wiring mechanism mediated by Dpr15. This work is recently accepted by the journal 

Development (Wang et al., 2021b). 

 Correct synaptic wiring builds the foundation for synaptic function. However, proper 

brain function also relies on synaptic plasticity that allows for alterations in activity, as required 

for learning and memory, or maintenance of brain homeostasis. A knowledge gap in the field of 

synaptic plasticity is whether and how neurons respond to injured neighbors. Using genetic 

ablation of specific MNs, we found that healthy neurons morphologically and functionally 

compensate for the loss of their neighbors, a process we termed as cross-neuron plasticity. This 

work was published in the Journal of Neuroscience in 2021 (Wang et al., 2021a). To delve into 
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the mechanisms underlying cross-neuron plasticity, I examined the Draper signaling pathway 

which has been implicated in clearance of axon debris during normal synaptic pruning and in 

response to axon injury. Indeed, I found that Draper is required to transmit a signal to nearby 

neurons to drive cross-neuron plasticity. I plan to submit a manuscript for this project later this 

year. Taken together, my Ph.D. work sets the stage for the field to examine Dpr-DIP mediated 

synaptic recognition and described a new form of synaptic plasticity that may be utilized in 

healthy neurons to detect and respond to circuit damage. 

 In the following sections, I discuss some outstanding questions in Dpr-DIP mediated 

synaptic recognition and Draper mediated cross-neuron plasticity and provide my thoughts about 

the approaches to address these questions.  

 

5.2 Elucidating the role of Dprs and DIPs in synaptic development 

Neurons recognize each other through the interactions between CSPs. The Drosophila 

Dprs and DIPs, two subfamilies of the IgSF, have recently been implicated in many aspects of 

neural development, including synaptic recognition, cell survival, synaptic growth, and synaptic 

maintenance (Ashley et al., 2019; Bornstein et al., 2021; Carrillo et al., 2015; Courgeon and 

Desplan, 2019; Menon et al., 2019; Sanes and Zipursky, 2020; Venkatasubramanian et al., 2019; 

Xu et al., 2019, 2022, 2018). Here, I discuss several open questions waiting for the field to 

answer.  

 

5.2.1 Where do Dpr-DIP interactions occur? 

As potential synaptic partner recognition molecules, Dprs and DIPs should localize to 

pre- and postsynaptic structures before synaptogenesis to guide recognition. Indeed, several 
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studies observed localization of Dprs and DIPs to dendritic and axon endings before circuit 

assembly (Ashley et al., 2019; Courgeon and Desplan, 2019). However, Dprs and DIPs are also 

observed at the cell body or along the axon (unpublished data), and we found that glial cells also 

express dpr1. These results suggest that Dpr-DIP pairs may interact at other locations in addition 

to synapses. Studies in the olfactory lobe found that knocking down DIP-η in Or47b ORNs lead 

to Or47b axon mistargeting into Or88a glomerulus without disrupting Or88a integrity (i.e., no 

ectopic synapses between Or47b ORNs and Or88a PNs) (Barish et al., 2018). Therefore, the 

mistargeting of Or47b axons caused by DIP-η knock down is likely due to defects of Or47b 

ORN axon sorting, implying a role of DIP-η in axon-axon or axon-glia interactions. 

 

5.2.2 Could Dpr-DIP interactions negatively regulate synaptic recognition and synaptic 

growth? 

During synaptic development, the default program may allow a neuron to make 

superfluous synapses. Some published evidence supports this model as CSPs not only instruct 

attractive interaction but also mediate repulsive signals or repress synaptic growth (Daiber et al., 

2021; Hughes et al., 2007; Soba et al., 2007; Zarin et al., 2014; Zipursky and Grueber, 2013). 

The Dpr-DIP interactions are also multifaceted because some are absolutely required for specific 

synaptic partner recognition, whereas others may function as repressors of synaptic growth. At 

the larval NMJ, the recognition between the Is MN and m4 completely relies on the interaction 

between Dpr10 and DIP-α (Ashley et al., 2019). Disrupting the Dpr10-DIP-α interaction in any 

form impairs the m4-Is connection, suggesting the Dpr10-DIP-α interaction positively regulates 

m4-Is recognition. In addition, loss of this interaction leads to a partial decrease in innervation 

frequency of the Is MN on other muscles. However, preliminary data indicates that removing 
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other DIPs, such as DIP-ζ, DIP-η, or DIP-θ, in combination with DIP-α, restores the innervation 

frequency on all muscles except m4 (see Appendix B). This suggests that although the Dpr10-

DIP-α interaction promotes the recognition between muscles and Is MN, other DIPs may act as 

negative regulators but are dominated by DIP-α in the wild type condition. 

 In addition, the Dpr11-DIP-γ interaction appears to repress synaptic growth as the lack of 

this interaction leads to the addition of immature satellite boutons on m4 (Carrillo et al., 2015). A 

similar phenotype is observed in the adult visual system where knocking down or overexpressing 

DIP-β or DIP-γ lead to ectopic synapse formation by the L cells (Xu et al., 2019). Taken 

together, these results suggest that Dpr-DIP interactions are more complicated than initially 

proposed. Dpr-DIP hetero- and homophilic interactions encompass 52 potential pairs but only a 

small subset has been examined. Future experiments will determine if other Dpr-DIP pairs are 

attractive, repulsive, or both depending on the context.  

 

5.2.3 What are the underlying mechanisms of Dpr and DIP interactions? 

Although many studies have examined the role of Dpr-DIP interactions, the underlying 

mechanism(s) remains unknown. Some insight in Dpr-DIP mediated signaling was revealed from 

experiments in the Drosophila NMJ. Genetic interaction tests showed that the Dpr11-DIP-γ 

interaction may regulate synaptic development through the BMP signaling pathway (Carrillo et 

al., 2015); however, we lack details about whether they interact directly or indirectly. Here, we 

discuss potential mechanisms underlying Dpr-DIP interactions. 

Most Dprs and DIPs do not contain obvious transmembrane domains. Preliminary results 

from my colleagues, Meike Lobb-Rabe and Viola Nawrocka, showed that many Dprs and DIPs 

have a GPI anchor which can be cleaved by phospholipase C. These data suggest that Dprs and 
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DIPs may act as co-receptors or may even be released to the extracellular space. Previous 

interactome screens only focused on a subset of cell surface proteins so additional interactors 

may exist. For example, in (Özkan et al., 2013), the Zinn and Garcia labs examined 202 CSPs 

out of approximately 1000 CSPs encoded in the Drosophila genome. Therefore, Dprs and DIPs 

may interact directly with other CSPs and/or the interactions between Dprs and DIPs may recruit 

other CSPs to transmit a downstream signal. To identify new interactors, potential approaches 

include in vivo proximity labeling (Li et al., 2020), high-throughput interaction assays, 

immunoprecipitation/mass spectrometry, and yeast two-hybrid. 

 Extracellular vesicles (EVs) are a novel communication strategy to transmit signals or 

cellular contents between cells, including MNs and muscles (Ashley et al., 2018) and 

interneuronally (Vilcaes et al., 2021). Thus, EVs are another potential mechanism to convey 

Dpr-DIP interaction to the downstream intercellular signal. EVs are generated by invagination of 

a multivesicular body and contain cytosolic proteins, membrane associated proteins, and even 

RNAs, which were found to affect synaptic growth, synaptic function, and plasticity (Abels and 

Breakefield, 2016). One open question is whether EVs are non-selective or instead, targeted to 

specific cells (Mulcahy et al., 2014). CSPs are presented on the outer leaflet of EVs suggesting 

that CSP interactions may contribute to EV-target cell recognition. One interesting hypothesis is 

that Dpr-DIP interactions may guide, or promote, EV fusion to transfer intercellular signals 

without the need of a transmembrane domain. Profiling the membrane proteins in purified EVs 

derived from cultured neurons will provide insight into whether Dprs and DIPs are involved. If 

so, dampening the EV generation process may recapitulate some of the dpr and DIP mutant 

phenotypes.  
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5.3  How do Ib MNs respond to Draper mediated signals and Is ablation? 

In Chapter 4, I demonstrated cross-neuron plasticity upon Is ablation and showed that 

Draper is involved in the signal transduction pathway. However, MNs do not form direct 

contacts with each other, suggesting that Draper mediated signals must be mediated through 

intermediate cells. In the Discussion section of Chapter 4, I proposed potential sites of Draper 

function, including muscles and glial cells. Notably, no matter where Draper is required, 

significant changes in Ib MNs accommodate the structural and functional plasticity that occurs 

after Is ablation. Here, I propose experiments to elucidate the detailed changes of Ib MNs. 

 

5.3.1 Examining the transcriptome of Ib MNs upon Is ablation 

Is ablation induced structural compensation in Ib MNs requires additional synaptic 

materials to be produced, or at least, to be transported into terminal boutons. It would be of great 

interest to examine the Ib MN transcriptome as it will reveal genes required for cross-neuron 

plasticity. To isolate Ib MNs in wild type and Is ablated animals, we can label Ib and Is MNs 

with different fluorescent proteins, followed by VNC dissociation and Fluorescence-activated 

cell sorting (FACS). Sorted Ib MN cell bodies can be subjected to bulk RNAseq or single cell 

RNAseq. We would expect to uncover up- or down- regulation of specific genes upon Is 

ablation. These genes can be further examined by loss-of-function and gain-of-function analyses 

in the Ib MNs together with Is ablation. Ideally, we could uncover a signal cascade in the Ib MNs 

as they respond to Is ablation. Similar approaches can also be used to examine the transcriptional 

changes in glial cells upon Is ablation.  
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5.3.2 Exploring the synaptic machinery of Ib NMJs 

In addition to structural plasticity, Ib MNs also display significant changes of synaptic 

release, which can be regulated independent of transcription and translation. In addition to the 

systematic transcriptome profiling of Ib MNs, we can also take a bottom-up approach by 

examining known synaptic machinery components. For example, the increase of evoked 

neurotransmitter release could be due to an increase of Ca2+ channel abundance, and the increase 

of spontaneous release may be caused by a reduction of the spontaneous release inhibitor, 

Complexin (Cho et al., 2014; Choi et al., 2014). These proteins can be examined by endogenous 

tagging or antibody staining. If any changes in protein abundance or localization are observed, 

we can proceed to examine the upstream regulators of these proteins. 

 In addition to these synaptic machinery proteins, subcellular dynamics of synaptic 

vesicles are also under precise control and are highly tunable during synaptic plasticity. For 

example, the size of the readily releasable pool (RRP) was found to increase during PHP, thus 

leading to an increase in QC (Guan et al., 2020; Li et al., 2018a; Ruiz et al., 2011; Wang et al., 

2016). In addition, the number of functional release sites and release probability (Pr) were found 

to decrease after application of an anesthetic drugs (Karunanithi et al., 2020a). Several methods 

can be used to examine the dynamics of synaptic vesicles. For example, focal macropatch 

recordings can specifically predict the number of functional release sites and Pr at individual 

synapses (Karunanithi et al., 2020b, 2020a, 2018). These parameters can also be measured by 

Ca2+ imaging which allows direct visualization of synaptic vesicle fusion (Akbergenova and 

Littleton, 2017; Newman et al., 2022, 2017; Peled et al., 2014). In addition, traditional dye fill 

experiments or electron microscopy can provide information about the size of RRP (Gaffield and 
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Betz, 2006; Hoopmann et al., 2012). Overall, if any of these factors change upon Is ablation, we 

can begin to examine upstream mechanisms.   

 

5.4 Conclusions 

My research in the Drosophila neuromuscular system uncovered fundamental 

mechanisms of neural development and plasticity. In the first part of my thesis work, the 

expression map of Dprs and DIPs greatly expands our knowledge of the spatial and temporal 

dynamics of these CSPs and provides insights to further examine their function. Specifically, the 

expression map can guide candidate selection, such as those commonly or differentially 

expressed Dprs and DIPs and can instruct examination of Dprs and DIPs that may act 

redundantly. In the second part of my work, I examined synaptic activity from individual inputs 

and demonstrated a new form of synaptic plasticity, which we named cross-neuron plasticity. We 

showed the potential for healthy neurons to compensate, both structurally and functionally, for 

the loss of damaged circuit components. Additionally, we characterized a key protein, Draper, as 

a component of the cross-neuron plasticity signaling pathway. The mechanisms underlying 

synaptic connectivity and plasticity revealed in the Drosophila neuromuscular circuit will benefit 

our understanding of vertebrate neural development, ageing, and the progression of 

neurodegenerative diseases.  
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APPENDIX A 

 

Deficiency screen uncovers transcriptional regulators of DIP-α 

Dpr-DIP interactions are implicated in multiple processes such as synaptic recognition, 

cell survival, and synaptic growth (Ashley et al., 2019; Bornstein et al., 2021; Carrillo et al., 

2015; Courgeon and Desplan, 2019; Menon et al., 2019; Sanes and Zipursky, 2020; 

Venkatasubramanian et al., 2019; Xu et al., 2019, 2022, 2018). However, outstanding questions 

about Dprs and DIPs remain (see 1.2.4), including signaling pathways and mechanisms that 

regulate their expression. One approach to uncover upstream and downstream mechanisms is to 

identify genetic interactors.  

Here, we conducted an F1 dominant modifier screen using the Bloomington Deficiency 

(Df) Kit to identify interactors in the Dpr10-DIP-α pathway. We previously showed that the 

Dpr10-DIP-α interaction is required for innervation of larval m4: loss of DIP-α or dpr10 results 

in complete loss of m4-Is innervation (Ashley et al., 2019). Based on this phenotype, we created 

a transheterozygous sensitized background (DIP-α-GAL4/+; UAS-2×EGFP/+; dpr10null/+) 

which expresses GFP in Is MNS; this sensitized line revealed a decrease to 50% m4-Is 

innervation (Figure A1). This sensitized background was combined with third chromosome Df 

lines, and the Is innervation frequency was scored on m13, m12, m4 and m3 (Figure A2.A-D). If 

a Df lines exacerbates or rescues the innervation defect on m4, we hypothesize that a gene within 

the Df may be part of the Dpr10/DIP-α pathway. Here, we found one Df line (BL#9226) that 

significantly decreased m4-Is innervation when combined in the sensitized background (Figure 

A2.D). Interestingly, we also observed many Df lines that rescue the defect of m4-Is innervation 

frequency (Figure A2.D). BL#9226 has a 900kb deletion that covers 25 genes. To map the loci 

of our gene(s) of interest, we conducted a sub-screen using additional Df lines that overlap with 
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the deletion in BL#9226 (Figure A3.A-B). We observed a similar decrease of m4-Is innervation 

frequency with one partially overlapping Df and proceeded to examine all genes with known 

neuronal function within this region, including Auxilin, Abstrakt, Complexin, Vps24, 

Huckebein, Contactin, Tube, Lost, 5-HT2A, Spartin, Opa and Ctrip. We found that partial loss of 

huckebein (hkb) in the sensitized background significantly decreased m4-Is innervation (Figure 

A3.C), suggesting hkb genetically interacts with dpr10 or DIP-α.  

Next, we asked how hkb may interact with dpr10 or DIP-α. Hkb is a hox gene expressed 

in a subset of neurons, including the dorsal Is MN that innervates m4 and expresses DIP-α 

(Bossing et al., 1996; Brönner and Jäckle, 1996; Chu-LaGraff et al., 1995; Lundell et al., 1996). 

Hkb is known to control the expression of a transcriptional repressor, Eve, specifically in the 

dorsal Is MN (also known as RP2) and is required for RP2 fate determination and pathfinding 

(Bossing et al., 1996). We hypothesized that Hkb is part of the regulatory mechanism that 

instructs DIP-α expression. To test this model, I combined an endogenously tagged DIP-α (DIP-

α-EGFP) with different hkb mutants to examine DIP-α expression. hkb mutants are lethal by 

embryonic stage 16 so we examined embryonic stage 15. In control animals, we observed 

expression of DIP-α-EGFP in the Eve positive RP2 MN and the Eve negative RP5 MN (Figure 

A4.A). Surprisingly, two different hkb mutants showed a complete loss of DIP-α expression in 

RP2, but not in RP5, suggesting that Hkb controls DIP-α expression specifically in RP2 (Figure 

A4.B-C). This result correlates with the m4 innervation defects we observed in hkb, DIP-α, 

dpr10 triple heterozygotes.  

Taken together, we found that the transcription factor Hkb is required for DIP-α 

expression specifically in RP2. Further studies are required to examine how Hkb controls RP2 

pathfinding, and to explore how Hkb regulates DIP-α expression. 
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Materials and Methods 

Drosophila and antibody resources 

Drosophila lines used for screen is listed in Table A1. Other lines used in this study are: 

DIP-α>GAL4; UAS-2×EGFP/CyO (sensitized line); DIP-α-EGFP(Ashley et al., 2019); 

dpr10null/TM6,Tb; hkb[A321A1]/TM6 (BL#2059); hkb2/TM6 (BL#5457); Antibodies used in this 

study is listed in Table A2.  

Deficiency screen 

Males from each Df line were crossed to females from the sensitized line and 6-30 larvae 

were dissected and analyzed for Is innervation of m13, m12, m4 and m3. If any boutons were 

observed on respective muscles, then it is scored as “1”, otherwise “0”. Analyses were performed 

on A2-A6. Significant threshold was determined by Chi-square test. 

Dissection and immunostaining 

Dissection and immunostaining were performed as previous described in Chapter 2-4 

unless otherwise noted.  
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Figure A1 m4-Is innervation frequency is approximately 50% in the sensitized 

background. 

Representative images stained with GFP (green), DLG (red), and HRP (blue) in sensitized 

background (DIP-α>GAL4/+; UAS-2×EGFP/+; dpr10null/+), showing m4 with Is MN 

innervation (left) and m4 without Is innervation (right). 
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Figure A2 Innervation frequency of screened Df lines.  

(A-D) Innervation frequency of m13-Is (A), m12-Is (B), m3-Is (C) and m4-Is (D) when 

combining the Df line with the sensitized background. Each column represents one Df line. Grey 

dashed lines represent significance threshold. Chi-square test, threshold is set at p=0.05, p=0.01. 
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Figure A3 Sub-screen of BL#9226 identifies the DIP-α genetic interactor, hkb.  

(A) Schematic showing the region of the Df deletion and the overlapping Df lines (L and R). (B) 

Sub-screen of overlapping Df lines found that the left Df also shows a decrease of m4-Is 

innervation frequency. (C) Sub-screen of individual genes found that hkb is a genetic interactor 

of dpr10 or DIP-α. Interestingly, other mutations, including auxilin, complexin and lost, could 

rescue the decrease of m4-Is innervation. Chi-square test, *p<0.05, **p<0.01, ****p<0.0001. 
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Figure A4 Expression of DIP-α-EGFP in hkb mutants.  

(A-C) Representative images showing DIP-α-EGFP (green), Eve (red), and FasII (magenta) in 

control (DIP-α-EGFP), hkb2 mutant (DIP-α-EGFP; hkb2/hkb2), and hkb2/hkbA321R1 (DIP-α-

EGFP; hkb2/hkbA321R1). In control animals, DIP-α-EGFP is expressed in both RP2 and RP5 by 

stage 15, highlighted by arrows (A). In hkb mutants, DIP-α-EGFP is no longer expressed in RP2. 

Also, Eve staining is lost in RP2 (marked by dashed circles), and DIP-α-EGFP expression in RP5 

is not affected (highlighted by arrows in B and C).  



148 

 

Table A1 Df lines used in this study. 
 

BL Number or 

targeted gene 

Genotype 

1842 Df(3R)Antp17/TM3, Sb[1] Ser[1] 

1990 Df(3R)Tpl10, Dp(3;3)Dfd[rv1], kni[ri-1] Dfd[rv1] p[p] Doa[10]/TM3, Sb[1] 

2352 Df(3R)X3F, P{ry[+t7.2]=RP49}mtg[P2] e[1]/MKRS 

2596 Df(3L)6B-29+Df(3R)6B-29, kni[ri-1] p[p]/TM3, Ser[1] 

2597 Df(3R)10-65, kni[ri-1] p[p]/TM3, Ser[1] 

3486 Df(3R)Ubx109/Dp(3;3)P5 

6962 w[1118]; Df(3R)ED2, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}koko[ED2]/TM6C, 

cu[1] Sb[1] 

7443 Df(3R)BSC47, st[1] ca[1]/TM3, P{w[+m*]=Ubx-lacZ.w[+]}TM3, Sb[1] 

8029 w[1118]; Df(3R)ED5577, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5577/TM6C, 

cu[1] Sb[1] 

8103 w[1118]; Df(3R)ED5177, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5177/TM6C, 

cu[1] Sb[1] 

8105 w[1118]; Df(3R)ED6232, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6232/TM6C, 

cu[1] Sb[1] 

8684 w[1118]; Df(3R)ED6096, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6096/TM6C, 

cu[1] Sb[1] 

8685 w[1118]; Df(3R)ED7665, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED7665/TM6C, 

cu[1] Sb[1] 

8957 w[1118]; Df(3R)ED5514, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5514/TM6C, 

cu[1] Sb[1] 

8964 w[1118]; Df(3R)ED6025, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6025/TM6C, 

cu[1] Sb[1] 

8965 w[1118]; Df(3R)ED5156, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5156/TM6C, 

cu[1] Sb[1] 

9077 w[1118]; Df(3R)ED5330, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5330/TM6C, 

cu[1] Sb[1] 

9082 w[1118]; Df(3R)ED5474, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5474/TM6C, 

cu[1] Sb[1] 

9084 w[1118]; Df(3R)ED5518, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5518/TM6C, 

cu[1] Sb[1] 

9090 w[1118]; Df(3R)ED5644, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5644/TM6C, 

cu[1] Sb[1] 

9152 w[1118]; Df(3R)ED5705, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5705/TM3, 

Ser[1] 

9204 w[1118]; Df(3R)ED5339, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5339/TM6C, 

cu[1] Sb[1] 

9210 w[1118]; Df(3R)ED6255, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6255/TM6C, 

cu[1] Sb[1] 

9211 w[1118]; Df(3R)ED6220, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6220/TM6C, 

cu[1] Sb[1] 

9226 w[1118]; Df(3R)ED5100, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5100/TM6C, 

cu[1] Sb[1] 
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Table A1 continued 

9227 w[1118]; Df(3R)ED5428, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5428/TM6C, 

cu[1] Sb[1] 

9481 w[1118]; Df(3R)ED10639, 

P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED10639/TM6C, cu[1] Sb[1] 

9482 w[1118]; Df(3R)ED10642, 

P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED10642/TM6C, cu[1] Sb[1] 

9487 w[1118]; Df(3R)ED10845, 

P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED10845/TM6C, cu[1] Sb[1] 

24137 w[1118]; Df(3R)ED5664, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5664/TM6C, 

cu[1] Sb[1] 

24139 w[1118]; Df(3R)ED5938, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5938/TM6C, 

cu[1] Sb[1] 

24142 w[1118]; Df(3R)ED6346, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6346/TM6C, 

cu[1] Sb[1] 

24143 w[1118]; Df(3R)ED6361, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6361/TM6C, 

cu[1] Sb[1] 

24516 w[1118]; Df(3R)ED50003, 

P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED50003/TM6C, cu[1] Sb[1] 

24909 w[1118]; Df(3R)BSC321/TM6C, Sb[1] cu[1] 

24965 w[1118]; Df(3R)BSC461/TM6C, Sb[1] cu[1] 

24968 w[1118]; Df(3R)BSC464/TM6C, Sb[1] cu[1] 

24970 w[1118]; Df(3R)BSC466/TM6C, Sb[1] cu[1] 

24971 w[1118]; Df(3R)BSC467/TM6C, Sb[1] cu[1] 

24973 w[1118]; Df(3R)BSC469/TM6C, Sb[1] cu[1] 

24980 w[1118]; Df(3R)BSC476/TM6C, Sb[1] cu[1] 

24983 w[1118]; Df(3R)BSC479/TM6C, Sb[1] cu[1] 

24990 w[1118]; Df(3R)BSC486/TM6C, Sb[1] cu[1] 

24993 w[1118]; Df(3R)BSC489/TM6C, Sb[1] cu[1] 

25001 w[1118]; Df(3R)BSC497/TM6C, Sb[1] cu[1] 

25005 w[1118]; Df(3R)BSC501/TM6C, Sb[1] cu[1] 

25006 w[1118]; Df(3R)BSC502/TM6C, Sb[1] cu[1] 

25007 w[1118]; Df(3R)BSC503/TM6C, Sb[1] cu[1] 

25008 w[1118]; Df(3R)BSC504/TM6C, Sb[1] cu[1] 

25011 w[1118]; Df(3R)BSC507/TM6C, Sb[1] cu[1] 

25019 w[1118]; Df(3R)BSC515/TM6C, Sb[1] cu[1] 

25075 w[1118]; Df(3R)BSC547/TM6C, Sb[1] 

25077 w[1118]; Df(3R)BSC549/TM6C, Sb[1] 

25390 w[1118]; Df(3R)BSC567/TM6C, Sb[1] 

25694 w[1118]; Df(3R)BSC619/TM6C, cu[1] Sb[1] 

25695 w[1118]; Df(3R)BSC620/TM6C, cu[1] Sb[1] 

25696 w[1118]; Df(3R)BSC621/TM6C, cu[1] Sb[1] 

25724 w[1118]; Df(3R)BSC633/TM6C, cu[1] Sb[1] 

25740 w[1118]; Df(3R)BSC650/TM6C, Sb[1] cu[1] 
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Table A1 continued 

26529 w[1118]; Df(3R)BSC677, P+PBac{w[+mC]=XP3.WH3}BSC677/TM6C, Sb[1] 

cu[1] 

26533 w[1118]; Df(3R)BSC681, P+PBac{w[+mC]=XP3.RB5}BSC681/TM6C, Sb[1] 

cu[1] 

26580 w[1118]; Df(3R)BSC728, P+PBac{w[+mC]=XP3.RB5}BSC728/TM6C, Sb[1] 

cu[1] 

26836 w[1118]; Df(3R)BSC738/TM6C, Sb[1] cu[1] 

26839 w[1118]; Df(3R)BSC741/TM6C, Sb[1] cu[1] 

26846 w[1118]; Df(3R)BSC748, P+PBac{w[+mC]=XP3.WH3}BSC748/TM6C, Sb[1] 

cu[1] 

26847 w[1118]; Df(3R)BSC749, P+PBac{w[+mC]=XP3.WH3}BSC749/TM6C, Sb[1] 

cu[1] 

26848 w[1118]; Df(3R)BSC750/TM6C, Sb[1] cu[1] 

27362 w[1118]; Df(3R)BSC790, P+PBac{w[+mC]=XP3.WH3}BSC790/TM6C, Sb[1] 

cu[1] 

27365 w[1118]; Df(3R)BSC793/TM6C, Sb[1] cu[1] 

27404 w[1118]; Df(3R)FDD-0317950/TM6C, Sb[1] cu[1] 

27580 w[1118]; Df(3R)BSC819, P+PBac{w[+mC]=XP3.RB5}BSC819/TM6C, Sb[1] 

cu[1] 

29667 w[1118]; Df(3R)ED6280, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6280/TM6C, 

cu[1] Sb[1] 

29997 w[1118]; Df(3R)BSC874, P+PBac{w[+mC]=XP3.WH3}BSC874/TM6C, Sb[1] 

cu[1] 

64425 w[*]; Df(3R)ED10555, 

P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED10555/P{ry[+t7.2]=neoFRT}82B 

P{w[+mC]=ovoD1-18}3R/TM3, Sb[1] 

7633 w[1118]; Df(3R)Exel6154, P{w[+mC]=XP-U}Exel6154/TM6B, Tb[1] 

7634 w[1118]; Df(3R)Exel6155, P{w[+mC]=XP-U}Exel6155/TM6B, Tb[1] 

7638 w[1118]; Df(3R)Exel6159, P{w[+mC]=XP-U}Exel6159/TM6B, Tb[1] 

7675 w[1118]; Df(3R)Exel6196, P{w[+mC]=XP-U}Exel6196/TM6B, Tb[1] 

7676 w[1118]; Df(3R)Exel6197, P{w[+mC]=XP-U}Exel6197/TM6B, Tb[1] 

7680 w[1118]; Df(3R)Exel6201, P{w[+mC]=XP-U}Exel6201/TM6B, Tb[1] 

7681 w[1118]; Df(3R)Exel6202, P{w[+mC]=XP-U}Exel6202/TM6B, Tb[1] 

7682 w[1118]; Df(3R)Exel6203, P{w[+mC]=XP-U}Exel6203/TM6B, Tb[+] 

7692 w[1118]; Df(3R)Exel6214, P{w[+mC]=XP-U}Exel6214/TM6B, Tb[1] 

7731 w[1118]; Df(3R)Exel6264, P{w[+mC]=XP-U}Exel6264/TM6B, Tb[+] 

7737 w[1118]; Df(3R)Exel6270, P{w[+mC]=XP-U}Exel6270/TM6B, Tb[1] 

7739 w[1118]; Df(3R)Exel6272, P{w[+mC]=XP-U}Exel6272/TM6B, Tb[1] 

7983 w[1118]; Df(3R)Exel7328/TM6B, Tb[+] 

7997 w[1118]; Df(3R)Exel7378/TM6B, Tb[1] 

9497 w[1118]; Df(3R)BSC137/TM6B, Tb[+] 

9500 w[1118]; Df(3R)BSC140/TM6B, Tb[+] 

9501 w[1118]; Df(3R)BSC141/TM6B, Tb[+] 

30592 w[1118]; Df(3R)BSC887/TM6B, Tb[+] 
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Table A1 continued 

9347 w[1118]; Df(3R)ED6187, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6187/TM2 

8923 w[1118]; Df(3R)ED6085, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED6085/TM2 

7413 Df(3R)BSC43, st[1] ca[1]/TM2, p[p] 

8104 w[1118]; Df(3R)ED5780, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5780/TM2 

9208 w[1118]; Df(3R)ED5815, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5815/TM2 

25021 w[1118]; Df(3R)BSC517/TM2 

37537 w[1118]; Df(3R)ED5623, P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5623/TM2 

8967 y[*] w[1118]/Dp(1;Y)y[+]; Df(3R)ED5147, 

P{w[+mW.Scer\FRT.hs3]=3'.RS5+3.3'}ED5147/TM6C, cu[1] Sb[1] 

1467 Dp(3;1)P115/+; Df(3R)P115, e[11]/TM1, Sb 

2155 Df(3R)A113/In(3R)C, Sb[1] cd[1] Tb[1] ca[1]; Dp(3;1)34 

2234 Df(3R)R133, B[S]/TM3, Sb[1]; Dp(3;1)124P 

3547 Df(3R)L127/TM6; Dp(3;1)B152 

6367 Df(3R)slo3/MKRS; Dp(3;2)slo3/+ 

auxilin w[*]; aux[D128]/TM6B, P{w[+mW.hs]=Ubi-GFP.S65T}PAD2, Tb[1] 

abstrakt P{ry[+t7.2]=PZ}abs[00620] ry[506]/TM3, ry[RK] Sb[1] Ser[1] 

complexin y[1] w[*]; Mi{y[+mDint2]=MIC}cpx[MI00784]/TM3, Sb[1] Ser[1] 

vps24 y[1] w[67c23]; P{w[+mC] y[+mDint2]=EPgy2}Vps24[EY04708]/TM3, Sb[1] 

Ser[1] 

huckebein hkb[A321R1]/TM3, Sb[1] Ser[1] 

contactin w[1118]; P{w[+mC]=EP}Cont[G5080]/TM6C, Sb[1] 

tube y[1] w[67c23]; P{w[+mC] y[+mDint2]=EPgy2}tub[EY12337] 

tube st[1] tub[2] e[1]/TM8, l(3)DTS4[1] 

tube y[1] sc[*] v[1] sev[21]; P{y[+t7.7] v[+t1.8]=TRiP.HMS05426}attP40 

lost y[1] w[67c23]; P{w[+mC] y[+mDint2]=EPgy2}lost[EY11645] 

5-HT2A y[1] w[*]; Mi{y[+mDint2]=MIC}5-HT2A[MI03299] 

spartin y[1] sc[*] v[1] sev[21]; P{y[+t7.7] v[+t1.8]=TRiP.HMS01641}attP40 

opa opa[tsl25]/TM3, Sb[1] 

ctrip y[1] w[*]; Mi{y[+mDint2]=MIC}ctrip[MI14762]/TM3, Sb[1] Ser[1] 

 

Table A2 Antibodies used in this study. 

Antibody Concentration and Source 

Rabbit anti-GFP 1:40k, gift from Michael Glozter, University of Chicago 

Rabbit anti-Eve 1:1000, gift from Ellie Heckscher, University of Chicago 

Mouse anti-DLG 1:100, Developmental Studies Hybridoma Bank 4F3 

Mouse anti-FasII 1:100, Developmental Studies Hybridoma Bank 1D4 

Goat anti-Rabbit Alexa 488 1:500, Invitrogen A11008 

Goat anti-Rabbit Alexa 568 1:500, Invitrogen A11036 

Goat anti-Mouse Alexa 568 1:500, Invitrogen A11031 

Goat anti-Mouse Alexa 647 1:500, Invitrogen A32728 

Goat anti-HRP Alexa 647 1:100, Jackson Immunological Research 123-605-021 

Goat anti-HRP Alexa 405 1:100, Jackson Immunological Research 123-475-021 
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APPENDIX B 
 

Examining the redundancy of DIPs in Is MN innervation 

A previous study from our lab found that Dpr10-DIP-α interactions are required for m4-Is 

innervation. Loss of DIP-α in Is MNs lead to a complete loss of Is innervation on m4, but only 

partial loss of Is innervation on other muscles, including m12, m13 and m3, suggesting 

redundant mechanisms are required for Is innervation on these muscles (Ashley et al., 2019). 

From the expression map of dprs and DIPs (Chapter 3), we found that Is MNs express several 

DIPs, including DIP-γ, -ε, -ζ, -η, -θ and -κ. We hypothesized that some of these DIPs act 

redundantly with DIP-α to instruct Is MN-muscle recognition. Here, we focused on DIP-ζ, -η and 

-θ as they are expressed at high levels in Is MNs. We generated a series of mutations including 

single, double, triple or quadruple knock outs of different DIP-α, -ζ, -η and -θ combinations, and 

examined the Is innervation frequency on m13, m12, m4 and m3. 

We found that simultaneous loss of DIP-η and DIP-θ, or DIP-η, DIP-θ, and DIP-ζ do not 

affect the innervation frequency of all four muscles compared to controls (Figure B1.A-D, dark 

grey bars), in contrast to the DIP-α single mutant. Interestingly, when we combined the DIP-α 

mutant with other DIP mutants, we observed two phenotypes. For m3 and m4, which are 

innervated by dCE, the other DIPs are not involved in MN-muscle recognition (Figure B1.A-B), 

as in the double mutant of DIP-α and DIP-θ, the triple mutant of DIP-α, DIP-η and DIP-θ, or the 

quadruple mutant of DIP-α, DIP-η, DIP-θ and DIP-ζ, m3-Is and m4-Is innervation frequencies 

are the same as in the DIP-α single mutant. Conversely, for m12 and m13, which are innervated 

by vCE, other DIPs are involved (Figure B1.C-D), as in the double mutant of DIP-α and DIP-θ, 

the triple mutant of DIP-α, DIP-η and DIP-θ, or the quadruple mutant of DIP-α, DIP-η, DIP-θ 
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and DIP-ζ, m12-Is and m13-Is innervation frequency are significantly rescued compared to DIP-

α single mutant. 

These results suggest that (1) different DIPs may act in the same pathway to control MN-

muscle recognition; (2) different MNs may utilize different mechanisms. Further experiments 

including MN specific knock down or MN specific rescue are required to tease apart the unique 

functions of each DIP. 

  

Material and method 

Drosophila and antibody resources 

Drosophila lines used in this study are: DIP-α7-1; DIP-η/θ-Df; DIP-ζCR (generated by Dr. 

James Ashley); DIP-η/θ-Df, DIP-ζCR (generated by Dr. James Ashley); A8-GAL4,10XUAS-GFP. 

Antibodies used in this study are: Mouse anti-DLG (1:100, Developmental Studies Hybridoma 

Bank 4F3); Rabbit anti-GFP (1:40k, gift from Michael Glozter, University of Chicago); Goat 

anti-Mouse Alexa 568 (1:500, Invitrogen A11031); Goat anti-Rabbit Alexa 488 (1:500, 

Invitrogen A11008); Goat anti-HRP Alexa 647 (1:100, Jackson Immunological Research 123-

605-021). 

Dissection and immunostaining 

Dissection and immunostaining were performed as previous described in Chapter 2-4 

unless otherwise noted. 
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Figure B1 Is innervation frequency of m3, m4, m12 and m13 in different DIP mutant 

backgrounds.  

(A-B) Innervation frequency of m3-Is (A) and m4-Is (B). In control animals, m3 and m4 have a 

near 100% Is innervation frequency, which is impaired by loss of DIP-α but not affected in other 

DIP mutants, including the DIP-η and DIP-θ double mutant and the DIP-η, DIP-θ, and DIP-ζ 

triple mutant. Mutating DIP-α together with other DIPs lead to a decrease of m3-Is and m4-Is 

innervation frequency, similar to the DIP-α single mutant. (C-D) Innervation frequency of m12-

Is (C) and m13-Is (D). In control animals, m12 and m13 have a near 100% Is innervation 

frequency, which is impaired by loss of DIP-α but not affected in other DIP mutants, including 

the DIP-η and DIP-θ double mutant and the DIP-η, DIP-θ, and DIP-ζ triple mutant. When 

simultaneously mutating DIP-α with other DIPs, the Is innervation frequency is gradually 

rescued to a wild type level. One-way ANOVA, p=0.2500, 0.9996, 0.8481 in A, p=0.9990, 

0.9999, 0.9737 in B, p<0.0001, <0.0001, <0.0001 in C, p=0.2887, 0.0054, <0.0001 in D.  
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APPENDIX C 
 

Examining Ib synaptic machinery during cross-neuron plasticity 

Synaptic transmission requires a presynaptic action potential and Ca2+ influx through 

Ca2+ channels to trigger synaptic vesicle fusion and neurotransmitter release (Chou et al., 2020). 

At the Drosophila larval NMJ, the abundance of the Ca2+ channel, Cacophony (Cac), correlates 

to the vesicle release probability (Pr) (Akbergenova et al., 2018). Thus, an interesting hypothesis 

is that cross-neuron plasticity induces an increase of Cac abundance at individual active zones 

(AZs) to allow for elevated evoked activity. Utilizing an endogenously tagged cac allele, cac-

GFP (Gratz et al., 2019), I examined the number of Cac clusters (i.e., AZ numbers) and the 

protein abundance at individual clusters. I found that upon Is ablation, there is a significant 

increase of Cac clusters (Figure C1.A-C), indicating an increase of AZ number as previously 

observed with Brp staining (Figure 4.3A-B). However, at each AZ level, I did not observe a 

change in Cac abundance (Figure C1.D). These results suggest that the increase of spontaneous 

and evoke release during cross-neuron plasticity are not due to an increase in Cac. 

Alternatively, although the Pr of individual AZ is not changed, the increased total AZ 

number could lead to an increase of total Pr per NMJ (Akbergenova et al., 2018; Ghelani and 

Sigrist, 2018; Harris and Littleton, 2015; Peled et al., 2014; Peled and Isacoff, 2011). In a 

previous study, we observed that the total mEPSP frequency did not decrease after Is ablation. 

Because Is MNs contribute approximately one third of the total mEPSP frequency (Newman et 

al., 2017), we concluded that the mEPSP frequency of Ib MNs were elevated to maintain total 

mEPSP frequency. However, we lack direct evidence to prove the increase of mEPSP frequency 

in Ib MNs. Here, in collaboration with Sihao Huang, we developed a Python program to 

recognize synaptic vesicle release events from GCaMP imaging. Specifically, the program 
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locates the position and timing of each release event from a recorded GCaMP movie and 

generates a release map of an entire NMJ (Figure C2.A-B). Together with post-hoc Brp staining, 

we can overlay the release map with the AZ map (Figure C2.C-D). This allows us to calculate 

the Pr of the entire NMJ. Currently we are attempting to capture a GCaMP movie with higher 

resolution using spinning disc microscopy, and we will adapt the code to the new data format. 

 

Material and method 

Drosophila and antibody resources 

Drosophila lines used in this study are: cac-GFP (Gratz et al., 2019), MHC-

CD8::GCaMP6f-Sh (Newman et al., 2017), A8-GAL4, UAS-hid,rpr. Antibodies used in this 

study are: Mouse anti-Bruchpilot (BRP) (1:50, nc82, Developmental Studies Hybridoma Bank), 

Goat anti-Mouse-Alexa568 (1:500, ThermoFisher #A11031) and Goat anti-HRP-Alexa647 

(1:100, Jackson Immunological Research #123-605-021). 

Dissection, immunostaining and image analysis 

Dissection, immunostaining and GCaMP movie recording were performed as previous 

described in Chapter 2-4 unless otherwise noted. 

Cac cluster analysis 

To examine Cac clusters in Ib NMJs, we first utilized Imaris (Oxford Instruments) to 

create a HRP surface and set the Cac-GFP signal outside HRP surface to zero. Next, we 

generated a new surface for Cac-GFP with the following settings: surface detail = 0.100 μm, 

background subtraction = 0.800 μm, split touching objects = enable (diameter = 0.400 μm), filter 

= “Quality above 3.00”. To specifically analyze Cac clusters in the Ib NMJs, Cac clusters in Is 

NMJs were manually deleted. 
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GCaMP movie analysis 

Movies are recorded using Nikon FS microscope with a 40× long‐working distance 

objective. Ib NMJs from m4 are recorded. Movies are processed by customized python codes to 

generate an AZ map. Post-hoc Brp staining follows the standard immunostaining protocol. 

Python codes used in this study are available at https://github.com/YupuWang/GCaMP-imaging.  

 

Figure C1 Cac abundance is not changed at individual AZs.  

(A-B) Representative images showing Cac (green) and HRP (magenta) in controls (Cac-GFP) 

(A) and Is ablated animals (Cac-GFP;A8-GAL4>UAS-hid,rpr) (B). (C) Quantification of AZ 

number per NMJ in control and Is ablated animals revealed significant increase of AZ number 

upon Is ablation (t(71)=7.004, p<0.0001, unpaired t test). (D) Quantification of Cac abundance per 

AZ in control and Is ablated animals revealed no change (t(71)=1.446, p=0.1527, unpaired t test).  

 

https://github.com/YupuWang/GCaMP-imaging
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Figure C2  A custom Python program recognizes release sites.  

(A) Release sites from a pre-selected region of interest (ROI) retrieved from a GCaMP movie. 

Each red dot represents one synaptic vesicle release event. (B) Release map is merged with the 

ROI. (C) Post-hoc BRP immunostaining shows the all AZ positions in boutons. (D) Overlay of 

the release map and BRP immunostaining reveals the position of active AZs. 
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